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MINERAL NUTRIENTS ARE ELEMENTS acquired primarily in the
form of inorganic ions from the soil. Although mineral nutrients continu-
ally cycle through all organisms, they enter the biosphere predominantly
through the root systems of plants, so in a sense plants act as the “miners”
of Earth’s crust (Epstein 1999). The large surface area of roots and their
ability to absorb inorganic ions at low concentrations from the soil solu-
tion make mineral absorption by plants a very effective process. After
being absorbed by the roots, the mineral elements are translocated to the
various parts of the plant, where they are utilized in numerous biological
functions. Other organisms, such as mycorrhizal fungi and nitrogen-fix-
ing bacteria, often participate with roots in the acquisition of nutrients.

The study of how plants obtain and use mineral nutrients is called
mineral nutrition. This area of research is central to modern agriculture
and environmental protection. High agricultural yields depend strongly
on fertilization with mineral nutrients. In fact, yields of most crop plants
increase linearly with the amount of fertilizer that they absorb (Loomis
and Conner 1992). To meet increased demand for food, world con-
sumption of the primary fertilizer mineral elements—nitrogen, phos-
phorus, and potassium—rose steadily from 112 million metric tons in
1980 to 143 million metric tons in 1990 and has remained constant
through the last decade. 

Crop plants, however, typically use less than half of the fertilizer
applied (Loomis and Conner 1992). The remaining minerals may leach
into surface waters or groundwater, become attached to soil particles, or
contribute to air pollution. As a consequence of fertilizer leaching, many
water wells in the United States no longer meet federal standards for
nitrate concentrations in drinking water (Nolan and Stoner 2000). On a
brighter note, plants are the traditional means for recycling animal
wastes and are proving useful for removing deleterious minerals from
toxic-waste dumps (Macek et al. 2000). Because of the complex nature
of plant–soil–atmosphere relationships, studies in the area of mineral
nutrition involve atmospheric chemists, soil scientists, hydrologists,
microbiologists, and ecologists, as well as plant physiologists.
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In this chapter we will discuss first the nutritional needs
of plants, the symptoms of specific nutritional deficiencies,
and the use of fertilizers to ensure proper plant nutrition.
Then we will examine how soil and root structure influence
the transfer of inorganic nutrients from the environment
into a plant. Finally, we will introduce the topic of mycor-
rhizal associations. Chapters 6 and 12 address additional
aspects of solute transport and nutrient assimilation,
respectively.

ESSENTIAL NUTRIENTS, DEFICIENCIES,
AND PLANT DISORDERS
Only certain elements have been determined to be essen-
tial for plant growth. An essential element is defined as
one whose absence prevents a plant from completing its
life cycle (Arnon and Stout 1939) or one that has a clear
physiological role (Epstein 1999). If plants are given these
essential elements, as well as energy from sunlight, they
can synthesize all the compounds they need for normal
growth. Table 5.1 lists the elements that are considered to
be essential for most, if not all, higher plants. The first three
elements—hydrogen, carbon, and oxygen—are not con-
sidered mineral nutrients because
they are obtained primarily from
water or carbon dioxide.

Essential mineral elements are
usually classified as macronutrients
or micronutrients, according to
their relative concentration in plant
tissue. In some cases, the differ-
ences in tissue content of macronu-
trients and micronutrients are not
as great as those indicated in Table
5.1. For example, some plant tis-
sues, such as the leaf mesophyll,
have almost as much iron or man-
ganese as they do sulfur or magne-
sium. Many elements often are pre-
sent in concentrations greater than
the plant’s minimum requirements.

Some researchers have argued
that a classification into macro-
nutrients and micronutrients is 
difficult to justify physiologically. 
Mengel and Kirkby (1987) have
proposed that the essential ele-
ments be classified instead accord-
ing to their biochemical role and
physiological function. Table 5.2
shows such a classification, in
which plant nutrients have been
divided into four basic groups:
1. The first group of essential ele-

ments forms the organic (car-

bon) compounds of the plant. Plants assimilate these
nutrients via biochemical reactions involving oxida-
tion and reduction.

2. The second group is important in energy storage
reactions or in maintaining structural integrity.
Elements in this group are often present in plant tis-
sues as phosphate, borate, and silicate esters in which
the elemental group is bound to the hydroxyl group
of an organic molecule (i.e., sugar–phosphate).

3. The third group is present in plant tissue as either
free ions or ions bound to substances such as the pec-
tic acids present in the plant cell wall. Of particular
importance are their roles as enzyme cofactors and in
the regulation of osmotic potentials.

4. The fourth group has important roles in reactions
involving electron transfer.

Naturally occurring elements, other than those listed in
Table 5.1, can also accumulate in plant tissues. For exam-
ple, aluminum is not considered to be an essential element,
but plants commonly contain from 0.1 to 500 ppm alu-
minum, and addition of low levels of aluminum to a nutri-
ent solution may stimulate plant growth (Marschner 1995).

TABLE 5.1
Adequate tissue levels of elements that may be required by plants

Concentration  Relative number of
Chemical in dry matter atoms with respect

Element symbol (% or ppm)a to molybdenum

Obtained from water or carbon dioxide
Hydrogen H 6 60,000,000
Carbon C 45 40,000,000
Oxygen O 45 30,000,000

Obtained from the soil

Macronutrients
Nitrogen N 1.5 1,000,000
Potassium K 1.0 250,000
Calcium Ca 0.5 125,000
Magnesium Mg 0.2 80,000
Phosphorus P 0.2 60,000
Sulfur S 0.1 30,000
Silicon Si 0.1 30,000

Micronutrients
Chlorine Cl 100 3,000
Iron Fe 100 2,000
Boron B 20 2,000
Manganese Mn 50 1,000
Sodium Na 10 400
Zinc Zn 20 300
Copper Cu 6 100
Nickel Ni 0.1 2
Molybdenum Mo 0.1 1

Source: Epstein 1972, 1999.
a The values for the nonmineral elements (H, C, O) and the macronutrients are percentages. The
values for micronutrients are expressed in parts per million.



Many species in the genera Astragalus, Xylorhiza, and Stan-
leya accumulate selenium, although plants have not been
shown to have a specific requirement for this element.

Cobalt is part of cobalamin (vitamin B12 and its deriva-
tives), a component of several enzymes in nitrogen-fixing
microorganisms. Thus cobalt deficiency blocks the devel-
opment and function of nitrogen-fixing nodules. Nonethe-
less, plants that do not fix nitrogen, as well as nitrogen-fix-
ing plants that are supplied with ammonium or nitrate, do
not require cobalt. Crop plants normally contain only rela-
tively small amounts of nonessential elements.

Special Techniques Are Used in Nutritional Studies
To demonstrate that an element is essential requires that
plants be grown under experimental conditions in which
only the element under investigation is absent. Such condi-
tions are extremely difficult to achieve with plants grown in

a complex medium such as soil. In the nineteenth century,
several researchers, including Nicolas-Théodore de Saus-
sure, Julius von Sachs, Jean-Baptiste-Joseph-Dieudonné
Boussingault, and Wilhelm Knop, approached this problem
by growing plants with their roots immersed in a nutrient
solution containing only inorganic salts. Their demonstra-
tion that plants could grow normally with no soil or organic
matter proved unequivocally that plants can fulfill all their
needs from only inorganic elements and sunlight.

The technique of growing plants with their roots
immersed in nutrient solution without soil is called solu-
tion culture or hydroponics (Gericke 1937). Successful
hydroponic culture (Figure 5.1A) requires a large volume
of nutrient solution or frequent adjustment of the nutrient
solution to prevent nutrient uptake by roots from produc-
ing radical changes in nutrient concentrations and pH of
the medium. A sufficient supply of oxygen to the root sys-
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TABLE 5.2
Classification of plant mineral nutrients according to biochemical function

Mineral nutrient Functions

Group 1 Nutrients that are part of carbon compounds
N Constituent of amino acids, amides, proteins, nucleic acids, nucleotides, coenzymes, hexoamines, etc.

S Component of cysteine, cystine, methionine, and proteins. Constituent of lipoic acid, coenzyme A, thiamine 
pyrophosphate, glutathione, biotin, adenosine-5′-phosphosulfate, and 3-phosphoadenosine.

Group 2 Nutrients that are important in energy storage or structural integrity
P Component of sugar phosphates, nucleic acids, nucleotides, coenzymes, phospholipids, phytic acid, etc. Has a

key role in reactions that involve ATP.

Si Deposited as amorphous silica in cell walls. Contributes to cell wall mechanical properties, including rigidity 
and elasticity.

B Complexes with mannitol, mannan, polymannuronic acid, and other constituents of cell walls. Involved in cell 
elongation and nucleic acid metabolism.

Group 3 Nutrients that remain in ionic form
K Required as a cofactor for more than 40 enzymes. Principal cation in establishing cell turgor and  maintaining 

cell electroneutrality.

Ca Constituent of the middle lamella of cell walls. Required as a cofactor by some enzymes involved in  the 
hydrolysis of ATP and phospholipids. Acts as a second messenger in metabolic regulation.

Mg Required by many enzymes involved in phosphate transfer. Constituent of the chlorophyll molecule.

Cl Required for the photosynthetic reactions involved in O2 evolution.

Mn Required for activity of some dehydrogenases, decarboxylases, kinases, oxidases, and peroxidases. Involved 
with other cation-activated enzymes and photosynthetic O2 evolution.

Na Involved with the regeneration of phosphoenolpyruvate in C4 and CAM plants. Substitutes for potassium in 
some functions.

Group 4 Nutrients that are involved in redox reactions
Fe Constituent of cytochromes and nonheme iron proteins involved in photosynthesis, N2 fixation, and respiration.

Zn Constituent of alcohol dehydrogenase, glutamic dehydrogenase, carbonic anhydrase, etc.

Cu Component of ascorbic acid oxidase, tyrosinase, monoamine oxidase, uricase, cytochrome oxidase, phenolase,
laccase, and plastocyanin.

Ni Constituent of urease. In N2-fixing bacteria, constituent of hydrogenases.
Mo Constituent of nitrogenase, nitrate reductase, and xanthine dehydrogenase.

Source: After Evans and Sorger 1966 and Mengel and Kirkby 1987.



tem—also critical—may be achieved by vigorous bubbling
of air through the medium. 

Hydroponics is used in the commercial production of
many greenhouse crops. In one form of commercial hydro-

ponic culture, plants are grown in a
supporting material such as sand,
gravel, vermiculite, or expanded
clay (i.e., kitty litter). Nutrient solu-
tions are then flushed through the
supporting material, and old solu-
tions are removed by leaching. In
another form of hydroponic culture,
plant roots lie on the surface of a
trough, and nutrient solutions flow
in a thin layer along the trough over
the roots (Cooper 1979, Asher and
Edwards 1983). This nutrient film
growth system ensures that the
roots receive an ample supply of
oxygen (Figure 5.1B).

Another alternative, which has
sometimes been heralded as the
medium of the future, is to grow the
plants aeroponically (Weathers and
Zobel 1992). In this technique, plants
are grown with their roots sus-
pended in air while being sprayed
continuously with a nutrient solu-
tion (Figure 5.1C). This approach
provides easy manipulation of the
gaseous environment around the
root, but it requires higher levels of
nutrients than hydroponic culture
does to sustain rapid plant growth.
For this reason and other technical
difficulties, the use of aeroponics is
not widespread.

Nutrient Solutions Can
Sustain Rapid Plant Growth
Over the years, many formulations
have been used for nutrient solu-
tions. Early formulations developed
by Knop in Germany included only
KNO3, Ca(NO3)2, KH2PO4, MgSO4,
and an iron salt. At the time this
nutrient solution was believed to
contain all the minerals required by
the plant, but these experiments
were carried out with chemicals that
were contaminated with other ele-
ments that are now known to be
essential (such as boron or molyb-
denum). Table 5.3 shows a more
modern formulation for a nutrient

solution. This formulation is called a modified Hoagland
solution, named after Dennis R. Hoagland, a researcher who
was prominent in the development of modern mineral nutri-
tion research in the United States.
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FIGURE 5.1 Hydroponic and aeroponic systems for growing plants in nutrient solu-
tions in which composition and pH can be automatically controlled. (A) In a hydro-
ponic system, the roots are immersed in the nutrient solution, and air is bubbled
through the solution. (B) An alternative hydroponic system, often used in commer-
cial production, is the nutrient film growth system, in which the nutrient solution is
pumped as a thin film down a shallow trough surrounding the plant roots. In this
system the composition and pH of the nutrient solution can be controlled automati-
cally. (C) In the aeroponic system, the roots are suspended over the nutrient solu-
tion, which is whipped into a mist by a motor-driven rotor. (C after Weathers and
Zobel 1992.)



A modified Hoagland solution contains all of the known
mineral elements needed for rapid plant growth. The con-
centrations of these elements are set at the highest possible
levels without producing toxicity symptoms or salinity stress
and thus may be several orders of magnitude higher than
those found in the soil around plant roots. For example,
whereas phosphorus is present in the soil solution at con-
centrations normally less than 0.06 ppm, here it is offered at
62 ppm (Epstein 1972). Such high initial levels permit plants
to be grown in a medium for extended periods without
replenishment of the nutrients. Many researchers, however,
dilute their nutrient solutions severalfold and replenish them
frequently to minimize fluctuations of nutrient concentra-
tion in the medium and in plant tissue.

Another important property of the modified Hoagland
formulation is that nitrogen is supplied as both ammonium
(NH4

+) and nitrate (NO3
–). Supplying nitrogen in a balanced

mixture of cations and anions tends to reduce the rapid rise

in the pH of the medium that is commonly observed when
the nitrogen is supplied solely as nitrate anion (Asher and
Edwards 1983). Even when the pH of the medium is kept
neutral, most plants grow better if they have access to both
NH4

+ and NO3
– because absorption and assimilation of the

two nitrogen forms promotes cation–anion balance within
the plant (Raven and Smith 1976; Bloom 1994).

A significant problem with nutrient solutions is main-
taining the availability of iron. When supplied as an inor-
ganic salt such as FeSO4 or Fe(NO3)2, iron can precipitate
out of solution as iron hydroxide. If phosphate salts are
present, insoluble iron phosphate will also form. Precipi-
tation of the iron out of solution makes it physically
unavailable to the plant, unless iron salts are added at fre-
quent intervals. Earlier researchers approached this prob-
lem by adding iron together with citric acid or tartaric acid.
Compounds such as these are called chelators because they
form soluble complexes with cations such as iron and cal-
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TABLE 5.3
Composition of a modified Hoagland nutrient solution for growing plants

Concentration Concentration Volume of stock Final
Molecular of stock of stock solution per liter concentration

Compound weight solution solution of final solution Element of element

g mol–1 mM g L–1 mL mM ppm

Macronutrients
KNO3 101.10 1,000 101.10 6.0 N 16,000 224

Ca(NO3)2⋅4H2O 236.16 1,000 236.16 4.0 K 6,000 235

NH4H2PO4 115.08 1,000 115.08 2.0 Ca 4,000 160

MgSO4⋅7H2O 246.48 1,000 246.49 1.0 P 2,000 62

S 1,000 32

Mg 1,000 24

Micronutrients
KCl 74.55 25 1.864 Cl 50 1.77

H3BO3 61.83 12.5 0.773 B 25 0.27

MnSO4⋅H2O 169.01 1.0 0.169 Mn 2.0 0.11

ZnSO4⋅7H2O 287.54 1.0 0.288
2.0

Zn 2.0 0.13

CuSO4⋅5H2O 249.68 0.25 0.062 Cu 0.5 0.03

H2MoO4 (85% MoO3) 161.97 0.25 0.040 Mo 0.5 0.05

NaFeDTPA (10% Fe) 468.20 64 30.0 0.3–1.0 Fe 16.1–53.7 1.00–3.00

Optionala

NiSO4⋅6H2O 262.86 0.25 0.066 2.0 Ni 0.5 0.03

Na2SiO3⋅9H2O 284.20 1,000 284.20 1.0 Si 1,000 28

Source: After Epstein 1972.
Note: The macronutrients are added separately from stock solutions to prevent precipitation during  preparation of the nutrient solution. A com-
bined stock solution is made up containing all micronutrients except iron. Iron is added as sodium ferric diethylenetriaminepentaacetate
(NaFeDTPA, trade name Ciba-Geigy Sequestrene 330 Fe; see Figure 5.2); some plants, such as maize, require the higher level of iron shown in the
table.
a Nickel is usually present as a contaminant of the other chemicals, so it may not need to be added explicitly. Silicon, if included, should be added
first and the pH adjusted with HCl to prevent precipitation of the other nutrients.



cium in which the cation is held by ionic forces, rather than
by covalent bonds. Chelated cations thus are physically
more available to a plant.

More modern nutrient solutions use the chemicals eth-
ylenediaminetetraacetic acid (EDTA) or diethylenetri-
aminepentaacetic acid (DTPA, or pentetic acid) as chelat-
ing agents (Sievers and Bailar 1962). Figure 5.2 shows the
structure of DTPA. The fate of the chelation complex dur-
ing iron uptake by the root cells is not clear; iron may be
released from the chelator when it is reduced from Fe3+ to
Fe2+ at the root surface. The chelator may then diffuse back
into the nutrient (or soil) solution and react with another
Fe3+ ion or other metal ions. After uptake, iron is kept sol-
uble by chelation with organic compounds present in plant
cells. Citric acid may play a major role in iron chelation and
its long-distance transport in the xylem.

Mineral Deficiencies Disrupt Plant Metabolism
and Function
Inadequate supply of an essential element results in a
nutritional disorder manifested by characteristic deficiency
symptoms. In hydroponic culture, withholding of an essen-
tial element can be readily correlated with a given set of
symptoms for acute deficiencies. Diagnosis of soil-grown
plants can be more complex, for the following reasons:

• Both chronic and acute deficiencies of several ele-
ments may occur simultaneously.

• Deficiencies or excessive amounts of one element
may induce deficiencies or excessive accumulations
of another.

• Some virus-induced plant diseases may produce
symptoms similar to those of nutrient deficiencies.

Nutrient deficiency symptoms in a plant are the expres-
sion of metabolic disorders resulting from the insufficient
supply of an essential element. These disorders are related
to the roles played by essential elements in normal plant
metabolism and function. Table 5.2 lists some of the roles
of essential elements.

Even though each essential element participates in many
different metabolic reactions, some general statements
about the functions of essential elements in plant metabo-
lism are possible. In general, the essential elements function
in plant structure, metabolic function, and osmoregulation
of plant cells. More specific roles may be related to the abil-
ity of divalent cations such as calcium or magnesium to
modify the permeability of plant membranes. In addition,
research continues to reveal specific roles of these elements
in plant metabolism; for example, calcium acts as a signal
to regulate key enzymes in the cytosol (Hepler and Wayne
1985; Sanders et al. 1999). Thus, most essential elements
have multiple roles in plant metabolism.

When relating acute deficiency symptoms to a particu-
lar essential element, an important clue is the extent to
which an element can be recycled from older to younger
leaves. Some elements, such as nitrogen, phosphorus, and
potassium, can readily move from leaf to leaf; others, such
as boron, iron, and calcium, are relatively immobile in most
plant species (Table 5.4). If an essential element is mobile,
deficiency symptoms tend to appear first in older leaves.
Deficiency of an immobile essential element will become
evident first in younger leaves. Although the precise mech-
anisms of nutrient mobilization are not well understood,
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FIGURE 5.2 Chemical structure of the chelator DTPA by
itself (A) and chelated to an Fe3+ ion (B). Iron binds to
DTPA through interaction with three nitrogen atoms and
the three ionized oxygen atoms of the carboxylate groups
(Sievers and Bailar 1962). The resulting ring structure
clamps the metallic ion and effectively neutralizes its reac-
tivity in solution. During the uptake of iron at the root sur-
face, Fe3+ appears to be reduced to Fe2+, which is released
from the DTPA–iron complex. The chelator can then bind to
other available Fe3+ ions.

TABLE 5.4
Mineral elements classified on the basis of their 
mobility within a plant and their tendency to 
retranslocate during deficiencies

Mobile Immobile

Nitrogen Calcium
Potassium Sulfur
Magnesium Iron
Phosphorus Boron
Chlorine Copper
Sodium
Zinc
Molybdenum

Note: Elements are listed in the order of their abundance in the
plant.



plant hormones such as cytokinins appear to be involved
(see Chapter 21). In the discussion that follows, we will
describe the specific deficiency symptoms and functional
roles for the mineral essential elements as they are grouped
in Table 5.2.

Group 1: Deficiencies in mineral nutrients that are part
of carbon compounds. This first group consists of nitro-
gen and sulfur. Nitrogen availability in soils limits plant
productivity in most natural and agricultural ecosystems.
By contrast, soils generally contain sulfur in excess.
Nonetheless, nitrogen and sulfur share the property that
their oxidation–reduction states range widely (see Chapter
12). Some of the most energy-intensive reactions in life con-
vert the highly oxidized, inorganic forms absorbed from
the soil into the highly reduced forms found in organic
compounds such as amino acids.

NITROGEN. Nitrogen is the mineral element that plants
require in greatest amounts. It serves as a constituent of
many plant cell components, including amino acids and
nucleic acids. Therefore, nitrogen deficiency rapidly inhibits
plant growth. If such a deficiency persists, most species
show chlorosis (yellowing of the leaves), especially in the
older leaves near the base of the plant (for pictures of nitro-
gen deficiency and the other mineral deficiencies described
in this chapter, see Web Topic 5.1). Under severe nitrogen
deficiency, these leaves become completely yellow (or tan)
and fall off the plant. Younger leaves may not show these
symptoms initially because nitrogen can be mobilized from
older leaves. Thus a nitrogen-deficient plant may have light
green upper leaves and yellow or tan lower leaves. 

When nitrogen deficiency develops slowly, plants may
have markedly slender and often woody stems. This wood-
iness may be due to a buildup of excess carbohydrates that
cannot be used in the synthesis of amino acids or other
nitrogen compounds. Carbohydrates not used in nitrogen
metabolism may also be used in anthocyanin synthesis,
leading to accumulation of that pigment. This condition is
revealed as a purple coloration in leaves, petioles, and
stems of some nitrogen-deficient plants, such as tomato
and certain varieties of corn.

SULFUR. Sulfur is found in two amino acids and is a con-
stituent of several coenzymes and vitamins essential for
metabolism. Many of the symptoms of sulfur deficiency are
similar to those of nitrogen deficiency, including chlorosis,
stunting of growth, and anthocyanin accumulation. This
similarity is not surprising, since sulfur and nitrogen are
both constituents of proteins. However, the chlorosis
caused by sulfur deficiency generally arises initially in
mature and young leaves, rather than in the old leaves as
in nitrogen deficiency, because unlike nitrogen, sulfur is not
easily remobilized to the younger leaves in most species.
Nonetheless, in many plant species sulfur chlorosis may

occur simultaneously in all leaves or even initially in the
older leaves.

Group 2: Deficiencies in mineral nutrients that are impor-
tant in energy storage or structural integrity. This group
consists of phosphorus, silicon, and boron. Phosphorus and
silicon are found at concentrations within plant tissue that
warrant their classification as macronutrients, whereas
boron is much less abundant and considered a micronutri-
ent. These elements are usually present in plants as ester
linkages to a carbon molecule.

PHOSPHORUS. Phosphorus (as phosphate, PO4
3–) is an inte-

gral component of important compounds of plant cells,
including the sugar–phosphate intermediates of respiration
and photosynthesis, and the phospholipids that make up
plant membranes. It is also a component of nucleotides
used in plant energy metabolism (such as ATP) and in
DNA and RNA. Characteristic symptoms of phosphorus
deficiency include stunted growth in young plants and a
dark green coloration of the leaves, which may be mal-
formed and contain small spots of dead tissue called
necrotic spots (for a picture, see Web Topic 5.1).

As in nitrogen deficiency, some species may produce
excess anthocyanins, giving the leaves a slight purple col-
oration. In contrast to nitrogen deficiency, the purple col-
oration of phosphorus deficiency is not associated with
chlorosis. In fact, the leaves may be a dark greenish purple.
Additional symptoms of phosphorus deficiency include
the production of slender (but not woody) stems and the
death of older leaves. Maturation of the plant may also be
delayed.

SILICON. Only members of the family Equisetaceae—called
scouring rushes because at one time their ash, rich in gritty
silica, was used to scour pots—require silicon to complete
their life cycle. Nonetheless, many other species accumu-
late substantial amounts of silicon within their tissues and
show enhanced growth and fertility when supplied with
adequate amounts of silicon (Epstein 1999). 

Plants deficient in silicon are more susceptible to lodg-
ing (falling over) and fungal infection. Silicon is deposited
primarily in the endoplasmic reticulum, cell walls, and
intercellular spaces as hydrated, amorphous silica
(SiO2·nH2O). It also forms complexes with polyphenols and
thus serves as an alternative to lignin in the reinforcement
of cell walls. In addition, silicon can ameliorate the toxicity
of many heavy metals.

BORON. Although the precise function of boron in plant
metabolism is unclear, evidence suggests that it plays roles
in cell elongation, nucleic acid synthesis, hormone
responses, and membrane function (Shelp 1993). Boron-
deficient plants may exhibit a wide variety of symptoms,
depending on the species and the age of the plant. 
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A characteristic symptom is black necrosis of the young
leaves and terminal buds. The necrosis of the young leaves
occurs primarily at the base of the leaf blade. Stems may be
unusually stiff and brittle. Apical dominance may also be
lost, causing the plant to become highly branched; how-
ever, the terminal apices of the branches soon become
necrotic because of inhibition of cell division. Structures
such as the fruit, fleshy roots, and tubers may exhibit necro-
sis or abnormalities related to the breakdown of internal
tissues.

Group 3: Deficiencies in mineral nutrients that remain
in ionic form. This group includes some of the most
familiar mineral elements: The macronutrients potassium,
calcium, and magnesium, and the micronutrients chlorine,
manganese, and sodium. They may be found in solution in
the cytosol or vacuoles, or they may be bound electrostati-
cally or as ligands to larger carbon-containing compounds.

POTASSIUM. Potassium, present within plants as the cation
K+, plays an important role in regulation of the osmotic
potential of plant cells (see Chapters 3 and 6). It also acti-
vates many enzymes involved in respiration and photo-
synthesis. The first observable symptom of potassium defi-
ciency is mottled or marginal chlorosis, which then
develops into necrosis primarily at the leaf tips, at the mar-
gins, and between veins. In many monocots, these necrotic
lesions may initially form at the leaf tips and margins and
then extend toward the leaf base. 

Because potassium can be mobilized to the younger
leaves, these symptoms appear initially on the more
mature leaves toward the base of the plant. The leaves may
also curl and crinkle. The stems of potassium-deficient
plants may be slender and weak, with abnormally short
internodal regions. In potassium-deficient corn, the roots
may have an increased susceptibility to root-rotting fungi
present in the soil, and this susceptibility, together with
effects on the stem, results in an increased tendency for the
plant to be easily bent to the ground (lodging).

CALCIUM. Calcium ions (Ca2+) are used in the synthesis of
new cell walls, particularly the middle lamellae that sepa-
rate newly divided cells. Calcium is also used in the mitotic
spindle during cell division. It is required for the normal
functioning of plant membranes and has been implicated
as a second messenger for various plant responses to both
environmental and hormonal signals (Sanders et al. 1999).
In its function as a second messenger, calcium may bind to
calmodulin, a protein found in the cytosol of plant cells.
The calmodulin–calcium complex regulates many meta-
bolic processes. 

Characteristic symptoms of calcium deficiency include
necrosis of young meristematic regions, such as the tips of
roots or young leaves, where cell division and wall forma-
tion are most rapid. Necrosis in slowly growing plants may

be preceded by a general chlorosis and downward hook-
ing of the young leaves. Young leaves may also appear
deformed. The root system of a calcium-deficient plant
may appear brownish, short, and highly branched. Severe
stunting may result if the meristematic regions of the plant
die prematurely.

MAGNESIUM. In plant cells, magnesium ions (Mg2+) have a
specific role in the activation of enzymes involved in respi-
ration, photosynthesis, and the synthesis of DNA and RNA.
Magnesium is also a part of the ring structure of the chloro-
phyll molecule (see Figure 7.6A). A characteristic symptom
of magnesium deficiency is chlorosis between the leaf veins,
occurring first in the older leaves because of the mobility of
this element. This pattern of chlorosis results because the
chlorophyll in the vascular bundles remains unaffected for
longer periods than the chlorophyll in the cells between the
bundles does. If the deficiency is extensive, the leaves may
become yellow or white. An additional symptom of mag-
nesium deficiency may be premature leaf abscission.

CHLORINE. The element chlorine is found in plants as the
chloride ion (Cl–). It is required for the water-splitting reac-
tion of photosynthesis through which oxygen is produced
(see Chapter 7) (Clarke and Eaton-Rye 2000). In addition,
chlorine may be required for cell division in both leaves
and roots (Harling et al. 1997). Plants deficient in chlorine
develop wilting of the leaf tips followed by general leaf
chlorosis and necrosis. The leaves may also exhibit reduced
growth. Eventually, the leaves may take on a bronzelike
color (“bronzing”). Roots of chlorine-deficient plants may
appear stunted and thickened near the root tips. 

Chloride ions are very soluble and generally available
in soils because seawater is swept into the air by wind and
is delivered to soil when it rains. Therefore, chlorine defi-
ciency is unknown in plants grown in native or agricultural
habitats. Most plants generally absorb chlorine at levels
much higher than those required for normal functioning.

MANGANESE. Manganese ions (Mn2+) activate several
enzymes in plant cells. In particular, decarboxylases and
dehydrogenases involved in the tricarboxylic acid (Krebs)
cycle are specifically activated by manganese. The best-
defined function of manganese is in the photosynthetic
reaction through which oxygen is produced from water
(Marschner 1995). The major symptom of manganese defi-
ciency is intervenous chlorosis associated with the devel-
opment of small necrotic spots. This chlorosis may occur
on younger or older leaves, depending on plant species
and growth rate.

SODIUM. Most species utilizing the C4 and CAM pathways
of carbon fixation (see Chapter 8) require sodium ions
(Na+). In these plants, sodium appears vital for regenerat-
ing phosphoenolpyruvate, the substrate for the first car-
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boxylation in the C4 and CAM pathways (Johnstone et al.
1988). Under sodium deficiency, these plants exhibit chloro-
sis and necrosis, or even fail to form flowers. Many C3
species also benefit from exposure to low levels of sodium
ions. Sodium stimulates growth through enhanced cell
expansion, and it can partly substitute for potassium as an
osmotically active solute.

Group 4: Deficiencies in mineral nutrients that are
involved in redox reactions. This group of five micronu-
trients includes the metals iron, zinc, copper, nickel, and
molybdenum. All of these can undergo reversible oxidations
and reductions (e.g., Fe2+ ~ Fe3+) and have important roles
in electron transfer and energy transformation. They are usu-
ally found in association with larger molecules such as
cytochromes, chlorophyll, and proteins (usually enzymes).

IRON. Iron has an important role as a component of
enzymes involved in the transfer of electrons (redox reac-
tions), such as cytochromes. In this role, it is reversibly oxi-
dized from Fe2+ to Fe3+ during electron transfer. As in mag-
nesium deficiency, a characteristic symptom of iron
deficiency is intervenous chlorosis. In contrast to magne-
sium deficiency symptoms, these symptoms appear ini-
tially on the younger leaves because iron cannot be readily
mobilized from older leaves. Under conditions of extreme
or prolonged deficiency, the veins may also become
chlorotic, causing the whole leaf to turn white. 

The leaves become chlorotic because iron is required for
the synthesis of some of the chlorophyll–protein complexes
in the chloroplast. The low mobility of iron is probably due
to its precipitation in the older leaves as insoluble oxides or
phosphates or to the formation of complexes with phyto-
ferritin, an iron-binding protein found in the leaf and other
plant parts (Oh et al. 1996). The precipitation of iron dimin-
ishes subsequent mobilization of the metal into the phloem
for long-distance translocation.

ZINC. Many enzymes require zinc ions (Zn2+) for their
activity, and zinc may be required for chlorophyll biosyn-
thesis in some plants. Zinc deficiency is characterized by a
reduction in internodal growth, and as a result plants dis-
play a rosette habit of growth in which the leaves form a
circular cluster radiating at or close to the ground. The
leaves may also be small and distorted, with leaf margins
having a puckered appearance. These symptoms may
result from loss of the capacity to produce sufficient
amounts of the auxin indoleacetic acid. In some species
(corn, sorghum, beans), the older leaves may become inter-
venously chlorotic and then develop white necrotic spots.
This chlorosis may be an expression of a zinc requirement
for chlorophyll biosynthesis.

COPPER. Like iron, copper is associated with enzymes
involved in redox reactions being reversibly oxidized from

Cu+ to Cu2+. An example of such an enzyme is plasto-
cyanin, which is involved in electron transfer during the
light reactions of photosynthesis (Haehnel 1984). The ini-
tial symptom of copper deficiency is the production of dark
green leaves, which may contain necrotic spots. The
necrotic spots appear first at the tips of the young leaves
and then extend toward the leaf base along the margins.
The leaves may also be twisted or malformed. Under
extreme copper deficiency, leaves may abscise prematurely.

NICKEL. Urease is the only known nickel-containing
enzyme in higher plants, although nitrogen-fixing microor-
ganisms require nickel for the enzyme that reprocesses
some of the hydrogen gas generated during fixation
(hydrogen uptake hydrogenase) (see Chapter 12). Nickel-
deficient plants accumulate urea in their leaves and, con-
sequently, show leaf tip necrosis. Plants grown in soil sel-
dom, if ever, show signs of nickel deficiency because the
amounts of nickel required are minuscule.

MOLYBDENUM. Molybdenum ions (Mo4+ through Mo6+)
are components of several enzymes, including nitrate
reductase and nitrogenase. Nitrate reductase catalyzes the
reduction of nitrate to nitrite during its assimilation by the
plant cell; nitrogenase converts nitrogen gas to ammonia in
nitrogen-fixing microorganisms (see Chapter 12). The first
indication of a molybdenum deficiency is general chloro-
sis between veins and necrosis of the older leaves. In some
plants, such as cauliflower or broccoli, the leaves may not
become necrotic but instead may appear twisted and sub-
sequently die (whiptail disease). Flower formation may be
prevented, or the flowers may abscise prematurely. 

Because molybdenum is involved with both nitrate
assimilation and nitrogen fixation, a molybdenum defi-
ciency may bring about a nitrogen deficiency if the nitrogen
source is primarily nitrate or if the plant depends on sym-
biotic nitrogen fixation. Although plants require only small
amounts of molybdenum, some soils supply inadequate
levels. Small additions of molybdenum to such soils can
greatly enhance crop or forage growth at negligible cost.

Analysis of Plant Tissues Reveals 
Mineral Deficiencies
Requirements for mineral elements change during the
growth and development of a plant. In crop plants, nutri-
ent levels at certain stages of growth influence the yield of
the economically important tissues (tuber, grain, and so
on). To optimize yields, farmers use analyses of nutrient
levels in soil and in plant tissue to determine fertilizer
schedules.

Soil analysis is the chemical determination of the nutri-
ent content in a soil sample from the root zone. As dis-
cussed later in the chapter, both the chemistry and the biol-
ogy of soils are complex, and the results of soil analyses
vary with sampling methods, storage conditions for the
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samples, and nutrient extraction techniques. Perhaps more
important is that a particular soil analysis reflects the lev-
els of nutrients potentially available to the plant roots from
the soil, but soil analysis does not tell us how much of a
particular mineral nutrient the plant actually needs or is
able to absorb. This additional information is best deter-
mined by plant tissue analysis.

Proper use of plant tissue analysis requires an under-
standing of the relationship between plant growth (or
yield) and the mineral concentration of plant tissue sam-
ples (Bouma 1983). As the data plot in Figure 5.3 shows,
when the nutrient concentration in a tissue sample is low,
growth is reduced. In this deficiency zone of the curve, an
increase in nutrient availability is directly related to an
increase in growth or yield. As the nutrient availability con-
tinues to increase, a point is reached at which further addi-
tion of nutrients is no longer related to increases in growth
or yield but is reflected in increased tissue concentrations.
This region of the curve is often called the adequate zone.

The transition between the deficiency and adequate
zones of the curve reveals the critical concentration of the
nutrient (see Figure 5.3), which may be defined as the min-
imum tissue content of the nutrient that is correlated with
maximal growth or yield. As the nutrient concentration of
the tissue increases beyond the adequate zone, growth or
yield declines because of toxicity (this is the toxic zone).

To evaluate the relationship between growth and tissue
nutrient concentration, researchers grow plants in soil or
nutrient solution in which all the nutrients are present in

adequate amounts except the nutrient under consideration.
At the start of the experiment, the limiting nutrient is
added in increasing concentrations to different sets of
plants, and the concentrations of the nutrient in specific tis-
sues are correlated with a particular measure of growth or
yield. Several curves are established for each element, one
for each tissue and tissue age. 

Because agricultural soils are often limited in the ele-
ments nitrogen, phosphorus, and potassium, many farm-
ers routinely use, at a minimum, curves for these elements.
If a nutrient deficiency is suspected, steps are taken to cor-
rect the deficiency before it reduces growth or yield. Plant
analysis has proven useful in establishing fertilizer sched-
ules that sustain yields and ensure the food quality of
many crops.

TREATING NUTRITIONAL DEFICIENCIES
Many traditional and subsistence farming practices pro-
mote the recycling of mineral elements. Crop plants absorb
the nutrients from the soil, humans and animals consume
locally grown crops, and crop residues and manure from
humans and animals return the nutrients to the soil. The
main losses of nutrients from such agricultural systems
ensue from leaching that carries dissolved ions away with
drainage water. In acid soils, leaching may be decreased by
the addition of lime—a mix of CaO, CaCO3, and
Ca(OH)2—to make the soil more alkaline because many
mineral elements form less soluble compounds when the
pH is higher than 6 (Figure 5.4).

In the high-production agricultural systems of industrial
countries, the unidirectional removal of nutrients from the
soil to the crop can become significant because a large por-
tion of crop biomass leaves the area of cultivation. Plants
synthesize all their components from basic inorganic sub-
stances and sunlight, so it is important to restore these lost
nutrients to the soil through the addition of  fertilizers.

Crop Yields Can Be Improved by 
Addition of Fertilizers
Most chemical fertilizers contain inorganic salts of the
macronutrients nitrogen, phosphorus, and potassium (see
Table 5.1). Fertilizers that contain only one of these three
nutrients are termed straight fertilizers. Some examples of
straight fertilizers are superphosphate, ammonium nitrate,
and muriate of potash (a source of potassium). Fertilizers
that contain two or more mineral nutrients are called com-
pound fertilizers or mixed fertilizers, and the numbers on
the package label, such as 10-14-10, refer to the effective per-
centages of N, P2O5, and K2O, respectively, in the fertilizer.

With long-term agricultural production, consumption
of micronutrients can reach a point at which they, too, must
be added to the soil as fertilizers. Adding micronutrients to
the soil may also be necessary to correct a preexisting defi-
ciency. For example, some soils in the United States are
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FIGURE 5.3 Relationship between yield (or growth) and the
nutrient content of the plant tissue. The yield parameter
may be expressed in terms of shoot dry weight or height.
Three zones—deficiency, adequate, and toxic—are indi-
cated on the graph. To yield data of this type, plants are
grown under conditions in which the concentration of one
essential nutrient is varied while all others are in adequate
supply. The effect of varying the concentration of this nutri-
ent during plant growth is reflected in the growth or yield.
The critical concentration for that nutrient is the concentra-
tion below which yield or growth is reduced. 



deficient in boron, copper, zinc, manganese, molybdenum,
or iron (Mengel and Kirkby 1987) and can benefit from
nutrient supplementation.

Chemicals may also be applied to the soil to modify soil
pH. As Figure 5.4 shows, soil pH affects the availability of all
mineral nutrients. Addition of lime, as mentioned previ-
ously, can raise the pH of acidic soils; addition of elemental
sulfur can lower the pH of alkaline soils. In the latter case,
microorganisms absorb the sulfur and subsequently release
sulfate and hydrogen ions that acidify the soil.

Organic fertilizers, in contrast to chemical fertilizers,
originate from the residues of plant or animal life or from
natural rock deposits. Plant and animal residues contain
many of the nutrient elements in the form of organic com-
pounds. Before crop plants can acquire the nutrient ele-
ments from these residues, the organic compounds must
be broken down, usually by the action of soil microorgan-
isms through a process called mineralization. Mineraliza-
tion depends on many factors, including temperature,

water and oxygen availability, and the type and number of
microorganisms present in the soil.

As a consequence, the rate of mineralization is highly
variable, and nutrients from organic residues become avail-
able to plants over periods that range from days to months
to years. The slow rate of mineralization hinders efficient
fertilizer use, so farms that rely solely on organic fertilizers
may require the addition of substantially more nitrogen or
phosphorus and suffer even higher nutrient losses than
farms that use chemical fertilizers. Residues from organic
fertilizers do improve the physical structure of most soils,
enhancing water retention during drought and increasing
drainage in wet weather.

Some Mineral Nutrients Can Be 
Absorbed by Leaves
In addition to nutrients being added to the soil as fertiliz-
ers, some mineral nutrients can be applied to the leaves as
sprays, in a process known as foliar application, and the
leaves can absorb the applied nutrients. In some cases, this
method can have agronomic advantages over the applica-
tion of nutrients to the soil. Foliar application can reduce
the lag time between application and uptake by the plant,
which could be important during a phase of rapid growth.
It can also circumvent the problem of restricted uptake of
a nutrient from the soil. For example, foliar application of
mineral nutrients such as iron, manganese, and copper
may be more efficient than application through the soil,
where they are adsorbed on soil particles and hence are less
available to the root system.

Nutrient uptake by plant leaves is most effective when
the nutrient solution remains on the leaf as a thin film
(Mengel and Kirkby 1987). Production of a thin film often
requires that the nutrient solutions be supplemented with
surfactant chemicals, such as the detergent Tween 80, that
reduce surface tension. Nutrient movement into the plant
seems to involve diffusion through the cuticle and uptake
by leaf cells. Although uptake through the stomatal pore
could provide a pathway into the leaf, the architecture of
the pore (see Figures 4.13 and 4.14) largely prevents liquid
penetration (Ziegler 1987).

For foliar nutrient application to be successful, damage
to the leaves must be minimized. If foliar sprays are
applied on a hot day, when evaporation is high, salts may
accumulate on the leaf surface and cause burning or
scorching. Spraying on cool days or in the evening helps to
alleviate this problem. Addition of lime to the spray dimin-
ishes the solubility of many nutrients and limits toxicity.
Foliar application has proved economically successful
mainly with tree crops and vines such as grapes, but it is
also used with cereals. Nutrients applied to the leaves
could save an orchard or vineyard when soil-applied nutri-
ents would be too slow to correct a deficiency. In wheat,
nitrogen applied to the leaves during the later stages of
growth enhances the protein content of seeds.
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FIGURE 5.4 Influence of soil pH on the availability of nutri-
ent elements in organic soils. The width of the shaded areas
indicates the degree of nutrient availability to the plant
root. All of these nutrients are available in the pH range of
5.5 to 6.5. (From Lucas and Davis 1961.) 



SOIL, ROOTS, AND MICROBES
The soil is a complex physical, chemical, and biological
substrate. It is a heterogeneous material containing solid,
liquid, and gaseous phases (see Chapter 4). All of these
phases interact with mineral elements. The inorganic par-
ticles of the solid phase provide a reservoir of potassium,
calcium, magnesium, and iron. Also associated with this
solid phase are organic compounds containing nitrogen,
phosphorus, and sulfur, among other elements. The liquid
phase of the soil constitutes the soil solution, which con-
tains dissolved mineral ions and serves as the medium for
ion movement to the root surface. Gases such as oxygen,
carbon dioxide, and nitrogen are dissolved in the soil solu-
tion, but in roots gases are exchanged predominantly
through the air gaps between soil particles.

From a biological perspective, soil constitutes a diverse
ecosystem in which plant roots and microorganisms com-
pete strongly for mineral nutrients. In spite of this compe-
tition, roots and microorganisms can form alliances for
their mutual benefit (symbioses, singular symbiosis). In this
section we will discuss the importance of soil properties,
root structure, and mycorrhizal symbiotic relationships to
plant mineral nutrition. Chapter 12 addresses symbiotic
relationships with nitrogen-fixing bacteria.

Negatively Charged Soil Particles Affect the
Adsorption of Mineral Nutrients
Soil particles, both inorganic and organic, have predomi-
nantly negative charges on their surfaces. Many inorganic
soil particles are crystal lattices that are tetrahedral arrange-
ments of the cationic forms of aluminum and silicon (Al3+

and Si4+) bound to oxygen atoms, thus forming aluminates
and silicates. When cations of lesser charge replace Al3+ and
Si4+, inorganic soil particles become negatively charged.

Organic soil particles originate from the products of the
microbial decomposition of dead plants, animals, and
microorganisms. The negative surface charges of organic
particles result from the dissociation of hydrogen ions from
the carboxylic acid and phe-
nolic groups present in this
component of the soil. Most
of the world’s soil particles,
however, are inorganic.

Inorganic soils are catego-
rized by particle size:

• Gravel has particles
larger than 2 mm.

• Coarse sand has particles
between 0.2 and 2 mm.

• Fine sand has particles
between 0.02 and 
0.2 mm.

• Silt has particles between 0.002 and 0.02 mm.

• Clay has particles smaller than 0.002 mm (see Table
4.1).

The silicate-containing clay materials are further divided
into three major groups—kaolinite, illite, and montmoril-
lonite—based on differences in their structure and physi-
cal properties (Table 5.5). The kaolinite group is generally
found in well-weathered soils; the montmorillonite and
illite groups are found in less weathered soils.

Mineral cations such as ammonium (NH4
+) and potas-

sium (K+) adsorb to the negative surface charges of inor-
ganic and organic soil particles. This cation adsorption is
an important factor in soil fertility. Mineral cations
adsorbed on the surface of soil particles are not easily lost
when the soil is leached by water, and they provide a nutri-
ent reserve available to plant roots. Mineral nutrients
adsorbed in this way can be replaced by other cations in a
process known as cation exchange (Figure 5.5). The degree
to which a soil can adsorb and exchange ions is termed its
cation exchange capacity (CEC) and is highly dependent on
the soil type. A soil with higher cation exchange capacity
generally has a larger reserve of mineral nutrients.

Mineral anions such as nitrate (NO3
–) and chloride (Cl–)

tend to be repelled by the negative charge on the surface of
soil particles and remain dissolved in the soil solution.
Thus the anion exchange capacity of most agricultural soils
is small compared to the cation exchange capacity. Among
anions, nitrate remains mobile in the soil solution, where it
is susceptible to leaching by water moving through the soil. 

Phosphate ions (H2PO2
–) may bind to soil particles con-

taining aluminum or iron because the positively charged
iron and aluminum ions (Fe2+, Fe3+, and Al3+) have
hydroxyl (OH–) groups that exchange with phosphate. As
a result, phosphate can be tightly bound, and its mobility
and availability in soil can limit plant growth. 

Sulfate (SO4
2–) in the presence of calcium (Ca2+) forms

gypsum (CaSO4). Gypsum is only slightly soluble, but it
releases sufficient sulfate to support plant growth. Most
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TABLE 5.5
Comparison of properties of three major types of silicate clays found in the soil

Type of clay

Property Montmorillonite Illite Kaolinite

Size (µm) 0.01–1.0 0.1–2.0 0.1–5.0

Shape Irregular flakes Irregular flakes Hexagonal crystals

Cohesion High Medium Low

Water-swelling capacity High Medium Low

Cation exchange capacity 80–100 15–40 3–15
(milliequivalents 100 g−1)

Source: After Brady 1974.



nonacid soils contain substantial amounts of calcium; con-
sequently, sulfate mobility in these soils is low, so sulfate is
not highly susceptible to leaching.

Soil pH Affects Nutrient Availability, Soil Microbes,
and Root Growth
Hydrogen ion concentration (pH) is an important property
of soils because it affects the growth of plant roots and soil
microorganisms. Root growth is generally favored in
slightly acidic soils, at pH values between 5.5 and 6.5.
Fungi generally predominate in acidic soils; bacteria
become more prevalent in alkaline soils. Soil pH deter-
mines the availability of soil nutrients (see Figure 5.4).
Acidity promotes the weathering of rocks that releases K+,
Mg2+, Ca2+, and Mn2+ and increases the solubility of car-
bonates, sulfates, and phosphates. Increasing the solubility
of nutrients facilitates their availability to roots.

Major factors that lower the soil pH are the decomposi-
tion of organic matter and the amount of rainfall. Carbon
dioxide is produced as a result of the decomposition of
organic material and equilibrates with soil water in the fol-
lowing reaction:

CO2 + H2O ~ H+ + HCO3
–

This reaction releases hydrogen ions (H+), lowering the pH
of the soil. Microbial decomposition of organic material
also produces ammonia and hydrogen sulfide that can be
oxidized in the soil to form the strong acids nitric acid
(HNO3) and sulfuric acid (H2SO4), respectively. Hydrogen
ions also displace K+, Mg2+, Ca2+, and Mn2+ from the cation

exchange complex in a soil. Leaching then may remove
these ions from the upper soil layers, leaving a more acid
soil. By contrast, the weathering of rock in arid regions
releases K+, Mg2+, Ca2+, and Mn2+ to the soil, but because
of the low rainfall, these ions do not leach from the upper
soil layers, and the soil remains alkaline.

Excess Minerals in the Soil Limit Plant Growth
When excess minerals are present in the soil, the soil is said
to be saline, and plant growth may be restricted if these min-
eral ions reach levels that limit water availability or exceed
the adequate zone for a particular nutrient (see Chapter 25).
Sodium chloride and sodium sulfate are the most common
salts in saline soils. Excess minerals in soils can be a major
problem in arid and semiarid regions because rainfall is
insufficient to leach the mineral ions from the soil layers near
the surface. Irrigated agriculture fosters soil salinization if
insufficient water is applied to leach the salt below the root-
ing zone. Irrigation water can contain 100 to 1000 g of min-
erals per cubic meter. An average crop requires about 4000
m3 of water per acre. Consequently, 400 to 4000 kg of min-
erals may be added to the soil per crop (Marschner 1995).

In saline soil, plants encounter salt stress. Whereas
many plants are affected adversely by the presence of rel-
atively low levels of salt, other plants can survive high lev-
els (salt-tolerant plants) or even thrive (halophytes) under
such conditions. The mechanisms by which plants tolerate
salinity are complex (see Chapter 25), involving molecular
synthesis, enzyme induction, and membrane transport. In
some species, excess minerals are not taken up; in others,
minerals are taken up but excreted from the plant by salt
glands associated with the leaves. To prevent toxic buildup
of mineral ions in the cytosol, many plants may sequester
them in the vacuole (Stewart and Ahmad 1983). Efforts are
under way to bestow salt tolerance on salt-sensitive crop
species using both classic plant breeding and molecular
biology (Hasegawa et al. 2000).

Another important problem with excess minerals is the
accumulation of heavy metals in the soil, which can cause
severe toxicity in plants as well as humans (see Web Essay
5.1). Heavy metals include zinc, copper, cobalt, nickel, mer-
cury, lead, cadmium, silver, and chromium (Berry and Wal-
lace 1981).

Plants Develop Extensive Root Systems
The ability of plants to obtain both water and mineral
nutrients from the soil is related to their capacity to develop
an extensive root system. In the late 1930s, H. J. Dittmer
examined the root system of a single winter rye plant after
16 weeks of growth and estimated that the plant had 13 ×
106 primary and lateral root axes, extending more than 500
km in length and providing 200 m2 of surface area (Dittmer
1937). This plant also had more than 1010 root hairs, pro-
viding another 300 m2 of surface area.
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In the desert, the roots of mesquite (genus Prosopis) may
extend down more than 50 m to reach groundwater. Annual
crop plants have roots that usually grow between 0.1 and
2.0 m in depth and extend laterally to distances of 0.3 to 1.0
m. In orchards, the major root systems of trees planted 1 m
apart reach a total length of 12 to 18 km per tree. The annual
production of roots in natural ecosystems may easily sur-
pass that of shoots, so in many respects, the aboveground
portions of a plant represent only “the tip of an iceberg.”

Plant roots may grow continuously throughout the year.
Their proliferation, however, depends on the availability of
water and minerals in the immediate microenvironment
surrounding the root, the so-called rhizosphere. If the rhi-
zosphere is poor in nutrients or too dry, root growth is
slow. As rhizosphere conditions improve, root growth
increases. If fertilization and irrigation provide abundant
nutrients and water, root growth may not keep pace with
shoot growth. Plant growth under such conditions
becomes carbohydrate limited, and a relatively small root
system meets the nutrient needs of the whole plant (Bloom
et al. 1993). Roots growing below the soil surface are stud-
ied by special techniques (see Web Topic 5.2).

Root Systems Differ in Form but Are Based on
Common Structures
The form of the root system differs greatly among plant
species. In monocots, root development starts with the
emergence of three to six primary (or seminal) root axes
from the germinating seed. With further growth, the plant
extends new adventitious roots, called nodal roots or brace
roots. Over time, the primary and nodal root axes grow and
branch extensively to form a complex fibrous root system
(Figure 5.6). In fibrous root systems, all the roots generally
have the same diameter (except where environmental con-
ditions or pathogenic interactions modify the root struc-
ture), so it is difficult to distinguish a main root axis.

In contrast to monocots, dicots develop root systems
with a main single root axis, called a taproot, which may
thicken as a result of secondary cambial activity. From this
main root axis, lateral roots develop to form an extensively
branched root system (Figure 5.7).

The development of the root system in both monocots
and dicots depends on the activity of the root apical meri-
stem and the production of lateral root meristems. Figure
5.8 shows a generalized diagram of the apical region of a
plant root and identifies the three zones of activity: meri-
stematic, elongation, and maturation.

In the meristematic zone, cells divide both in the direc-
tion of the root base to form cells that will differentiate into
the tissues of the functional root and in the direction of the
root apex to form the root cap. The root cap protects the
delicate meristematic cells as the root moves through the
soil. It also secretes a gelatinous material called mucigel,
which commonly surrounds the root tip. The precise func-
tion of the mucigel is uncertain, but it has been suggested

that it lubricates the penetration of the root through the
soil, protects the root apex from desiccation, promotes the
transfer of nutrients to the root, or affects the interaction
between roots and soil microorganisms (Russell 1977). The
root cap is central to the perception of gravity, the signal
that directs the growth of roots downward. This process is
termed the gravitropic response (see Chapter 19).

Cell division at the root apex proper is relatively slow;
thus this region is called the quiescent center. After a few
generations of slow cell divisions, root cells displaced from
the apex by about 0.1 mm begin to divide more rapidly.
Cell division again tapers off at about 0.4 mm from the
apex, and the cells expand equally in all directions.

The elongation zone begins 0.7 to 1.5 mm from the apex
(see Figure 5.8). In this zone, cells elongate rapidly and
undergo a final round of divisions to produce a central ring
of cells called the endodermis. The walls of this endoder-
mal cell layer become thickened, and suberin (see Chapter
13) deposited on the radial walls forms the Casparian strip,
a hydrophobic structure that prevents the apoplastic move-
ment of water or solutes across the root (see Figure 4.3).
The endodermis divides the root into two regions: the cor-
tex toward the outside and the stele toward the inside. The
stele contains the vascular elements of the root: the
phloem, which transports metabolites from the shoot to the
root, and the xylem, which transports water and solutes to
the shoot.
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(A)  Dry soil (B)  Irrigated soil

30 cm

FIGURE 5.6 Fibrous root systems of wheat (a monocot). (A)
The root system of a mature (3-month-old) wheat plant
growing in dry soil. (B) The root system of a wheat plant
growing in irrigated soil. It is apparent that the morphol-
ogy of the root system is affected by the amount of water
present in the soil. In a fibrous root system, the primary
root axes are no longer distinguishable. (After Weaver
1926.)



Phloem develops more rapidly than xylem, attesting to
the fact that phloem function is critical near the root apex.
Large quantities of carbohydrates must flow through the
phloem to the growing apical zones in order to support cell
division and elongation. Carbohydrates provide rapidly
growing cells with an energy source and with the carbon
skeletons required to synthesize organic compounds. Six-
carbon sugars (hexoses) also function as osmotically active
solutes in the root tissue. At the root apex, where the
phloem is not yet developed, carbohydrate movement
depends on symplastic diffusion and is relatively slow

(Bret-Harte and Silk 1994). The low rates of cell division in
the quiescent center may result from the fact that insuffi-
cient carbohydrates reach this centrally located region or
that this area is kept in an oxidized state (see Web Essay
5.2).

Root hairs, with their large surface area for absorption
of water and solutes, first appear in the maturation zone
(see Figure 5.8), and it is here that the xylem develops the
capacity to translocate substantial quantities of water and
solutes to the shoot.
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30 cm
Sugar beet Alfalfa

FIGURE 5.7 Taproot system of two adequately watered
dicots: sugar beet and alfalfa. The sugar beet root system is
typical of 5 months of growth; the alfalfa root system is typ-
ical of 2 years of growth. In both dicots, the root system
shows a major vertical root axis. In the case of sugar beet,
the upper portion of the taproot system is thickened
because of its function as storage tissue. (After Weaver
1926.) 
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FIGURE 5.8 Diagrammatic longitudinal section of the apical
region of the root. The meristematic cells are located near
the tip of the root. These cells generate the root cap and the
upper tissues of the root. In the elongation zone, cells dif-
ferentiate to produce xylem, phloem, and cortex. Root
hairs, formed in epidermal cells, first appear in the matura-
tion zone.



Different Areas of the Root Absorb 
Different Mineral Ions
The precise point of entry of minerals into the root system
has been a topic of considerable interest. Some researchers
have claimed that nutrients are absorbed only at the apical
regions of the root axes or branches (Bar-Yosef et al. 1972);
others claim that nutrients are absorbed over the entire root
surface (Nye and Tinker 1977). Experimental evidence sup-
ports both possibilities, depending on the plant species and
the nutrient being investigated:

• Root absorption of calcium in barley appears to be
restricted to the apical region.

• Iron may be taken up either at the apical region, as in
barley (Clarkson 1985), or over the entire root sur-
face, as in corn (Kashirad et al. 1973).

• Potassium, nitrate, ammonium, and phosphate can
be absorbed freely at all locations of the root surface
(Clarkson 1985), but in corn the elongation zone has
the maximum rates of potassium accumulation
(Sharp et al. 1990) and nitrate absorption (Taylor and
Bloom 1998).

• In corn and rice, the root apex absorbs ammonium
more rapidly than the elongation zone does (Colmer
and Bloom 1998).

• In several species, root hairs are the most active in
phosphate absorption (Fohse et al. 1991).

The high rates of nutrient absorption in the apical root
zones result from the strong demand for nutrients in these
tissues and the relatively high nutrient availability in the
soil surrounding them. For example, cell elongation
depends on the accumulation of solutes such as potassium,
chloride, and nitrate to increase the osmotic pressure
within the cell (see Chapter 15). Ammonium is the pre-
ferred nitrogen source to support cell division in the meri-
stem because meristematic tissues are often carbohydrate
limited, and the assimilation of ammonium consumes less
energy than that of nitrate (see Chapter 12). The root apex
and root hairs grow into fresh soil, where nutrients have
not yet been depleted.

Within the soil, nutrients can move to the root surface
both by bulk flow and by diffusion (see Chapter 3). In bulk
flow, nutrients are carried by water moving through the
soil toward the root. The amount of nutrient provided to
the root by bulk flow depends on the rate of water flow
through the soil toward the plant, which depends on tran-
spiration rates and on nutrient levels in the soil solution.
When both the rate of water flow and the concentrations of
nutrients in the soil solution are high, bulk flow can play
an important role in nutrient supply. 

In diffusion, mineral nutrients move from a region of
higher concentration to a region of lower concentration.
Nutrient uptake by the roots lowers the concentration of
nutrients at the root surface, generating concentration gra-
dients in the soil solution surrounding the root. Diffusion

of nutrients down their concentration gradient and bulk
flow resulting from transpiration can increase nutrient
availability at the root surface.

When absorption of nutrients by the roots is high and
the nutrient concentration in the soil is low, bulk flow can
supply only a small fraction of the total nutrient require-
ment (Mengel and Kirkby 1987). Under these conditions,
diffusion rates limit the movement of nutrients to the root
surface. When diffusion is too slow to maintain high nutri-
ent concentrations near the root, a nutrient depletion zone
forms adjacent to the root surface (Figure 5.9). This zone
extends from about 0.2 to 2.0 mm from the root surface,
depending on the mobility of the nutrient in the soil.

The formation of a depletion zone tells us something
important about mineral nutrition: Because roots deplete
the mineral supply in the rhizosphere, their effectiveness
in mining minerals from the soil is determined not only by
the rate at which they can remove nutrients from the soil
solution, but by their continuous growth. Without growth,
roots would rapidly deplete the soil adjacent to their surface.
Optimal nutrient acquisition therefore depends both on the capac-
ity for nutrient uptake and on the ability of the root system to
grow into fresh soil.

Mycorrhizal Fungi Facilitate Nutrient 
Uptake by Roots
Our discussion thus far has centered on the direct acqui-
sition of mineral elements by the root, but this process may
be modified by the association of mycorrhizal fungi with
the root system. Mycorrhizae (singular mycorrhiza, from the
Greek words for “fungus” and “root”) are not unusual; in
fact, they are widespread under natural conditions. Much
of the world’s vegetation appears to have roots associated
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FIGURE 5.9 Formation of a nutrient depletion zone in the
region of the soil adjacent to the plant root. A nutrient
depletion zone forms when the rate of nutrient uptake by
the cells of the root exceeds the rate of replacement of the
nutrient by diffusion in the soil solution. This depletion
causes a localized decrease in the nutrient concentration in
the area adjacent to the root surface. (After Mengel and
Kirkby 1987.)



with mycorrhizal fungi: 83% of dicots, 79% of monocots,
and all gymnosperms regularly form mycorrhizal associa-
tions (Wilcox 1991).

On the other hand, plants from the families Cruciferae
(cabbage), Chenopodiaceae (spinach), and Proteaceae
(macadamia nuts), as well as aquatic plants, rarely if ever
have mycorrhizae. Mycorrhizae are absent from roots in
very dry, saline, or flooded soils, or where soil fertility is
extreme, either high or low. In particular, plants grown
under hydroponics and young, rapidly growing crop
plants seldom have mycorrhizae.

Mycorrhizal fungi are composed of fine, tubular fila-
ments called hyphae (singular hypha). The mass of hyphae
that forms the body of the fungus is called the mycelium
(plural mycelia). There are two major classes of mycorrhizal
fungi: ectotrophic mycorrhizae and vesicular-arbuscular
mycorrhizae (Smith et al. 1997). Minor classes of mycor-
rhizal fungi include the ericaceous and orchidaceous myc-
orrhizae, which may have limited importance in terms of
mineral nutrient uptake.

Ectotrophic mycorrhizal fungi typically show a thick
sheath, or “mantle,” of fungal mycelium around the roots,
and some of the mycelium penetrates between the cortical
cells (Figure 5.10). The cortical cells themselves are not pen-
etrated by the fungal hyphae but instead are surrounded
by a network of hyphae called the Hartig net. Often the
amount of fungal mycelium is so extensive that its total

mass is comparable to that of the roots themselves. The
fungal mycelium also extends into the soil, away from this
compact mantle, where it forms individual hyphae or
strands containing fruiting bodies.

The capacity of the root system to absorb nutrients is
improved by the presence of external fungal hyphae that
are much finer than plant roots and can reach beyond the
areas of nutrient-depleted soil near the roots (Clarkson
1985). Ectotrophic mycorrhizal fungi infect exclusively tree
species, including gymnosperms and woody angiosperms.

Unlike the ectotrophic mycorrhizal fungi, vesicular-
arbuscular mycorrhizal fungi do not produce a compact
mantle of fungal mycelium around the root. Instead, the
hyphae grow in a less dense arrangement, both within the
root itself and extending outward from the root into the
surrounding soil (Figure 5.11). After entering the root
through either the epidermis or a root hair, the hyphae not
only extend through the regions between cells but also pen-
etrate individual cells of the cortex. Within the cells, the
hyphae can form oval structures called vesicles and
branched structures called arbuscules. The arbuscules
appear to be sites of nutrient transfer between the fungus
and the host plant.
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FIGURE 5.10 Root infected with ectotrophic mycorrhizal
fungi. In the infected root, the fungal hyphae surround the
root to produce a dense fungal sheath and penetrate the
intercellular spaces of the cortex to form the Hartig net. The
total mass of fungal hyphae may be comparable to the root
mass itself. (From Rovira et al. 1983.) 
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FIGURE 5.11 Association of vesicular-arbuscular mycor-
rhizal fungi with a section of a plant root. The fungal
hyphae grow into the intercellular wall spaces of the cortex
and penetrate individual cortical cells. As they extend into
the cell, they do not break the plasma membrane or the
tonoplast of the host cell. Instead, the hypha is surrounded
by these membranes and forms structures known as arbus-
cules, which participate in nutrient ion exchange between
the host plant and the fungus. (From Mauseth 1988.)



Outside the root, the external mycelium can extend sev-
eral centimeters away from the root and may contain
spore-bearing structures. Unlike the ectotrophic mycor-
rhizae, vesicular-arbuscular mycorrhizae make up only a
small mass of fungal material, which is unlikely to exceed
10% of the root weight. Vesicular-arbuscular mycorrhizae
are found in association with the roots of most species of
herbaceous angiosperms (Smith et al. 1997).

The association of vesicular-arbuscular mycorrhizae
with plant roots facilitates the uptake of phosphorus and
trace metals such as zinc and copper. By extending beyond
the depletion zone for phosphorus around the root, the
external mycelium improves phosphorus absorption. Cal-
culations show that a root associated with mycorrhizal
fungi can transport phosphate at a rate more than four
times higher than that of a root not associated with myc-
orrhizae (Nye and Tinker 1977). The external mycelium of
the ectotrophic mycorrhizae can also absorb phosphate and
make it available to the plant. In addition, it has been sug-
gested that ectotrophic mycorrhizae proliferate in the
organic litter of the soil and hydrolyze organic phosphorus
for transfer to the root (Smith et al. 1997).

Nutrients Move from the Mycorrhizal Fungi 
to the Root Cells
Little is known about the mechanism by which the mineral
nutrients absorbed by mycorrhizal fungi are transferred to
the cells of plant roots. With ectotrophic mycorrhizae, inor-
ganic phosphate may simply diffuse from the hyphae in
the Hartig net and be absorbed by the root cortical cells.
With vesicular-arbuscular mycorrhizae, the situation may
be more complex. Nutrients may diffuse from intact arbus-
cules to root cortical cells. Alternatively, because some root
arbuscules are continually degenerating while new ones
are forming, degenerating arbuscules may release their
internal contents to the host root cells.

A key factor in the extent of mycorrhizal association
with the plant root is the nutritional status of the host plant.
Moderate deficiency of a nutrient such as phosphorus
tends to promote infection, whereas plants with abundant
nutrients tend to suppress mycorrhizal infection.

Mycorrhizal association in well-fertilized soils may shift
from a symbiotic relationship to a parasitic one in that the
fungus still obtains carbohydrates from the host plant, but
the host plant no longer benefits from improved nutrient
uptake efficiency. Under such conditions, the host plant
may treat mycorrhizal fungi as it does other pathogens
(Brundrett 1991; Marschner 1995).

SUMMARY
Plants are autotrophic organisms capable of using the
energy from sunlight to synthesize all their components

from carbon dioxide, water, and mineral elements. Studies
of plant nutrition have shown that specific mineral ele-
ments are essential for plant life. These elements are clas-
sified as macronutrients or micronutrients, depending on
the relative amounts found in plant tissue.

Certain visual symptoms are diagnostic for deficiencies
in specific nutrients in higher plants. Nutritional disorders
occur because nutrients have key roles in plant metabolism.
They serve as components of organic compounds, in
energy storage, in plant structures, as enzyme cofactors,
and in electron transfer reactions. Mineral nutrition can be
studied through the use of hydroponics or aeroponics,
which allow the characterization of specific nutrient
requirements. Soil and plant tissue analysis can provide
information on the nutritional status of the plant–soil sys-
tem and can suggest corrective actions to avoid deficien-
cies or toxicities.

When crop plants are grown under modern high-pro-
duction conditions, substantial amounts of nutrients are
removed from the soil. To prevent the development of defi-
ciencies, nutrients can be added back to the soil in the form
of fertilizers. Fertilizers that provide nutrients in inorganic
forms are called chemical fertilizers; those that derive from
plant or animal residues are considered organic fertilizers.
In both cases, plants absorb the nutrients primarily as inor-
ganic ions. Most fertilizers are applied to the soil, but some
are sprayed on leaves.

The soil is a complex substrate—physically, chemically,
and biologically. The size of soil particles and the cation
exchange capacity of the soil determine the extent to which
a soil provides a reservoir for water and nutrients. Soil pH
also has a large influence on the availability of mineral ele-
ments to plants.

If mineral elements, especially sodium or heavy metals,
are present in excess in the soil, plant growth may be
adversely affected. Certain plants are able to tolerate excess
mineral elements, and a few species—for example, halo-
phytes in the case of sodium—grow under these extreme
conditions.

To obtain nutrients from the soil, plants develop exten-
sive root systems. Roots have a relatively simple structure
with radial symmetry and few differentiated cell types.
Roots continually deplete the nutrients from the immedi-
ate soil around them, and such a simple structure may per-
mit rapid growth into fresh soil.

Plant roots often form associations with mycorrhizal
fungi. The fine hyphae of mycorrhizae extend the reach of
roots into the surrounding soil and facilitate the acquisition
of mineral elements, particularly those like phosphorus
that are relatively immobile in the soil. In return, plants
provide carbohydrates to the mycorrhizae. Plants tend to
suppress mycorrhizal associations under conditions of high
nutrient availability.
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Web Material

Web Topics
5.1 Symptoms of Deficiency in Essential Minerals

Defficiency symptoms are characteristic of each
essential element and can be used as diagnostic
for the defficiency. These color pictures illustrate
defficiency symptoms for each essential element
in a tomato.

5.2 Observing Roots below Ground

The study of roots growing under natural condi-
tions requires means to observe roots below
ground. State-of-the-art techniques are described
in this essay.

Web Essays
5.1 From Meals to Metals and Back

Heavy metal accumulation by plants is toxic.
Understanding of the involved molecular
process is helping to develop better phytoreme-
diation crops.

5.2 Redox Control of the Root Quiescent Center

The redox status of the quiescent center seems
to control the cell cycle of these cells.
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Solute Transport6
Chapter

PLANT CELLS ARE SEPARATED from their environment by a plasma
membrane that is only two lipid molecules thick. This thin layer sepa-
rates a relatively constant internal environment from highly variable
external surroundings. In addition to forming a hydrophobic barrier to
diffusion, the membrane must facilitate and continuously regulate the
inward and outward traffic of selected molecules and ions as the cell
takes up nutrients, exports wastes, and regulates its turgor pressure. The
same is true of the internal membranes that separate the various com-
partments within each cell.

As the cell’s only contact with its surroundings, the plasma mem-
brane must also relay information about its physical environment, about
molecular signals from other cells, and about the presence of invading
pathogens. Often these signal transduction processes are mediated by
changes in ion fluxes across the membrane.

Molecular and ionic movement from one location to another is known
as transport. Local transport of solutes into or within cells is regulated
mainly by membranes. Larger-scale transport between plant and envi-
ronment, or between leaves and roots, is also controlled by membrane
transport at the cellular level. For example, the transport of sucrose from
leaf to root through the phloem, referred to as translocation, is driven and
regulated by membrane transport into the phloem cells of the leaf, and
from the phloem to the storage cells of the root (see Chapter 10).

In this chapter we will consider first the physical and chemical prin-
ciples that govern the movements of molecules in solution. Then we will
show how these principles apply to membranes and to biological sys-
tems. We will also discuss the molecular mechanisms of transport in liv-
ing cells and the great variety of membrane transport proteins that are
responsible for the particular transport properties of plant cells. Finally,
we will examine the pathway that ions take when they enter the root, as
well as the mechanism of xylem loading, the process whereby ions are
released into the vessel elements and tracheids of the stele.



PASSIVE AND ACTIVE TRANSPORT
According to Fick’s first law (see Equation 3.1), the move-
ment of molecules by diffusion always proceeds sponta-
neously, down a gradient of concentration or chemical
potential (see Chapter 2 on the web site), until equilibrium
is reached. The spontaneous “downhill” movement of mol-
ecules is termed passive transport. At equilibrium, no fur-
ther net movements of solute can occur without the appli-
cation of a driving force.

The movement of substances against or up a gradient 
of chemical potential (e.g., to a higher concentration) is
termed active transport. It is not spontaneous, and it
requires that work be done on the system by the applica-
tion of cellular energy. One way (but not the only way) of
accomplishing this task is to couple transport to the hydrol-
ysis of ATP.

Recall from Chapter 3 that we can calculate the driving
force for diffusion, or, conversely, the energy input neces-
sary to move substances against a gradient, by measuring
the potential-energy gradient, which is often a simple func-
tion of the difference in concentration. Biological transport
can be driven by four major forces: concentration, hydro-
static pressure, gravity, and electric fields. (However, recall
from Chapter 3 that in biological systems, gravity seldom
contributes substantially to the force that drives transport.)

The chemical potential for any solute is defined as the
sum of the concentration, electric, and hydrostatic poten-
tials (and the chemical potential under standard condi-
tions):

Here m~j is the chemical potential of the solute species j in
joules per mole (J mol–1), mj

* is its chemical potential under
standard conditions (a correction factor that will cancel out
in future equations and so can be ignored), R is the uni-
versal gas constant, T is the absolute temperature, and Cj is
the concentration (more accurately the activity) of j.

The electrical term, zjFE, applies only to ions; z is the
electrostatic charge of the ion (+1 for monovalent cations,
–1 for monovalent anions, +2 for divalent cations, and so
on), F is Faraday’s constant (equivalent to the electric
charge on 1 mol of protons), and E is the overall electric
potential of the solution (with respect to ground). The final
term, V–jP, expresses the contribution of the partial molal
volume of j (V–j) and pressure (P) to the chemical potential

of j. (The partial molal volume of j is the change in volume
per mole of substance j added to the system, for an infini-
tesimal addition.)

This final term, V–jP, makes a much smaller contribution
to m~j than do the concentration and electrical terms, except
in the very important case of osmotic water movements. As
discussed in Chapter 3, the chemical potential of water (i.e.,
the water potential) depends on the concentration of dis-
solved solutes and the hydrostatic pressure on the system.

The importance of the concept of chemical potential is that it
sums all the forces that may act on a molecule to drive net trans-
port (Nobel 1991).

In general, diffusion (or passive transport) always
moves molecules from areas of higher chemical potential
downhill to areas of lower chemical potential. Movement
against a chemical-potential gradient is indicative of active
transport (Figure 6.1).

If we take the diffusion of sucrose across a permeable
membrane as an example, we can accurately approximate
the chemical potential of sucrose in any compartment by
the concentration term alone (unless a solution is very con-
centrated, causing hydrostatic pressure to build up). From
Equation 6.1, the chemical potential of sucrose inside a cell
can be described as follows (in the next three equations, the
subscript s stands for sucrose, and the superscripts i and
o stand for inside and outside, respectively):

The chemical potential of sucrose outside the cell is calcu-
lated as follows:

m~s
o = ms

*+ RT ln Cs
o (6.3)

We can calculate the difference in the chemical potential
of sucrose between the solutions inside and outside the cell,
∆m~s, regardless of the mechanism of transport. To get the
signs right, remember that for inward transport, sucrose is
being removed (–) from outside the cell and added (+) to
the inside, so the change in free energy in joules per mole
of sucrose transported will be as follows:

(6.4)

Substituting the terms from Equations 6.2 and 6.3 into
Equation 6.4, we get the following:

∆ ˜

ln ln

m m ms s
*

s
i

s
*

s
o

s
i

s
o

s
i

s
o

 ln  ln 

 

 ln

= +( ) − +( )
= −( )
=

RT C RT C

RT C C

RT
C
C

∆ σ σ
ι

σ
ο˜ ˜ ˜m m m= −

Chemical
potential
of sucrose
solution
inside the
cell

µsi~

Chemical
potential
of sucrose
solution
under
standard
conditions

Concentration
component

µs*= + RT ln Csi

Chemical
potential
for a given
solute, j

µj
~

Chemical
potential
of j under
standard
conditions

Concentration
(activity)
component

µj*= + RT ln Cj

Electric-
potential
component

+ zjFE

Hydrostatic-
pressure
component

+ VjP
–

88 Chapter 6

(6.1)

(6.2)

(6.5)



If this difference in chemical potential is negative, sucrose
could diffuse inward spontaneously (provided the mem-
brane had a finite permeability to sucrose; see the next sec-
tion). In other words, the driving force (∆m~s) for solute dif-
fusion is related to the magnitude of the concentration
gradient (Cs

i/Cs
o).

If the solute carries an electric charge (as does the potas-
sium ion), the electrical component of the chemical poten-
tial must also be considered. Suppose the membrane is per-
meable to K+ and Cl– rather than to sucrose. Because the
ionic species (K+ and Cl–) diffuse independently, each has
its own chemical potential. Thus for inward K+ diffusion,

(6.6)

Substituting the appropriate terms from Equation 6.1 into
Equation 6.6, we get

∆m~s = (RT ln [K+]i + zFEi) – (RT ln [K+]o + zFEo) (6.7)

and because the electrostatic charge of K+ is +1, z = +1 and

(6.8)

The magnitude and sign of this expression will indicate the
driving force for K+ diffusion across the membrane, and its
direction. A similar expression can be written for Cl– (but
remember that for Cl–, z = –1).

Equation 6.8 shows that ions, such as K+, diffuse in re-
sponse to both their concentration gradients ([K+]i/[K+]o)
and any electric-potential difference between the two
compartments (Ei – Eo). One very important implication
of this equation is that ions can be driven passively
against their concentration gradients if an appropriate
voltage (electric field) is applied between the two com-
partments. Because of the importance of electric fields in
biological transport, m~ is often called the electrochemical
potential, and ∆m~ is the difference in electrochemical
potential between two compartments.

TRANSPORT OF IONS ACROSS A
MEMBRANE BARRIER

If the two KCl solutions in the previous example are sep-
arated by a biological membrane, diffusion is complicated
by the fact that the ions must move through the membrane
as well as across the open solutions. The extent to which
a membrane permits the movement of a substance is called
membrane permeability. As will be discussed later, per-
meability depends on the composition of the membrane, as
well as on the chemical nature of the solute. In a loose
sense, permeability can be expressed in terms of a diffusion
coefficient for the solute in the membrane. However, per-
meability is influenced by several additional factors, such

= + F(Ei – Eo)RT  ln
[K+]i

[K+]o∆µK
~

∆ Κ Κ
ι

Κ
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FIGURE 6.1 Relationship
between the chemical poten-
tial, m~, and the transport of
molecules across a permeabil-
ity barrier. The net movement
of molecular species j
between compartments A and
B depends on the relative
magnitude of the chemical
potential of j in each com-
partment, represented here
by the size of the boxes.
Movement down a chemical
gradient occurs sponta-
neously and is called passive
transport; movement against
or up a gradient requires
energy and is called active
transport.



as the ability of a substance to enter the membrane, that are
difficult to measure.

Despite its theoretical complexity, we can readily mea-
sure permeability by determining the rate at which a solute
passes through a membrane under a specific set of condi-
tions. Generally the membrane will hinder diffusion and
thus reduce the speed with which equilibrium is reached.
The permeability or resistance of the membrane itself, how-
ever, cannot alter the final equilibrium conditions. Equilib-
rium occurs when ∆m~j = 0. 

In the sections that follow we will discuss the factors
that influence the passive distribution of ions across a
membrane. These parameters can be used to predict the
relationship between the electrical gradient and the con-
centration gradient of an ion.

Diffusion Potentials Develop When Oppositely
Charged Ions Move across a Membrane at
Different Rates
When salts diffuse across a membrane, an electric mem-
brane potential (voltage) can develop. Consider the two
KCl solutions separated by a membrane in Figure 6.2. The
K+ and Cl– ions will permeate the membrane indepen-
dently as they diffuse down their respective gradients of

electrochemical potential. And unless the membrane is
very porous, its permeability for the two ions will differ.

As a consequence of these different permeabilities, K+

and Cl– initially will diffuse across the membrane at dif-
ferent rates. The result will be a slight separation of charge,
which instantly creates an electric potential across the
membrane. In biological systems, membranes are usually
more permeable to K+ than to Cl–. Therefore, K+ will dif-
fuse out of the cell (compartment A in Figure 6.2) faster
than Cl–, causing the cell to develop a negative electric
charge with respect to the medium. A potential that devel-
ops as a result of diffusion is called a diffusion potential.

An important principle that must always be kept in
mind when the movement of ions across membranes is
considered is the principle of electrical neutrality. Bulk
solutions always contain equal numbers of anions and
cations. The existence of a membrane potential implies that
the distribution of charges across the membrane is uneven;
however, the actual number of unbalanced ions is negligi-
ble in chemical terms. For example, a membrane potential
of –100 mV (millivolts), like that found across the plasma
membranes of many plant cells, results from the presence
of only one extra anion out of every 100,000 within the
cell—a concentration difference of only 0.001%!

As Figure 6.2 shows, all of these extra anions are found
immediately adjacent to the surface of the membrane; there
is no charge imbalance throughout the bulk of the cell. In
our example of KCl diffusion across a membrane, electri-
cal neutrality is preserved because as K+ moves ahead of
Cl– in the membrane, the resulting diffusion potential
retards the movement of K+ and speeds that of Cl–. Ulti-
mately, both ions diffuse at the same rate, but the diffusion
potential persists and can be measured. As the system
moves toward equilibrium and the concentration gradient
collapses, the diffusion potential also collapses.

The Nernst Equation Relates the Membrane
Potential to the Distribution of an Ion at
Equilibrium
Because the membrane is permeable to both K+ and Cl–

ions, equilibrium in the preceding example will not be
reached for either ion until the concentration gradients
decrease to zero. However, if the membrane were perme-
able to only K+, diffusion of K+ would carry charges across
the membrane until the membrane potential balanced the
concentration gradient. Because a change in potential
requires very few ions, this balance would be reached
instantly. Transport would then be at equilibrium, even
though the concentration gradients were unchanged.

When the distribution of any solute across a membrane
reaches equilibrium, the passive flux, J (i.e., the amount of
solute crossing a unit area of membrane per unit time), is
the same in the two directions—outside to inside and
inside to outside:

Jo→i = Ji→o
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Compartment A Compartment B

– +

Membrane K+ Cl–

Initial conditions:
[KCl]A > [KCl]B

Equilibrium conditions:
[KCl]A = [KCl]B

Diffusion potential exists
until chemical equilibrium
is reached.

At chemical equilibrium,
diffusion potential equals
zero.

FIGURE 6.2 Development of a diffusion potential and a
charge separation between two compartments separated by
a membrane that is preferentially permeable to potassium.
If the concentration of potassium chloride is higher in com-
partment A ([KCl]A > [KCl]B), potassium and chloride ions
will diffuse at a higher rate into compartment B, and a dif-
fusion potential will be established. When membranes are
more permeable to potassium than to chloride, potassium
ions will diffuse faster than chloride ions, and charge sepa-
ration (+ and –) will develop.



Fluxes are related to ∆m~ (for a discussion on fluxes and
∆m~, see Chapter 2 on the web site); thus at equilibrium,
the electrochemical potentials will be the same:

m~j
o = m~j

i

and for any given ion (the ion is symbolized here by the
subscript j):

m j
* + RT ln Cj

o + zjFEo = m j
*+ RT ln Cj

i + zjFEi (6.9)

By rearranging Equation 6.9, we can obtain the difference
in electric potential between the two compartments at equi-
librium (Ei – Eo):

This electric-potential difference is known as the Nernst
potential (∆Ej) for that ion:

∆Ej = Ei – Eo

and

or

This relationship, known as the Nernst equation, states
that at equilibrium the difference in concentration of an ion
between two compartments is balanced by the voltage dif-
ference between the compartments. The Nernst equation
can be further simplified for a univalent cation at 25°C:

(6.11)

Note that a tenfold difference in concentration corresponds
to a Nernst potential of 59 mV (Co/Ci = 10/1; log 10 = 1).
That is, a membrane potential of 59 mV would maintain a
tenfold concentration gradient of an ion that is transported
by passive diffusion. Similarly, if a tenfold concentration
gradient of an ion existed across the membrane, passive
diffusion of that ion down its concentration gradient (if it
were allowed to come to equilibrium) would result in a dif-
ference of 59 mV across the membrane.

All living cells exhibit a membrane potential that is due
to the asymmetric ion distribution between the inside and
outside of the cell. We can readily determine these mem-
brane potentials by inserting a microelectrode into the cell
and measuring the voltage difference between the inside of
the cell and the external bathing medium (Figure 6.3).

The Nernst equation can be used at any time to determine
whether a given ion is at equilibrium across a membrane.
However, a distinction must be made between equilibrium
and steady state. Steady state is the condition in which influx
and efflux of a given solute are equal and therefore the ion

concentrations are constant with respect to time. Steady state
is not the same as equilibrium (see Figure 6.1); in steady state,
the existence of active transport across the membrane pre-
vents many diffusive fluxes from ever reaching equilibrium.

The Nernst Equation Can Be Used to Distinguish
between Active and Passive Transport
Table 6.1 shows how the experimentally measured ion con-
centrations at steady state for pea root cells compare with
predicted values calculated from the Nernst equation (Hig-
inbotham et al. 1967). In this example, the external concen-
tration of each ion in the solution bathing the tissue, and
the measured membrane potential, were substituted into
the Nernst equation, and a predicted internal concentration
was calculated for that ion.

Notice that, of all the ions shown in Table 6.1, only K+ is
at or near equilibrium. The anions NO3

–, Cl–, H2PO4
–, and

SO4
2– all have higher internal concentrations than pre-

dicted, indicating that their uptake is active. The cations
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FIGURE 6.3 Diagram of a pair of microelectrodes used to
measure membrane potentials across cell membranes. One
of the glass micropipette electrodes is inserted into the cell
compartment under study (usually the vacuole or the cyto-
plasm), while the other is kept in an electrolytic solution
that serves as a reference. The microelectrodes are con-
nected to a voltmeter, which records the electric-potential
difference between the cell compartment and the solution.
Typical membrane potentials across plant cell membranes
range from –60 to –240 mV. The insert shows how electrical
contact with the interior of the cell is made through the
open tip of the glass micropipette, which contains an elec-
trically conducting salt solution.



Na+, Mg2+, and Ca2+ have lower internal concentrations
than predicted; therefore, these ions enter the cell by diffu-
sion down their electrochemical-potential gradients and
then are actively exported.

The example shown in Table 6.1 is an oversimplification:
Plant cells have several internal compartments, each of
which can differ in its ionic composition. The cytosol and
the vacuole are the most important intracellular compart-
ments that determine the ionic relations of plant cells. In
mature plant cells, the central vacuole often occupies 90%
or more of the cell’s volume, and the cytosol is restricted to
a thin layer around the periphery of the cell.

Because of its small volume, the cytosol of most
angiosperm cells is difficult to assay chemically. For this rea-
son, much of the early work on the ionic relations of plants
focused on certain green algae, such as Chara and Nitella,
whose cells are several inches long and can contain an appre-
ciable volume of cytosol. Figure 6.4 diagrams the conclusions
from these studies and from related work with higher plants.

• Potassium is accumulated passively by both the
cytosol and the vacuole, except when extracellular K+

concentrations are very low, in which case it is taken
up actively.

• Sodium is pumped actively out of the cytosol into the
extracellular spaces and vacuole.

• Excess protons, generated by intermediary metabo-
lism, are also actively extruded from the cytosol. This
process helps maintain the cytosolic pH near neutral-
ity, while the vacuole and the extracellular medium
are generally more acidic by one or two pH units.

• All the anions are taken up actively into the cytosol.

• Calcium is actively transported out of the cytosol at
both the cell membrane and the vacuolar membrane,
which is called the tonoplast (see Figure 6.4).

Many different ions permeate the
membranes of living cells simultane-
ously, but K+, Na+, and Cl– have the high-
est concentrations and largest permeabil-
ities in plant cells. A modified version of
the Nernst equation, the Goldman equa-
tion, includes all three of these ions and
therefore gives a more accurate value for
the diffusion potential in these cells. The
diffusion potential calculated from the
Goldman equation is termed the Goldman
diffusion potential (for a detailed discus-
sion of the Goldman equation, see Web
Topic 6.1).

Proton Transport Is a Major
Determinant of the Membrane
Potential

When permeabilities and ion gradients are known, it is
possible to calculate a diffusion potential for the membrane
from the Goldman equation. In most cells, K+ has both the
greatest internal concentration and the highest membrane
permeability, so the diffusion potential may approach EK,
the Nernst potential for K+.

In some organisms, or in tissues such as nerves, the nor-
mal resting potential of the cell may be close to EK. This is not

92 Chapter 6

TABLE 6.1
Comparison of observed and predicted ion concentrations in 
pea root tissue 

Concentration
in external 
medium Internal concentration (mmol L–1)

Ion (mmol L–1) Predicted Observed

K+ 1 74 75
Na+ 1 74 8
Mg2+ 0.25 1340 3
Ca2+ 1 5360 2
NO3

– 2 0.0272 28
Cl– 1 0.0136 7
H2PO4

– 1 0.0136 21
SO4

2– 0.25 0.00005 19

Source: Data from Higinbotham et al. 1967.
Note: The membrane potential was measured as –110 mV.

Plasma membrane

Tonoplast

K+

Na+

H+

K+ K+

Na+ Na+

Ca2+ Ca2+Ca2+

H+ H+

H2PO4
– H2PO4

– H2PO4
–

NO3
– NO3

– NO3
–

Cl– Cl– Cl–

Vacuole

Cytosol
Cell wall

FIGURE 6.4 Ion concentrations in the cytosol and the vac-
uole are controlled by passive (dashed arrows) and active
(solid arrows) transport processes. In most plant cells the
vacuole occupies up to 90% of the cell’s volume and con-
tains the bulk of the cell solutes. Control of the ion concen-
trations in the cytosol is important for the regulation of
metabolic enzymes. The cell wall surrounding the plasma
membrane does not represent a permeability barrier and
hence is not a factor in solute transport.



the case with plants and fungi, which may show experimen-
tally measured membrane potentials (often –200 to –100 mV)
that are much more negative than those calculated from the
Goldman equation, which are usually only –80 to –50 mV.
Thus, in addition to the diffusion potential, the membrane
potential has a second component. The excess voltage is pro-
vided by the plasma membrane electrogenic H+-ATPase.

Whenever an ion moves into or out of a cell without
being balanced by countermovement of an ion of opposite
charge, a voltage is created across the membrane. Any
active transport mechanism that results in the movement
of a net electric charge will tend to move the membrane
potential away from the value predicted by the Goldman
equation. Such a transport mechanism is called an electro-
genic pump and is common in living cells.

The energy required for active transport is often pro-
vided by the hydrolysis of ATP. In plants we can study the
dependence of the membrane potential on ATP by observ-
ing the effect of cyanide (CN–) on the membrane potential
(Figure 6.5). Cyanide rapidly poisons the mitochondria,
and the cell’s ATP consequently becomes depleted. As ATP
synthesis is inhibited, the membrane potential falls to the
level of the Goldman diffusion potential, which, as dis-
cussed in the previous section, is due primarily to the pas-
sive movements of K+, Cl–, and Na+ (see Web Topic 6.1).

Thus the membrane potentials of plant cells have two
components: a diffusion potential and a component result-
ing from electrogenic ion transport (transport that results
in the generation of a membrane potential) (Spanswick
1981). When cyanide inhibits electrogenic ion transport, the
pH of the external medium increases while the cytosol
becomes acidic because H+ remains inside the cell. This is
one piece of evidence that it is the active transport of H+

out of the cell that is electrogenic.
As discussed earlier, a change in the membrane poten-

tial caused by an electrogenic pump will change the driv-
ing forces for diffusion of all ions that cross the membrane.
For example, the outward transport of H+ can create a driv-
ing force for the passive diffusion of K+ into the cell. H+ is
transported electrogenically across the plasma membrane
not only in plants but also in bacteria, algae, fungi, and
some animal cells, such as those of the kidney epithelia.

ATP synthesis in mitochondria and chloroplasts also
depends on a H+-ATPase. In these organelles, this transport
protein is sometimes called ATP synthase because it forms
ATP rather than hydrolyzing it (see Chapter 11). The struc-
ture and function of membrane proteins involved in active
and passive transport in plant cells will be discussed later.

MEMBRANE TRANSPORT PROCESSES
Artificial membranes made of pure phospholipids have
been used extensively to study membrane permeability.
When the permeability of artificial phospholipid bilayers
for ions and molecules is compared with that of biological
membranes, important similarities and differences become
evident (Figure 6.6).

Both biological and artificial membranes have similar
permeabilities for nonpolar molecules and many small
polar molecules. On the other hand, biological membranes
are much more permeable to ions and some large polar
molecules, such as sugars, than artificial bilayers are. The
reason is that, unlike artificial bilayers, biological mem-
branes contain transport proteins that facilitate the passage
of selected ions and other polar molecules.

Transport proteins exhibit specificity for the solutes they
transport, hence their great diversity in cells. The simple
prokaryote Haemophilus influenzae, the first organism for
which the complete genome was sequenced, has only 1743
genes, yet more than 200 of these genes (greater than 10%
of the genome) encode various proteins involved in mem-
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FIGURE 6.5 The membrane potential of a pea cell collapses
when cyanide (CN–) is added to the bathing solution.
Cyanide blocks ATP production in the cells by poisoning
the mitochondria. The collapse of the membrane potential
upon addition of cyanide indicates that an ATP supply is
necessary for maintenance of the potential. Washing the
cyanide out of the tissue results in a slow recovery of ATP
production and restoration of the membrane potential.
(From Higinbotham et al. 1970.)



brane transport. In Arabidopsis, 849 genes, or 4.8% of all
genes, code for proteins involved in membrane transport.

Although a particular transport protein is usually highly
specific for the kinds of substances it will transport, its
specificity is not absolute: It generally also transports a
small family of related substances. For example, in plants a
K+ transporter on the plasma membrane may transport Rb+

and Na+ in addition to K+, but K+ is usually preferred. On
the other hand, the K+ transporter is completely ineffective
in transporting anions such as Cl– or uncharged solutes
such as sucrose. Similarly, a protein involved in the trans-

port of neutral amino acids may move glycine, alanine, and
valine with equal ease but not accept aspartic acid or lysine.

In the next several pages we will consider the structures,
functions, and physiological roles of the various membrane
transporters found in plant cells, especially on the plasma
membrane and tonoplast. We begin with a discussion of
the role of certain transporters (channels and carriers) in
promoting the diffusion of solutes across membranes. We
then distinguish between primary and secondary active
transport, and we discuss the roles of the electrogenic H+-
ATPase and various symporters (proteins that transport
two substances in the same direction simultaneously) in
driving proton-coupled secondary active transport.

Channel Transporters Enhance Ion and Water
Diffusion across Membranes
Three types of membrane transporters enhance the move-
ment of solutes across membranes: channels, carriers, and
pumps (Figure 6.7). Channels are transmembrane proteins
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FIGURE 6.7 Three classes of membrane transport proteins: channels, carriers, and
pumps. Channels and carriers can mediate the passive transport of solutes across
membranes (by simple diffusion or facilitated diffusion), down the solute’s gradient
of electrochemical potential. Channel proteins act as membrane pores, and their
specificity is determined primarily by the biophysical properties of the channel.
Carrier proteins bind the transported molecule on one side of the membrane and
release it on the other side. Primary active transport is carried out by pumps and
uses energy directly, usually from ATP hydrolysis, to pump solutes against their
gradient of electrochemical potential.

FIGURE 6.6 Typical values for the permeability, P, of a bio-
logical membrane to various substances, compared with
those for an artificial phospholipid bilayer. For nonpolar
molecules such as O2 and CO2, and for some small
uncharged molecules such as glycerol, P values are similar
in both systems. For ions and selected polar molecules,
including water, the permeability of biological membranes
is increased by one or more orders of magnitude, because
of the presence of transport proteins. Note the logarithmic
scale.
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that function as selective pores, through which molecules
or ions can diffuse across the membrane. The size of a pore
and the density of surface charges on its interior lining
determine its transport specificity. Transport through chan-
nels is always passive, and because the specificity of trans-
port depends on pore size and electric charge more than on
selective binding, channel transport is limited mainly to
ions or water (Figure 6.8).

Transport through a channel may or may not involve
transient binding of the solute to the channel protein. In
any case, as long as the channel pore is open, solutes that
can penetrate the pore diffuse through it extremely rapidly:
about 108 ions per second through each channel protein.
Channels are not open all the time: Channel proteins have
structures called gates that open and close the pore in
response to external signals (see Figure 6.8B). Signals that
can open or close gates include voltage changes, hormone
binding, or light. For example, voltage-gated channels open
or close in response to changes in the membrane potential.

Individual ion channels can be studied in detail by the
technique of patch clamp electrophysiology (see Web Topic
6.2), which can detect the electric current carried by ions
diffusing through a single channel. Patch clamp studies
reveal that, for a given ion, such as potassium, a given
membrane has a variety of different channels. These chan-
nels may open in different voltage ranges, or in response to
different signals, which may include K+ or Ca2+ concen-
trations, pH, protein kinases and phosphatases, and so on.
This specificity enables the transport of each ion to be fine-

tuned to the prevailing conditions. Thus the ion perme-
ability of a membrane is a variable that depends on the mix
of ion channels that are open at a particular time.

As we saw in the experiment of Table 6.1, the distribu-
tion of most ions is not close to equilibrium across the
membrane. Anion channels will always function to allow
anions to diffuse out of the cell, and other mechanisms are
needed for anion uptake. Similarly, calcium channels can
function only in the direction of calcium release into the
cytosol, and calcium must be expelled by active transport.
The exception is potassium, which can diffuse either
inward or outward, depending on whether the membrane
potential is more negative or more positive than EK, the
potassium equilibrium potential. 

K+ channels that open only at more negative potentials
are specialized for inward diffusion of K+ and are known
as inward-rectifying, or simply inward, K+ channels. Con-
versely, K+ channels that open only at more positive poten-
tials are outward-rectifying, or outward, K+ channels (see
Web Essay 6.1). Whereas inward K+ channels function in
the accumulation of K+ from the environment, or in the
opening of stomata, various outward K+ channels function
in the closing of stomata, in the release of K+ into the xylem
or in regulation of the membrane potential.

Carriers Bind and Transport Specific Substances
Unlike channels, carrier proteins do not have pores that
extend completely across the membrane. In transport
mediated by a carrier, the substance being transported is

Solute Transport 95

Plasma
membrane

OUTSIDE OF CELL

CYTOPLASM

S1 S2 S3 S4 S5 S6

+
+
+
+
+

Voltage-
sensing
region

Pore-forming
region (P-domain
or H5)

N C

K+

(A) (B)

FIGURE 6.8 Models of K+ channels in plants. (A) Top view of channel, looking through the pore of
the protein. Membrane-spanning helices of four subunits come together in an inverted teepee with
the pore at the center. The pore-forming regions of the four subunits dip into the membrane, with a
K+ selectivity finger region formed at the outer (near) part of the pore (more details on the struc-
ture of this channel can be found in Web Essay 6.1). (B) Side view of the inward rectifying K+ chan-
nel, showing a polypeptide chain of one subunit, with six membrane-spanning helices. The fourth
helix contains positively-charged amino acids and acts as a voltage-sensor. The pore-forming
region is a loop between helices 5 and 6. (A after Leng et al. 2002; B after Buchanan et al. 2000.)



initially bound to a specific site on the carrier protein. This
requirement for binding allows carriers to be highly selec-
tive for a particular substrate to be transported. Carriers
therefore specialize in the transport of specific organic
metabolites. Binding causes a conformational change in the
protein, which exposes the substance to the solution on the
other side of the membrane. Transport is complete when
the substance dissociates from the carrier’s binding site.

Because a conformational change in the protein is
required to transport individual molecules or ions, the rate
of transport by a carrier is many orders of magnitude
slower than through a channel. Typically, carriers may
transport 100 to 1000 ions or molecules per second, which
is about 106 times slower than transport through a channel.
The binding and release of a molecule at a specific site on
a protein that occur in carrier-mediated transport are sim-
ilar to the binding and release of molecules from an
enzyme in an enzyme-catalyzed reaction. As will be dis-
cussed later in the chapter, enzyme kinetics has been used
to characterize transport carrier proteins (for a detailed dis-
cussion on kinetics, see Chapter 2 on the web site).

Carrier-mediated transport (unlike transport through
channels) can be either passive or active, and it can transport
a much wider range of possible substrates. Passive transport
on a carrier is sometimes called facilitated diffusion,
although it resembles diffusion only in that it transports sub-
stances down their gradient of electrochemical potential,
without an additional input of energy. (This term might
seem more appropriately applied to transport through chan-
nels, but historically it has not been used in this way.)

Primary Active Transport Is Directly Coupled to
Metabolic or Light Energy
To carry out active transport, a carrier must couple the
uphill transport of the solute with another, energy-releas-
ing, event so that the overall free-energy change is negative.
Primary active transport is coupled directly to a source of
energy other than ∆m~j, such as ATP hydrolysis, an oxida-
tion–reduction reaction (the electron transport chain of
mitochondria and chloroplasts), or the absorption of light
by the carrier protein (in halobacteria, bacteriorhodopsin).

The membrane proteins that carry out primary active
transport are called pumps (see Figure 6.7). Most pumps
transport ions, such as H+ or Ca2+. However, as we will
see later in the chapter, pumps belonging to the “ATP-
binding cassette” family of transporters can carry large
organic molecules.

Ion pumps can be further characterized as either elec-
trogenic or electroneutral. In general, electrogenic trans-
port refers to ion transport involving the net movement of
charge across the membrane. In contrast, electroneutral
transport, as the name implies, involves no net movement
of charge. For example, the Na+/K+-ATPase of animal cells
pumps three Na+ ions out for every two K+ ions in, result-
ing in a net outward movement of one positive charge. The
Na+/K+-ATPase is therefore an electrogenic ion pump. In

contrast, the H+/K+-ATPase of the animal gastric mucosa
pumps one H+ out of the cell for every one K+ in, so there
is no net movement of charge across the membrane. There-
fore, the H+/K+-ATPase is an electroneutral pump.

In the plasma membranes of plants, fungi, and bacteria,
as well as in plant tonoplasts and other plant and animal
endomembranes, H+ is the principal ion that is electro-
genically pumped across the membrane. The plasma mem-
brane H+-ATPase generates the gradient of electrochemi-
cal potentials of H+ across the plasma membranes, while
the vacuolar H+-ATPase and the H+-pyrophosphatase
(H+-PPase) electrogenically pump protons into the lumen
of the vacuole and the Golgi cisternae.

In plant plasma membranes, the most prominent pumps
are for H+ and Ca2+, and the direction of pumping is out-
ward. Therefore another mechanism is needed to drive the
active uptake of most mineral nutrients. The other impor-
tant way that solutes can be actively transported across a
membrane against their gradient of electrochemical poten-
tial is by coupling of the uphill transport of one solute to
the downhill transport of another. This type of carrier-
mediated cotransport is termed secondary active transport,
and it is driven indirectly by pumps.

Secondary Active Transport Uses the Energy
Stored in Electrochemical-Potential Gradients
Protons are extruded from the cytosol by electrogenic H+-
ATPases operating in the plasma membrane and at the vac-
uole membrane. Consequently, a membrane potential and
a pH gradient are created at the expense of ATP hydroly-
sis. This gradient of electrochemical potential for H+, ∆m~ H+,
or (when expressed in other units) the proton motive force
(PMF), or ∆p, represents stored free energy in the form of
the H+ gradient (see Web Topic 6.3).

The proton motive force generated by electrogenic H+

transport is used in secondary active transport to drive the
transport of many other substances against their gradient
of electrochemical potentials. Figure 6.9 shows how sec-
ondary transport may involve the binding of a substrate (S)
and an ion (usually H+) to a carrier protein, and a confor-
mational change in that protein.

There are two types of secondary transport: symport
and antiport. The example shown in Figure 6.9 is called
symport (and the protein involved is called a symporter)
because the two substances are moving in the same direc-
tion through the membrane (see also Figure 6.10A).
Antiport (facilitated by a protein called an antiporter) refers
to coupled transport in which the downhill movement of
protons drives the active (uphill) transport of a solute in the
opposite direction (Figure 6.10B).

In both types of secondary transport, the ion or solute
being transported simultaneously with the protons is mov-
ing against its gradient of electrochemical potential, so its
transport is active. However, the energy driving this trans-
port is provided by the proton motive force rather than
directly by ATP hydrolysis.
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Typically, transport across a biological membrane is
energized by one primary active transport system coupled
to ATP hydrolysis. The transport of that ion—for example,
H+—generates an ion gradient and an electrochemical
potential. Many other ions or organic substrates can then
be transported by a variety of secondary active-transport
proteins, which energize the transport of their respective
substrates by simultaneously carrying one or two H+ ions
down their energy gradient. Thus H+ ions circulate across
the membrane, outward through the primary active trans-
port proteins, and back into the cell through the secondary
transport proteins. In plants and fungi, sugars and amino
acids are taken up by symport with protons.

Most of the ionic gradients across membranes of higher
plants are generated and maintained by electrochemical-
potential gradients of H+ (Tazawa et al. 1987). In turn, these
H+ gradients are generated by the electrogenic proton
pumps. Evidence suggests that in plants, Na+ is trans-
ported out of the cell by a Na+–H+ antiporter and that Cl–,
NO3

–, H2PO4
–, sucrose, amino acids, and other substances

enter the cell via specific proton symporters.
What about K+? At very low external concentrations, K+

can be taken up by active symport proteins, but at higher
concentrations it can enter the cell by diffusion through spe-
cific K+ channels. However, even influx through channels is
driven by the H+-ATPase, in the sense that K+ diffusion is
driven by the membrane potential, which is maintained at
a value more negative than the K+ equilibrium potential by
the action of the electrogenic H+ pump. Conversely, K+

efflux requires the membrane potential to be maintained at
a value more positive than EK, which can be achieved if
efflux of Cl– through Cl– channels is allowed. Several rep-
resentative transport processes located on the plasma mem-
brane and the tonoplast are illustrated in Figure 6.11.

MEMBRANE TRANSPORT PROTEINS
We have seen in preceding sections that some transmem-
brane proteins operate as channels for the controlled dif-
fusion of ions. Other membrane proteins act as carriers for
other substances (mostly molecules and ions). Active trans-
port utilizes carrier-type proteins that are energized directly
by ATP hydrolysis or indirectly as symporters and
antiporters. The latter systems use the energy of ion gradi-
ents (often a H+ gradient) to drive the uphill transport of
another ion or molecule. In the pages that follow we will
examine in more detail the molecular properties, cellular
locations, and genetic manipulations of some of these
transport proteins.

Kinetic Analyses Can Elucidate Transport
Mechanisms
Thus far, we have described cellular transport in terms of
its energetics. However, cellular transport can also be stud-
ied by use of enzyme kinetics because transport involves

the binding and dissociation of molecules at active sites on
transport proteins. One advantage of the kinetic approach
is that it gives new insights into the regulation of transport.

In kinetic experiments the effects of external ion (or
other solute) concentrations on transport rates are mea-
sured. The kinetic characteristics of the transport rates can
then be used to distinguish between different transporters.
The maximum rate (Vmax) of carrier-mediated transport,
and often channel transport as well, cannot be exceeded,
regardless of the concentration of substrate (Figure 6.12).
Vmax is approached when the substrate-binding site on the
carrier is always occupied. The concentration of carrier, not
the concentration of solute, becomes rate limiting. Thus
Vmax is a measure of the number of molecules of the spe-
cific carrier protein that are functioning in the membrane.

The constant Km (which is numerically equal to the
solute concentration that yields half the maximal rate of
transport) tends to reflect the properties of the particular
binding site (for a detailed discussion on Km and Vmax see
Chapter 2 on the web site). Low Km values indicate high
affinity of the transport site for the transported substance.
Such values usually imply the operation of a carrier sys-
tem. Higher values of Km indicate a lower affinity of the
transport site for the solute. The affinity is often so low that
in practice Vmax is never reached. In such cases, kinetics
alone cannot distinguish between carriers and channels.

Usually transport displays both high-affinity and low-
affinity components when a wide range of solute concen-
trations are studied. Figure 6.13 shows sucrose uptake by
soybean cotyledon protoplasts as a function of the external
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sucrose concentration (Lin et al. 1984). Uptake increases
sharply with concentration and begins to saturate at about
10 mM. At concentrations above 10 mM, uptake becomes
linear and nonsaturable. Inhibition of ATP synthesis with
metabolic poisons blocks the saturable component but not
the linear one. The interpretation is that sucrose uptake at
low concentrations is an active carrier-mediated process
(sucrose–H+ symport). At higher concentrations, sucrose
enters the cells by diffusion down its concentration gradi-
ent and is therefore insensitive to metabolic poisons. How-
ever, additional information is needed to investigate
whether the nonsaturating component represents uptake
by a carrier with very low affinity, or by a channel. (Trans-
port by a carrier is more likely in the case of a molecular
solute such as sucrose.)

The Genes for Many Transporters Have Been
Cloned
Transporter gene identification, isolation, and cloning have
greatly aided in the elucidation of the molecular properties
of transporter proteins. Nitrate transport is an example that
is of interest not only because of its nutritional importance,
but also because of its complexity. Kinetic analysis shows
that nitrate transport, like the sucrose transport shown in
Figure 6.13, has both high-affinity (low Km) and low-affinity
(high Km) components. In contrast with sucrose, nitrate is
negatively charged, and such an electric charge imposes an
energy requirement for the transport of the nitrate ion at all
concentrations. The energy is provided by symport with H+.

Nitrate transport is also strongly regulated according to
nitrate availability: The enzymes required for nitrate trans-
port, as well as nitrate assimilation (see Chapter 12), are
induced in the presence of nitrate in the environment, and
uptake can also be repressed if nitrate accumulates in the
cells.

Mutants in nitrate transport or nitrate reduction can be
selected by growth in the presence of chlorate (ClO3

–).
Chlorate is a nitrate analog that is taken up and reduced in
wild-type plants to the toxic product chlorite. If plants
resistant to chlorate are selected, they are likely to show
mutations that block nitrate transport or reduction.

Several such mutations have been identified in Ara-
bidopsis, a small crucifer that is ideal for genetic studies. The
first transport gene identified in this way encodes a low-
affinity inducible nitrate–proton symporter. As more genes
for nitrate transport have been identified and character-
ized, the picture has become more complex. Each compo-
nent of transport may involve more than one gene product,
and at least one gene encodes a dual-affinity carrier that
contributes to both high-affinity and low-affinity transport
(Chrispeels et al. 1999).

The emerging picture of plant transporter genes shows
that a family of genes, rather than an individual gene,
exists in the plant genome for each transport function.
Within a gene family, variations in transport characteristics
such as Km, in mode of regulation, and in differential tissue
expression give plants a remarkable plasticity to acclimate
to a broad range of environmental conditions.

The identification of regions of sequence similarity
between plant transport genes and the transport genes of
other organisms, such as yeast, has enabled the cloning of
plant transport genes (Kochian 2000). In some cases, it has
been possible to identify the gene after purifying the trans-
port protein, but often sequence similarity is limited, and
individual transport proteins represent too small a fraction
of total protein. Another way to identify transport genes is
to screen plant cDNA (complementary DNA) libraries for
genes that complement (i.e., compensate for) transport defi-
ciencies in yeast. Many yeast transport mutants are known
and have been used to identify corresponding plant genes
by complementation.

In the case of genes for ion channels, researchers have
studied the behavior of the channel proteins by express-
ing the genes in oocytes of the toad Xenopus, which,
because of their large size, are convenient for electro-
physiological studies. Genes for both inward- and out-
ward-rectifying K+ channels have been cloned and stud-
ied in this way. Of the inward K+ channel genes identified
so far, one is expressed strongly in stomatal guard cells,
another in roots, and a third in leaves. These channels are
considered to be responsible for low-affinity K+ uptake
into plant cells.

An outward K+ channel responsible for K+ flux from
root stelar cells into the dead xylem vessels has been
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cloned, and several genes for high-affinity K+ carriers have
been identified. Further research is needed to determine to
what extent they each contribute to K+ uptake, and how
they obtain their energy (see Web Topic 6.4). Genes for
plant vacuolar H+–Ca2+ antiporters and genes for the pro-
ton symport of several amino acids and sugars have also
been identified through various genetic techniques (Hirshi
et al. 1996; Tanner and Caspari 1996; Kuehn et al. 1999).

Genes for Specific Water Channels Have Been
Identified
Aquaporins are a class of proteins that is relatively abun-
dant in plant membranes (see Chapter 3). Aquaporins
reveal no ion currents when expressed in oocytes, but when
the osmolarity of the external medium is reduced, expres-
sion of these proteins results in swelling and bursting of the
oocytes. The bursting results from rapid influx of water
across the oocyte plasma membrane, which normally has a
very low water permeability. These results show that aqua-
porins form water channels in membranes (see Figure 3.6). 

The existence of aquaporins was a surprise at first
because it was thought that the lipid bilayer is itself suffi-
ciently permeable to water. Nevertheless, aquaporins are
common in plant and animal membranes, and their expres-
sion and activity appear to be regulated, possibly by pro-
tein phosphorylation, in response to water availability
(Tyerman et al. 2002).

The Plasma Membrane H+-ATPase Has Several
Functional Domains

The outward, active transport of H+ across the plasma
membrane creates gradients of pH and electric potential
that drive the transport of many other substances (ions and
molecules) through the various secondary active-transport
proteins. Figure 6.14 illustrates how a membrane H+-
ATPase might work.

Plant and fungal plasma membrane H+-ATPases and
Ca2+-ATPases are members of a class known as P-type
ATPases, which are phosphorylated as part of the catalytic
cycle that hydrolyzes ATP. Because of this phosphorylation
step, the plasma membrane ATPases are strongly inhibited
by orthovanadate (HVO4

2–), a phosphate (HPO4
2–) analog

that competes with phosphate from ATP for the aspartic
acid phosphorylation site on the enzyme. The high affinity
of the enzyme for vanadate is attributed to the fact that
vanadate can mimic the transitional structure of phosphate
during hydrolysis.

Plasma membrane H+-ATPases are encoded by a family
of about ten genes. Each gene encodes an isoform of the
enzyme (Sussman 1994). The isoforms are tissue specific,
and they are preferentially expressed in the root, the seed,
the phloem, and so on. The functional specificity of each
isoform is not yet understood; it may alter the pH optimum
of some isoforms and allow transport to be regulated in dif-
ferent ways for each tissue.
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Figure 6.15 shows a model of the
functional domains of the plasma
membrane H+-ATPase of yeast,
which is similar to that of plants.
The protein has ten membrane-
spanning domains that cause it to
loop back and forth across the mem-
brane. Some of the membrane-span-
ning domains make up the pathway
through which protons are pumped.
The catalytic domain, including the
aspartic acid residue that becomes
phosphorylated during the catalytic
cycle, is on the cytosolic face of the
membrane.

Like other enzymes, the plasma
membrane ATPase is regulated by
the concentration of substrate (ATP),
pH, temperature, and other factors.
In addition, H+-ATPase molecules
can be reversibly activated or deac-
tivated by specific signals, such as
light, hormones, pathogen attack,
and the like. This type of regulation
is mediated by a specialized autoin-
hibitory domain at the C-terminal end of the polypeptide
chain, which acts to regulate the activity of the proton
pump (see Figure 6.15). If the autoinhibitory domain is
removed through the action of a protease, the enzyme
becomes irreversibly activated (Palmgren 2001).

The autoinhibitory effect of the C-terminal domain can
also be regulated through the action of protein kinases and
phosphatases that add or remove phosphate groups to ser-
ine or threonine residues on the autoinhibitory domain of the
enzyme. For example, one mechanism of response to
pathogens in tomato involves the activation of protein phos-
phatases that dephosphorylate residues on the plasma
membrane H+-ATPase, thereby activating it (Vera-Estrella
et al. 1994). This is one step in a cascade of responses that
activate plant defenses.

The Vacuolar H+-ATPase Drives Solute
Accumulation into Vacuoles
Because plant cells increase their size primarily by taking
up water into large, central vacuoles, the osmotic pressure
of the vacuole must be maintained sufficiently high for
water to enter from the cytoplasm. The tonoplast regulates
the traffic of ions and metabolites between the cytosol and

the vacuole, just as the plasma membrane regulates uptake
into the cell. Tonoplast transport became a vigorous area of
research following the development of methods for the iso-
lation of intact vacuoles and tonoplast vesicles (see Web
Topic 6.5). These studies led to the discovery of a new type
of proton-pumping ATPase, which transports protons into
the vacuole (see Figure 6.11).

The vacuolar H+-ATPase (also called V-ATPase) differs
both structurally and functionally from the plasma mem-
brane H+-ATPase. The vacuolar ATPase is more closely
related to the F-ATPases of mitochondria and chloroplasts
(see Chapter 11). Because the hydrolysis of ATP by the vac-
uolar ATPase does not involve the formation of a phos-
phorylated intermediate, vacuolar ATPases are insensitive
to vanadate, the inhibitor of plasma membrane ATPases
discussed earlier. Vacuolar ATPases are specifically inhib-
ited by the antibiotic bafilomycin, as well as by high con-
centrations of nitrate, neither of which inhibit plasma mem-
brane ATPases. Use of these selective inhibitors makes it
possible to identify different types of ATPases, and to assay
their activity.

Vacuolar ATPases belong to a general class of ATPases
that are present on the endomembrane systems of all

FIGURE 6.15 Two-dimensional rep-
resentation of the plasma membrane
H+-ATPase. The H+-ATPase has 10
transmembrane segments. The regu-
latory domain is the autoinhibitory
domain. (From Palmgren 2001.)
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eukaryotes. They are large enzyme complexes, about 750
kDa, composed of at least ten different subunits (Lüttge
and Ratajczak 1997). These subunits are organized into a
peripheral catalytic complex, V1, and an integral membrane
channel complex, V0 (Figure 6.16). Because of their simi-
larities to F-ATPases, vacuolar ATPases are assumed to
operate like tiny rotary motors (see Chapter 11).

Vacuolar ATPases are electrogenic proton pumps that trans-
port protons from the cytoplasm to the vacuole and generate
a proton motive force across the tonoplast. The electrogenic
proton pumping accounts for the fact that the vacuole is typ-
ically 20 to 30 mV more positive than the cytoplasm, although
it is still negative relative to the external medium. To maintain
bulk electrical neutrality, anions such as Cl– or malate2– are
transported from the cytoplasm into the vacuole through
channels in the membrane (Barkla and Pantoja 1996). Without
the simultaneous movement of anions along with the pumped
protons, the charge buildup across the tonoplast would make
the pumping of additional protons energetically impossible.

The conservation of bulk electrical neutrality by anion
transport makes it possible for the vacuolar H+-ATPase to
generate a large concentration (pH) gradient of protons
across the tonoplast. This gradient accounts for the fact that
the pH of the vacuolar sap is typically about 5.5, while the
cytoplasmic pH is 7.0 to 7.5. Whereas the electrical compo-
nent of the proton motive force drives the uptake of anions
into the vacuole, the electrochemical-potential gradient for
H+ (∆mm~H+) is harnessed to drive the uptake of cations and
sugars into the vacuole via secondary transport (antiporter)
systems (see Figure 6.11).

Although the pH of most plant vacuoles is mildly acidic
(about 5.5), the pH of the vacuoles of some species is much
lower—a phenomenon termed hyperacidification. Vacuolar
hyperacidification is the cause of the sour taste of certain
fruits (lemons) and vegetables (rhubarb). Some extreme
examples are listed in Table 6.2. Biochemical studies with
lemon fruits have suggested that the low pH of the lemon
fruit vacuoles (specifically, those of the juice sac cells) is
due to a combination of factors:

• The low permeability of the vacuolar membrane to
protons permits a steeper pH gradient to build up.

• A specialized vacuolar ATPase is able to pump pro-
tons more efficiently (with less wasted energy) than
normal vacuolar ATPases can (Müller et al. 1997).
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FIGURE 6.16 Model of the V-ATPase rotary motor. Many polypep-
tide subunits come together to make this complex enzyme. The V1
catalytic complex is easily dissociated from the membrane, and
contains the nucleotide-binding and catalytic sites. Components of
V1 are designated by uppercase letters. The intrinsic membrane
complex mediating H+ transport is designated V0, and its subunits
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catalyzed by each of the A subunits, acting in sequence, drive the
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subunits relative to subunit a is thought to drive the transport of
H+ across the membrane. (Based on an illustration courtesy of M.
F. Manolson.)

TABLE 6.2
The vacuolar pH of some hyperacidifying plant 
species

Tissue Species pHa

Fruits
Lime (Citrus aurantifolia) 1.7
Lemon (Citrus limonia) 2.5
Cherry (Prunus cerasus) 2.5
Grapefruit (Citrus paradisi) 3.0

Leaves
Rosette oxalis (Oxalis deppei) 1.3
Wax begonia 1.5

(Begonia semperflorens)
Begonia ‘Lucerna’ 0.9 – 1.4
Oxalis sp. 1.9 – 2.6
Sorrel (Rumex sp.) 2.6
Prickly Pear 1.4 (6:45 A.M.)

(Opuntia phaeacantha)b 5.5 (4:00 P.M.)

Source: Data from Small 1946.
a The values represent the pH of the juice or expressed sap of each
tissue, usually a good indicator of vacuolar pH.
b The vacuolar pH of the cactus Opuntia phaeacantha varies with the
time of day. As will be discussed in Chapter 8, many desert succu-
lents have a specialized type of photosynthesis, called crassulacean
acid metabolism (CAM), that causes the pH of the vacuoles to
decrease during the night.



• The accumulation of organic acids such as citric,
malic, and oxalic acids helps maintain the low pH of
the vacuole by acting as buffers.

Plant Vacuoles Are Energized by a Second Proton
Pump, the H+-Pyrophosphatase
Another type of proton pump, an H+-pyrophosphatase
(H+-PPase) (Rea et al. 1998), appears to work in parallel
with the vacuolar ATPase to create a proton gradient across
the tonoplast (see Figure 6.11). This enzyme consists of a
single polypeptide that has a molecular mass of 80 kDa.
The H+-PPase harnesses its energy from the hydrolysis of
inorganic pyrophosphate (PPi).

The free energy released by PPi hydrolysis is less than that
from ATP hydrolysis. However, the vacuolar H+-PPase trans-
ports only one H+ ion per PPi molecule hydrolyzed, whereas
the vacuolar ATPase appears to transport two H+ ions per
ATP hydrolyzed. Thus the energy available per H+ ion trans-
ported appears to be the same, and the two enzymes appear
to be able to generate comparable H+ gradients.

In some plants the synthesis of the vacuolar H+-PPase is
induced by low O2 levels (hypoxia) or by chilling. This
indicates that the vacuolar H+-PPase might function as a
backup system to maintain essential cell metabolism under
conditions in which ATP supply is depleted because of the
inhibition of respiration by hypoxia or chilling. It is of inter-
est that the plant vacuolar H+-PPase is not found in ani-
mals or yeast, although a similar enzyme is present in some
bacteria and protists.

Large metabolites such as flavonoids, anthocyanins and
secondary products of metabolism are sequestered in the
vacuole. These large molecules are transported into vac-
uoles by ATP-binding cassette (ABC) transporters. Trans-
port processes by the ABC transporters consume ATP and
do not depend on a primary electrochemical gradient (see
Web Topic 6.6). Recent studies have shown that ABC trans-
porters can also be found at the plasma membrane and in
mitochondria (Theodoulou 2000).

Calcium Pumps, Antiports, and Channels Regulate
Intracellular Calcium
Calcium is another important ion whose concentration is
strongly regulated. Calcium concentrations in the cell wall
and the apoplastic (extracellular) spaces are usually in the
millimolar range; free cytosolic Ca2+ concentrations are
maintained at the micromolar (10–6 M) range, against the
large electrochemical-potential gradient that drives Ca2+

diffusion into the cell. 
Small fluctuations in cytosolic Ca2+ concentration dras-

tically alter the activities of many enzymes, making cal-
cium an important second messenger in signal transduc-
tion. Most of the calcium in the cell is stored in the central
vacuole, where it is taken up via Ca2+–H+ antiporters,
which use the electrochemical potential of the proton gra-
dient to energize the accumulation of calcium into the vac-

uole (Bush 1995). Mitochondria and the endoplasmic retic-
ulum also store calcium within the cells.

Calcium efflux from the vacuole into the cytosol may in
some cells be triggered by inositol trisphosphate (IP3). IP3,
which appears to act as a “second messenger” in certain sig-
nal transduction pathways, induces the opening of IP3-gated
calcium channels on the tonoplast and endoplasmic reticu-
lum (ER). (For a more detailed description of these sensory
transduction pathways see Chapter 14 on the web site.)

Calcium ATPases are found at the plasma membrane
(Chung et al. 2000) and in some endomembranes of plant
cells (see Figure 6.11). Plant cells regulate cytosolic Ca2+ con-
centrations by controlling the opening of Ca2+ channels that
allow calcium to diffuse in, as well as by modulating the
activity of pumps that drive Ca2+ out of the cytoplasm back
into the extracellular spaces. Whereas the plasma membrane
calcium pumps move calcium out of the cell, the calcium
pumps on the ER transport calcium into the ER lumen.

ION TRANSPORT IN ROOTS
Mineral nutrients absorbed by the root are carried to the
shoot by the transpiration stream moving through the
xylem (see Chapter 4). Both the initial uptake of nutrients
and the subsequent movement of mineral ions from the
root surface across the cortex and into the xylem are highly
specific, well-regulated processes.

Ion transport across the root obeys the same biophysi-
cal laws that govern cellular transport. However, as we
have seen in the case of water movement (see Chapter 4),
the anatomy of roots imposes some special constraints on
the pathway of ion movement. In this section we will dis-
cuss the pathways and mechanisms involved in the radial
movement of ions from the root surface to the tracheary
elements of the xylem.

Solutes Move through Both Apoplast and
Symplast
Thus far, our discussion of cellular ion transport has not
included the cell wall. In terms of the transport of small
molecules, the cell wall is an open lattice of polysaccharides
through which mineral nutrients diffuse readily. Because
all plant cells are separated by cell walls, ions can diffuse
across a tissue (or be carried passively by water flow)
entirely through the cell wall space without ever entering
a living cell. This continuum of cell walls is called the extra-
cellular space, or apoplast (see Figure 4.3).

We can determine the apoplastic volume of a slice of
plant tissue by comparing the uptake of 3H-labeled water
and 14C-labeled mannitol. Mannitol is a nonpermeating
sugar alcohol that diffuses within the extracellular space
but cannot enter the cells. Water, on the other hand, freely
penetrates both the cells and the cell walls. Measurements
of this type usually show that 5 to 20% of the plant tissue
volume is occupied by cell walls.
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Just as the cell walls form a continuous phase, so do the
cytoplasms of neighboring cells, collectively referred to as
the symplast. Plant cells are interconnected by cytoplasmic
bridges called plasmodesmata (see Chapter 1), cylindrical
pores 20 to 60 nm in diameter (see Figure 1.27). Each plas-
modesma is lined with a plasma membrane and contains a
narrow tubule, the desmotubule, that is a continuation of
the endoplasmic reticulum.

In tissues where significant amounts of intercellular
transport occur, neighboring cells contain large numbers of
plasmodesmata, up to 15 per square micrometer of cell sur-
face (Figure 6.17). Specialized secretory cells, such as floral
nectaries and leaf salt glands, appear to have high densi-
ties of plasmodesmata; so do the cells near root tips, where
most nutrient absorption occurs.

By injecting dyes or by making electrical-resistance mea-
surements on cells containing large numbers of plasmod-
esmata, investigators have shown that ions, water, and
small solutes can move from cell to cell through these
pores. Because each plasmodesma is partly occluded by the
desmotubule and associated proteins (see Chapter 1), the
movement of large molecules such as proteins through the
plasmodesmata requires special mechanisms (Ghoshroy et
al. 1997). Ions, on the other hand, appear to move from cell
to cell through the entire plant by simple diffusion through
the symplast (see Chapter 4).

Ions Moving through the Root Cross Both
Symplastic and Apoplastic Spaces
Ion absorption by the roots (see Chapter 5) is more pro-
nounced in the root hair zone than in the meristem and

elongation zones. Cells in the root hair zone have com-
pleted their elongation but have not yet begun secondary
growth. The root hairs are simply extensions of specific epi-
dermal cells that greatly increase the surface area available
for ion absorption.

An ion that enters a root may immediately enter the
symplast by crossing the plasma membrane of an epider-
mal cell, or it may enter the apoplast and diffuse between
the epidermal cells through the cell walls. From the apoplast
of the cortex, an ion may either cross the plasma membrane
of a cortical cell, thus entering the symplast, or diffuse radi-
ally all the way to the endodermis via the apoplast. In all
cases, ions must enter the symplast before they can enter the
stele, because of the presence of the Casparian strip.

The apoplast forms a continuous phase from the root
surface through the cortex. At the boundary between the
vascular cylinder (the stele) and the cortex is a layer of spe-
cialized cells, the endodermis. As discussed in Chapters 4
and 5, a suberized cell layer in the endodermis, known as
the Casparian strip, effectively blocks the entry of water
and mineral ions into the stele via the apoplast.

Once an ion has entered the stele through the symplas-
tic connections across the endodermis, it continues to dif-
fuse from cell to cell into the xylem. Finally, the ion reen-
ters the apoplast as it diffuses into a xylem tracheid or
vessel element. Again, the Casparian strip prevents the ion
from diffusing back out of the root through the apoplast.
The presence of the Casparian strip allows the plant to
maintain a higher ionic concentration in the xylem than
exists in the soil water surrounding the roots.

Xylem Parenchyma Cells Participate in Xylem
Loading
Once ions have been taken up into the symplast of the root
at the epidermis or cortex, they must be loaded into the tra-
cheids or vessel elements of the stele to be translocated to
the shoot. The stele consists of dead tracheary elements and
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the living xylem parenchyma. Because the xylem tracheary
elements are dead cells, they lack cytoplasmic continuity
with surrounding xylem parenchyma. To enter the tra-
cheary elements, the ions must exit the symplast by cross-
ing a plasma membrane a second time. 

The process whereby ions exit the symplast and enter
the conducting cells of the xylem is called xylem loading.
The mechanism of xylem loading has long baffled scien-
tists. Ions could enter the tracheids and vessel elements of
the xylem by simple passive diffusion. In this case, the
movement of ions from the root surface to the xylem
would take only a single step requiring metabolic energy.
The site of this single-step, energy-dependent uptake
would be the plasma membrane surfaces of the root epi-
dermal, cortical, or endodermal cells. According to the pas-
sive-diffusion model, ions move passively into the stele via
the symplast down a gradient of electrochemical potential,
and then leak out of the living cells of the stele (possibly
because of lower oxygen availability in the interior of the
root) into the nonliving conducting cells of the xylem.

Support for the passive-diffusion model was provided
by use of ion-specific microelectrodes to measure the elec-
trochemical potentials of various ions across maize roots
(Figure 6.18) (Dunlop and Bowling 1971). Data from this
and other studies indicate that K+, Cl–, Na+, SO4

2–, and

NO3
– are all taken up actively by the epidermal and corti-

cal cells and are maintained in the xylem against a gradi-
ent of electrochemical potential when compared with the
external medium (Lüttge and Higinbotham 1979). How-
ever, none of these ions is at a higher electrochemical
potential in the xylem than in the cortex or living portions
of the stele. Therefore, the final movement of ions into the
xylem could be due to passive diffusion.

However, other observations have led to the view that
this final step of xylem loading may also involve active
processes within the stele (Lüttge and Higinbotham 1979).
With the type of apparatus shown in Figure 6.19, it is pos-
sible to make simultaneous measurements of ion uptake
into the epidermal or cortical cytoplasm and of ion loading
into the xylem.

By using treatments with inhibitors and plant hormones,
investigators have shown that ion uptake by the cortex and
ion loading into the xylem operate independently. For
example, treatment with the protein synthesis inhibitor
cycloheximide or with the cytokinin benzyladenine inhibits
xylem loading without affecting uptake by the cortex. This
result indicates that efflux from the stelar cells is regulated
independently from uptake by the cortical cells.

Recent biochemical studies have supported a role for
the xylem parenchyma cells in xylem loading. The plasma
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FIGURE 6.18 Diagram showing electrochemical potentials
of K+ and Cl– across a maize root. To determine the electro-
chemical potentials, the root was bathed in a solution con-
taining 1 mM KCl and 0.1 mM CaCl2. A reference electrode
was positioned in the bathing solution, and an ion-sensitive
measuring electrode was inserted in different cells of the
root. The horizontal axis shows the different tissues found
in a root cross section. The substantial increase in electro-

chemical potential for both K+ and Cl– between the bathing
medium and the epidermis indicates that ions are taken up
into the root by an active transport process. In contrast, the
potentials decrease at the xylem vessels, suggesting that
ions are transported into the xylem by passive diffusion
down the gradient of electrochemical potential. (After
Dunlop and Bowling 1971.) 



membranes of xylem parenchyma cells contain proton
pumps, water channels, and a variety of ion channels spe-
cialized for influx or efflux (Maathuis et al. 1997). In barley
xylem parenchyma, two types of cation efflux channels
have been identified: K+-specific efflux channels and non-
selective cation efflux channels. These channels are regu-
lated by both the membrane potential and the cytosolic cal-
cium concentration (De Boer and Wegner 1997). This
finding suggests that the flux of ions from the xylem
parenchyma cells into the xylem tracheary elements, rather
than being due to simple leakage, is under tight metabolic
control through regulation of the plasma membrane H+-
ATPase and ion efflux channels.

SUMMARY
The movement of molecules and ions from one location to
another is known as transport. Plants exchange solutes and
water with their environment and among their tissues and
organs. Both local and long-distance transport processes in
plants are controlled largely by cellular membranes.

Forces that drive biological transport, which include
concentration gradients, electric-potential gradients, and
hydrostatic pressures, are integrated by an expression
called the electrochemical potential. Transport of solutes
down a chemical gradient (e.g., by diffusion) is known as
passive transport. Movement of solutes against a chemical-
potential gradient is known as active transport and
requires energy input.

The extent to which a membrane permits or restricts the
movement of a substance is called membrane permeabil-
ity. The permeability depends on the chemical properties
of the particular solute and on the lipid composition of the
membrane, as well as on the membrane proteins that facil-
itate the transport of specific substances.

When cations and anions move passively across a mem-
brane at different rates, the electric potential that develops
is called the diffusion potential. For each ion, the relation-
ship between the voltage difference across the membrane
and the distribution of the ion at equilibrium is described
by the Nernst equation. The Nernst equation shows that at
equilibrium the difference in concentration of an ion

between two compartments is balanced by the voltage dif-
ference between the compartments. That voltage difference,
or membrane potential, is seen in all living cells because of
the asymmetric ion distributions between the inside and
outside of the cells. 

The electrical effects of different ions diffusing simul-
taneously across a cell membrane are summed by the
Goldman equation. Electrogenic pumps, which carry out
active transport and carry a net charge, change the mem-
brane potential from the value created by diffusion.

Membranes contain specialized proteins—channels, car-
riers, and pumps—that facilitate solute transport. Channels
are transport proteins that span the membrane, forming
pores through which solutes diffuse down their gradient
of electrochemical potentials. Carriers bind a solute on one
side of the membrane and release it on the other side.
Transport specificity is determined largely by the proper-
ties of channels and carriers.

A family of H+-pumping ATPases provides the primary
driving force for transport across the plasma membrane of
plant cells. Two other kinds of electrogenic proton pumps
serve this purpose at the tonoplast. Plant cells also have cal-
cium-pumping ATPases that participate in the regulation
of intracellular calcium concentrations, as well as ATP-
binding cassette transporters that use the energy of ATP to
transport large anionic molecules. The gradient of electro-
chemical potential generated by H+ pumping is used to
drive the transport of other substances in a process called
secondary transport. 

Genetic studies have revealed many genes, and their
corresponding transport proteins, that account for the ver-
satility of plant transport. Patch clamp electrophysiology
provides unique information on ion channels, and it
enables measurement of the permeability and gating of
individual channel proteins.

Solutes move between cells either through the extra-
cellular spaces (the apoplast) or from cytoplasm to cyto-
plasm (via the symplast). Cytoplasms of neighboring cells
are connected by plasmodesmata, which facilitate sym-
plastic transport. When an ion enters the root, it may be
taken up into the cytoplasm of an epidermal cell, or it may
diffuse through the apoplast into the root cortex and enter
the symplast through a cortical cell. From the symplast,
the ion is loaded into the xylem and transported to the
shoot.
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to one of them (in this case compartment A). The rate of disap-
pearance of the tracer from compartment A gives a measure of
ion uptake, and the rate of appearance in compartment B pro-
vides a measurement of xylem loading. (From Lüttge and
Higinbotham 1979.)



Web Material

Web Topics
6.1 Relating the Membrane Potential to the

Distribution of Several Ions across the
Membrane: The Goldman Equation

A brief explanation of the use of the Goldman
equation to calculate the membrane permeabil-
ity of more than one ion.

6.2 Patch Clamp Studies in Plant Cells

The electrophysiological method of patch
clamping as applied to plant cells is described,
with some specific examples.

6.3 Chemiosmosis in Action

The chemiosmotic theory explains how electrical
and concentration gradients are used to perform
cellular work.

6.4 Kinetic Analysis of Multiple Transporter Systems

Application of principles on enzyme kinetics to
transport systems provides an effective way to
characterize different carriers.

6.5 Transport Studies with Isolated Vacuoles and
Membrane Vesicles

Certain experimental techniques enable the iso-
lation of tonoplasts and plasma membranes for
study.

6.6 ABC Transporters in Plants

ATP-binding cassette (ABC) transporters are a
large family of active transport proteins ener-
gized directly by ATP.

Web Essay
6.1 Potassium Channels

Several plant K+ channels have been characterized.
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Photosynthesis:
The Light Reactions7

Chapter

LIFE ON EARTH ULTIMATELY DEPENDS ON ENERGY derived from
the sun. Photosynthesis is the only process of biological importance that
can harvest this energy. In addition, a large fraction of the planet’s
energy resources results from photosynthetic activity in either recent or
ancient times (fossil fuels). This chapter introduces the basic physical
principles that underlie photosynthetic energy storage and the current
understanding of the structure and function of the photosynthetic appa-
ratus (Blankenship 2002).

The term photosynthesis means literally “synthesis using light.” As we
will see in this chapter, photosynthetic organisms use solar energy to
synthesize carbon compounds that cannot be formed without the input
of energy. More specifically, light energy drives the synthesis of carbo-
hydrates from carbon dioxide and water with the generation of oxygen:

6 CO2 +  6 H2O → C6H12O6 +   6 O2
Carbon Water Carbohydrate Oxygen
dioxide

Energy stored in these molecules can be used later to power cellular
processes in the plant and can serve as the energy source for all forms 
of life.

This chapter deals with the role of light in photosynthesis, the struc-
ture of the photosynthetic apparatus, and the processes that begin with
the excitation of chlorophyll by light and culminate in the synthesis of
ATP and NADPH.

PHOTOSYNTHESIS IN HIGHER PLANTS
The most active photosynthetic tissue in higher plants is the mesophyll
of leaves. Mesophyll cells have many chloroplasts, which contain the
specialized light-absorbing green pigments, the chlorophylls. In photo-
synthesis, the plant uses solar energy to oxidize water, thereby releasing
oxygen, and to reduce carbon dioxide, thereby forming large carbon
compounds, primarily sugars. The complex series of reactions that cul-



minate in the reduction of CO2 include the thylakoid reac-
tions and the carbon fixation reactions.

The thylakoid reactions of photosynthesis take place in
the specialized internal membranes of the chloroplast
called thylakoids (see Chapter 1). The end products of
these thylakoid reactions are the high-energy compounds
ATP and NADPH, which are used for the synthesis of sug-
ars in the carbon fixation reactions. These synthetic
processes take place in the stroma of the chloroplasts, the
aqueous region that surrounds the thylakoids. The thy-
lakoid reactions of photosynthesis are the subject of this
chapter; the carbon fixation reactions are discussed in
Chapter 8.

In the chloroplast, light energy is converted into chem-
ical energy by two different functional units called photo-
systems. The absorbed light energy is used to power the
transfer of electrons through a series of compounds that act
as electron donors and electron acceptors. The majority of
electrons ultimately reduce NADP+ to NADPH and oxi-
dize H2O to O2. Light energy is also used to generate a pro-
ton motive force (see Chapter 6) across the thylakoid mem-
brane, which is used to synthesize ATP.

GENERAL CONCEPTS
In this section we will explore the essential concepts that
provide a foundation for an understanding of photosyn-
thesis. These concepts include the nature of light, the prop-
erties of pigments, and the various roles of pigments.

Light Has Characteristics of Both 
a Particle and a Wave
A triumph of physics in the early twentieth century was the
realization that light has properties of both particles and
waves. A wave (Figure 7.1) is
characterized by a wave-
length, denoted by the Greek
letter lambda (l), which is the
distance between successive
wave crests. The frequency,
represented by the Greek let-
ter nu (n), is the number of
wave crests that pass an
observer in a given time. A
simple equation relates the
wavelength, the frequency,
and the speed of any wave:

c = ln (7.1)

where c is the speed of the
wave—in the present case,
the speed of light (3.0 × 108 m
s–1). The light wave is a trans-
verse (side-to-side) electro-
magnetic wave, in which

both electric and magnetic fields oscillate perpendicularly
to the direction of propagation of the wave and at 90° with
respect to each other.

Light is also a particle, which we call a photon. Each
photon contains an amount of energy that is called a quan-
tum (plural quanta). The energy content of light is not con-
tinuous but rather is delivered in these discrete packets, the
quanta. The energy (E) of a photon depends on the fre-
quency of the light according to a relation known as
Planck’s law:

E = hn (7.2) 

where h is Planck’s constant (6.626 × 10–34 J s).
Sunlight is like a rain of photons of different frequencies.

Our eyes are sensitive to only a small range of frequen-
cies—the visible-light region of the electromagnetic spec-
trum (Figure 7.2). Light of slightly higher frequencies (or
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FIGURE 7.1 Light is a transverse electromagnetic wave,
consisting of oscillating electric and magnetic fields that are
perpendicular to each other and to the direction of propa-
gation of the light. Light moves at a speed of 3 × 108 m s–1.
The wavelength (l) is the distance between successive
crests of the wave.

10–3 10–1 10 103 105 107 109 1011 1013 1015

1020 1018 1016 1014 1012 1010 108 106 104 102

Gamma
ray

High energy Low energy

Radio
wave

Ultra-
violetX-ray Infrared Microwave

Wavelength, l (nm)

Frequency, n (Hz)

Type of radiation

400 700Visible spectrum

FIGURE 7.2 Electromagnetic spectrum. Wavelength (λ) and frequency (ν) are
inversely related. Our eyes are sensitive to only a narrow range of wavelengths of
radiation, the visible region, which extends from about 400 nm (violet) to about 700
nm (red). Short-wavelength (high-frequency) light has a high energy content; long-
wavelength (low-frequency) light has a low energy content.



shorter wavelengths) is in the ultravi-
olet region of the spectrum, and light
of slightly lower frequencies (or longer
wavelengths) is in the infrared region.
The output of the sun is shown in Fig-
ure 7.3, along with the energy density
that strikes the surface of Earth. The
absorption spectrum of chlorophyll a
(curve C in Figure 7.3) indicates ap-
proximately the portion of the solar
output that is utilized by plants.

An absorption spectrum (plural
spectra) displays the amount of light
energy taken up or absorbed by a mol-
ecule or substance as a function of the
wavelength of the light. The absorp-
tion spectrum for a particular substance in a nonabsorbing
solvent can be determined by a spectrophotometer as illus-
trated in Figure 7.4. Spectrophotometry, the technique used
to measure the absorption of light by a sample, is more
completely discussed in Web Topic 7.1.

When Molecules Absorb or Emit Light, They
Change Their Electronic State
Chlorophyll appears green to our eyes because it absorbs
light mainly in the red and blue parts of the spectrum, so
only some of the light enriched in green wavelengths
(about 550 nm) is reflected into our eyes (see Figure 7.3).

The absorption of light is represented by Equation 7.3,
in which chlorophyll (Chl) in its lowest-energy, or ground,
state absorbs a photon (represented by hn) and makes a
transition to a higher-energy, or excited, state (Chl*):

Chl + hn → Chl* (7.3)

The distribution of electrons in the excited molecule is
somewhat different from the distribution in the ground-
state molecule (Figure 7.5) Absorption of blue light excites
the chlorophyll to a higher energy state than absorption of
red light because the energy of photons is higher when
their wavelength is shorter. In the higher excited state,
chlorophyll is extremely unstable, very rapidly gives up
some of its energy to the surroundings as heat, and enters
the lowest excited state, where it can be stable for a maxi-
mum of several nanoseconds (10–9 s). Because of this inher-
ent instability of the excited state, any process that captures
its energy must be extremely rapid.

In the lowest excited state, the excited chlorophyll has
four alternative pathways for disposing of its available
energy.

1. Excited chlorophyll can re-emit a photon and thereby
return to its ground state—a process known as fluo-
rescence. When it does so, the wavelength of fluores-
cence is slightly longer (and of lower energy) than the
wavelength of absorption because a portion of the
excitation energy is converted into heat before the flu-
orescent photon is emitted. Chlorophylls fluoresce in
the red region of the spectrum.

2. The excited chlorophyll can return to its ground state
by directly converting its excitation energy into heat,
with no emission of a photon.
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FIGURE 7.3 The solar spectrum and its relation to the
absorption spectrum of chlorophyll. Curve A is the energy
output of the sun as a function of wavelength. Curve B is
the energy that strikes the surface of Earth. The sharp val-
leys in the infrared region beyond 700 nm represent the
absorption of solar energy by molecules in the atmosphere,
chiefly water vapor. Curve C is the absorption spectrum of
chlorophyll, which absorbs strongly in the blue (about 430
nm) and the red (about 660 nm) portions of the spectrum.
Because the green light in the middle of the visible region is
not efficiently absorbed, most of it is reflected into our eyes
and gives plants their characteristic green color.

1.0

1.5

2.0

0.5

400 800 1200
Wavelength, l

Ir
ra

d
ia

n
ce

 W
 m

–2
 n

m
–1

1600 2000

Visible 
spectrum

Solar output

Energy at Earth‘s surface

Absorption of 
chlorophyll

I0 I

Light Prism
Monochromator

Sample
Transmitted
light

Monochromatic incident light

Photodetector
Recorder
or computer

l(nm)

A

FIGURE 7.4 Schematic diagram of a spectrophotometer. The instrument consists
of a light source, a monochromator that contains a wavelength selection device
such as a prism, a sample holder, a photodetector, and a recorder or computer.
The output wavelength of the monochromator can be changed by rotation of the
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3. Chlorophyll may participate in energy transfer, dur-
ing which an excited chlorophyll transfers its energy
to another molecule.

4. A fourth process is photochemistry, in which the
energy of the excited state causes chemical reactions
to occur. The photochemical reactions of photosyn-
thesis are among the fastest known chemical reac-
tions. This extreme speed is necessary for photo-
chemistry to compete with the three other possible
reactions of the excited state just described.

Photosynthetic Pigments Absorb the Light That
Powers Photosynthesis

The energy of sunlight is first absorbed by the pigments of
the plant. All pigments active in photosynthesis are found
in the chloroplast. Structures and absorption spectra of sev-
eral photosynthetic pigments are shown in Figures 7.6 and
7.7, respectively. The chlorophylls and bacteriochloro-
phylls (pigments found in certain bacteria) are the typical
pigments of photosynthetic organisms, but all organisms
contain a mixture of more than one kind of pigment, each
serving a specific function.

Chlorophylls a and b are abundant in green plants, and
c and d are found in some protists and cyanobacteria. A
number of different types of bacteriochlorophyll have been
found; type a is the most widely distributed. Web Topic 7.2
shows the distribution of pigments in different types of
photosynthetic organisms.

All chlorophylls have a complex ring structure that is
chemically related to the porphyrin-like groups found in
hemoglobin and cytochromes (see Figure 7.6A). In addition,
a long hydrocarbon tail is almost always attached to the ring
structure. The tail anchors the chlorophyll to the hydropho-
bic portion of its environment. The ring structure contains
some loosely bound electrons and is the part of the molecule
involved in electron transitions and redox reactions.

The different types of carotenoids found in photosyn-
thetic organisms are all linear molecules with multiple con-
jugated double bonds (see Figure 7.6B). Absorption bands
in the 400 to 500 nm region give carotenoids their charac-
teristic orange color. The color of carrots, for example, is due
to the carotenoid β-carotene, whose structure and absorp-

tion spectrum are shown in Figures 7.6 and 7.7, respectively.
Carotenoids are found in all photosynthetic organisms,

except for mutants incapable of living outside the labora-
tory. Carotenoids are integral constituents of the thylakoid
membrane and are usually associated intimately with both
antenna and reaction center pigment proteins. The light
absorbed by the carotenoids is transferred to chlorophyll
for photosynthesis; because of this role they are called
accessory pigments.

KEY EXPERIMENTS IN UNDERSTANDING
PHOTOSYNTHESIS
Establishing the overall chemical equation of photosyn-
thesis required several hundred years and contributions by

many scientists (literature references for
historical developments can be found on
the web site). In 1771, Joseph Priestley
observed that a sprig of mint growing in
air in which a candle had burned out
improved the air so that another candle
could burn. He had discovered oxygen
evolution by plants. A Dutchman, Jan
Ingenhousz, documented the essential role
of light in photosynthesis in 1779.

Other scientists established the roles of
CO2 and H2O and showed that organic
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FIGURE 7.6 Molecular structure of some photosynthetic pigments. (A) The
chlorophylls have a porphyrin-like ring structure with a magnesium atom
(Mg) coordinated in the center and a long hydrophobic hydrocarbon tail
that anchors them in the photosynthetic membrane. The porphyrin-like ring
is the site of the electron rearrangements that occur when the chlorophyll is
excited and of the unpaired electrons when it is either oxidized or reduced.
Various chlorophylls differ chiefly in the substituents around the rings and
the pattern of double bonds. (B) Carotenoids are linear polyenes that serve
as both antenna pigments and photoprotective agents. (C) Bilin pigments
are open-chain tetrapyrroles found in antenna structures known as phyco-
bilisomes that occur in cyanobacteria and red algae.
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FIGURE 7.7 Absorption spectra of some photosynthetic
pigments. Curve 1, bacteriochlorophyll a; curve 2, chlorophyll
a; curve 3, chlorophyll b; curve 4, phycoerythrobilin; curve 5,
β-carotene. The absorption spectra shown are for pure pig-
ments dissolved in nonpolar solvents, except for curve 4,
which represents an aqueous buffer of phycoerythrin, a pro-
tein from cyanobacteria that contains a phycoerythrobilin
chromophore covalently attached to the peptide chain. In
many cases the spectra of photosynthetic pigments in vivo
are substantially affected by the environment of the pigments
in the photosynthetic membrane. (After Avers 1985.)
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matter, specifically carbohydrate, is a product of photo-
synthesis along with oxygen. By the end of the nineteenth
century, the balanced overall chemical reaction for photo-
synthesis could be written as follows:

(7.4)

where C6H12O6 represents a simple sugar such as glucose.
As will be discussed in Chapter 8, glucose is not the actual
product of the carbon fixation reactions. However, the ener-
getics for the actual products is approximately the same, so
the representation of glucose in Equation 7.4 should be
regarded as a convenience but not taken literally.

The chemical reactions of photosynthesis are complex. In
fact, at least 50 intermediate reaction steps have now been
identified, and undoubtedly additional steps will be discov-
ered. An early clue to the chemical nature of the essential
chemical process of photosynthesis came in the 1920s from
investigations of photosynthetic bacteria that did not produce
oxygen as an end product. From his studies on these bacte-
ria, C. B. van Niel concluded that photosynthesis is a redox
(reduction–oxidation) process. This conclusion has been con-
firmed, and it has served as a fundamental concept on which
all subsequent research on photosynthesis has been based.

We now turn to the relationship between photosynthetic
activity and the spectrum of absorbed light. We will discuss
some of the critical experiments that have contributed to
our present understanding of photosynthesis, and we will
consider equations for essential chemical reactions of pho-
tosynthesis.

Action Spectra Relate Light Absorption to
Photosynthetic Activity
The use of action spectra has been central to the develop-
ment of our current understanding of photosynthesis. An
action spectrum depicts the magnitude of a response of a
biological system to light, as a function of wavelength. For
example, an action spectrum for photosynthesis can be con-
structed from measurements of oxygen evolution at dif-
ferent wavelengths (Figure 7.8). Often an action spectrum
can identify the chromophore (pigment) responsible for a
particular light-induced phenomenon.

Some of the first action spectra were measured by T. W.
Engelmann in the late 1800s (Figure 7.9). Engelmann used
a prism to disperse sunlight into a rainbow that was
allowed to fall on an aquatic algal filament. A population
of O2-seeking bacteria was introduced into the system. The

6 6 62 2 6 12 2CO H O C H O OLight, plant
6+  →  +

116 Chapter 7

A
b

so
rb

an
ce

 (
   

   
   

 )
 o

r
O

2 
ev

o
lu

ti
o

n
 r

at
e 

( 
   

   
   

)

Absorption spectrum

Action spectrum

400 500 600 700 800

Wavelength (nm)

Visible spectrum Infrared

FIGURE 7.8 Action spectrum compared with an absorption
spectrum. The absorption spectrum is measured as shown
in Figure 7.4. An action spectrum is measured by plotting a
response to light such as oxygen evolution, as a function of
wavelength. If the pigment used to obtain the absorption
spectrum is the same as those that cause the response, the
absorption and action spectra will match. In the example
shown here, the action spectrum for oxygen evolution
matches the absorption spectrum of intact chloroplasts quite
well, indicating that light absorption by the chlorophylls
mediates oxygen evolution. Discrepancies are found in the
region of carotenoid absorption, from 450 to 550 nm, indi-
cating that energy transfer from carotenoids to chlorophylls
is not as effective as energy transfer between chlorophylls.
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FIGURE 7.9 Schematic diagram of the action spectrum measurements by T. W.
Engelmann. Engelmann projected a spectrum of light onto the spiral chloroplast
of the filamentous green alga Spirogyra and observed that oxygen-seeking bacteria
introduced into the system collected in the region of the spectrum where chloro-
phyll pigments absorb. This action spectrum gave the first indication of the effec-
tiveness of light absorbed by accessory pigments in driving photosynthesis.



bacteria congregated in the regions of the filaments that
evolved the most O2. These were the regions illuminated
by blue light and red light, which are strongly absorbed by
chlorophyll. Today, action spectra can be measured in
room-sized spectrographs in which a huge monochroma-
tor bathes the experimental samples in monochromatic
light. But the principle of the experiment is the same as that
of Engelmann’s experiments.

Action spectra were very important for the discovery of
two distinct photosystems operating in O2-evolving pho-
tosynthetic organisms. Before we introduce the two pho-
tosystems, however, we need to describe the light-gather-
ing antennas and the energy needs of photosynthesis.

Photosynthesis Takes Place in Complexes
Containing Light-Harvesting Antennas and
Photochemical Reaction Centers
A portion of the light energy absorbed by chlorophylls and
carotenoids is eventually stored as chemical energy via the
formation of chemical bonds. This conversion of energy
from one form to another is a complex process that
depends on cooperation between many pigment molecules
and a group of electron transfer proteins.

The majority of the pigments serve as an antenna com-
plex, collecting light and transferring the energy to the
reaction center complex, where the chemical oxidation and
reduction reactions leading to long-term energy storage
take place (Figure 7.10). Molecular structures of some of the
antenna and reaction center complexes are discussed later
in the chapter.

How does the plant benefit from this division of labor
between antenna and reaction center pigments? Even in
bright sunlight, a chlorophyll molecule absorbs only a few
photons each second. If every chlorophyll had a complete
reaction center associated with it, the enzymes that make
up this system would be idle most of the time, only occa-
sionally being activated by photon absorption. However, if
many pigments can send energy into a common reaction
center, the system is kept active a large fraction of the time.

In 1932, Robert Emerson and William Arnold performed
a key experiment that provided the first evidence for the
cooperation of many chlorophyll molecules in energy con-
version during photosynthesis. They delivered very brief
(10–5 s) flashes of light to a suspension of the green alga
Chlorella pyrenoidosa and measured the amount of oxygen
produced. The flashes were spaced about 0.1 s apart, a time
that Emerson and Arnold had determined in earlier work
was long enough for the enzymatic steps of the process to
be completed before the arrival of the next flash. The inves-
tigators varied the energy of the flashes and found that at
high energies the oxygen production did not increase when
a more intense flash was given: The photosynthetic system
was saturated with light (Figure 7.11).

In their measurement of the relationship of oxygen pro-
duction to flash energy, Emerson and Arnold were sur-
prised to find that under saturating conditions, only one
molecule of oxygen was produced for each 2500 chloro-
phyll molecules in the sample. We know now that several
hundred pigments are associated with each reaction cen-
ter and that each reaction center must operate four times
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FIGURE 7.10 Basic concept of energy transfer during photo-
synthesis. Many pigments together serve as an antenna,
collecting light and transferring its energy to the reaction
center, where chemical reactions store some of the energy
by transferring electrons from a chlorophyll pigment to an
electron acceptor molecule. An electron donor then reduces
the chlorophyll again. The transfer of energy in the antenna
is a purely physical phenomenon and involves no chemical
changes. 
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to produce one molecule of oxygen—hence the value of
2500 chlorophylls per O2.

The reaction centers and most of the antenna complexes
are integral components of the photosynthetic membrane.
In eukaryotic photosynthetic organisms, these membranes
are found within the chloroplast; in photosynthetic
prokaryotes, the site of photosynthesis is the plasma mem-
brane or membranes derived from it.

The graph shown in Figure 7.11 permits us to calculate
another important parameter of the light reactions of pho-
tosynthesis, the quantum yield. The quantum yield of pho-
tosynthesis ( ) is defined as follows:

(7.5)

In the linear portion (low light intensity) of the curve, an
increase in the number of photons stimulates a propor-
tional increase in oxygen evolution. Thus the slope of the
curve measures the quantum yield for oxygen production.
The quantum yield for a particular process can range from
0 (if that process does not respond to light) to 1.0 (if every
photon absorbed contributes to the process). A more
detailed discussion of quantum yields can be found in Web
Topic 7.3.

In functional chloroplasts kept in dim light, the quan-
tum yield of photochemistry is approximately 0.95, the
quantum yield of fluorescence is 0.05 or lower, and the
quantum yields of other processes are negligible. The vast
majority of excited chlorophyll molecules therefore lead to
photochemistry.

The Chemical Reaction of Photosynthesis Is 
Driven by Light
It is important to realize that equilibrium for the chemical
reaction shown in Equation 7.4 lies very far in the direction
of the reactants. The equilibrium constant for Equation 7.4,
calculated from tabulated free energies of formation for
each of the compounds involved, is about 10–500. This num-
ber is so close to zero that one can be quite confident that
in the entire history of the universe no molecule of glucose
has formed spontaneously from H2O and CO2 without
external energy being provided. The energy needed to
drive the photosynthetic reaction comes from light. Here’s
a simpler form of Equation 7.4:

(7.6)

where (CH2O) is one-sixth of a glucose molecule. About
nine or ten photons of light are required to drive the reac-
tion of Equation 7.6.

Although the photochemical quantum yield under
optimum conditions is nearly 100%, the efficiency of the
conversion of light into chemical energy is much less. If red

light of wavelength 680 nm is absorbed, the total energy
input (see Equation 7.2) is 1760 kJ per mole of oxygen
formed. This amount of energy is more than enough to
drive the reaction in Equation 7.6, which has a standard-
state free-energy change of +467 kJ mol–1. The efficiency of
conversion of light energy at the optimal wavelength into
chemical energy is therefore about 27%, which is remark-
ably high for an energy conversion system. Most of this
stored energy is used for cellular maintenance processes;
the amount diverted to the formation of biomass is much
less (see Figure 9.2).

There is no conflict between the fact that the photo-
chemical quantum efficiency (quantum yield) is nearly 1
(100%) and the energy conversion efficiency is only 27%.
The quantum efficiency is a measure of the fraction of
absorbed photons that engage in photochemistry; the
energy efficiency is a measure of how much energy in the
absorbed photons is stored as chemical products. The
numbers indicate that almost all the absorbed photons
engage in photochemistry, but only about a fourth of the
energy in each photon is stored, the remainder being con-
verted to heat.

Light Drives the Reduction of NADP and the
Formation of ATP
The overall process of photosynthesis is a redox chemical
reaction, in which electrons are removed from one chemi-
cal species, thereby oxidizing it, and added to another
species, thereby reducing it. In 1937, Robert Hill found that
in the light, isolated chloroplast thylakoids reduce a vari-
ety of compounds, such as iron salts. These compounds
serve as oxidants in place of CO2, as the following equation
shows:

4 Fe3+ + 2 H2O → 4 Fe2+ + O2 + 4 H+ (7.7)

Many compounds have since been shown to act as artifi-
cial electron acceptors in what has come to be known as the
Hill reaction. Their use has been invaluable in elucidating
the reactions that precede carbon reduction.

We now know that during the normal functioning of the
photosynthetic system, light reduces nicotinamide adenine
dinucleotide phosphate (NADP), which in turn serves as
the reducing agent for carbon fixation in the Calvin cycle
(see Chapter 8). ATP is also formed during the electron
flow from water to NADP, and it, too, is used in carbon
reduction.

The chemical reactions in which water is oxidized to
oxygen, NADP is reduced, and ATP is formed are known
as the thylakoid reactions because almost all the reactions up
to NADP reduction take place within the thylakoids. The
carbon fixation and reduction reactions are called the
stroma reactions because the carbon reduction reactions take
place in the aqueous region of the chloroplast, the stroma.

CO H O CH O OLight, plant
2 2 2 2+  → ( ) +

F = Number of photochemical products
Total number of quanta absorbed

F
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Although this division is somewhat arbitrary, it is concep-
tually useful.

Oxygen-Evolving Organisms Have Two
Photosystems That Operate in Series
By the late 1950s, several experiments were puzzling the
scientists who studied photosynthesis. One of these exper-
iments carried out by Emerson, measured the quantum
yield of photosynthesis as a function of wavelength and
revealed an effect known as the red drop (Figure 7.12).

If the quantum yield is measured for the wavelengths at
which chlorophyll absorbs light, the values found through-
out most of the range are fairly constant, indicating that
any photon absorbed by chlorophyll or other pigments is
as effective as any other photon in driving photosynthesis.
However, the yield drops dramatically in the far-red region
of chlorophyll absorption (greater than 680 nm).

This drop cannot be caused by a decrease in chlorophyll
absorption because the quantum yield measures only light
that has actually been absorbed. Thus, light with a wave-
length greater than 680 nm is much less efficient than light
of shorter wavelengths.

Another puzzling experimental result was the enhance-
ment effect, also discovered by Emerson. He measured the
rate of photosynthesis separately with light of two differ-
ent wavelengths and then used the two beams simultane-
ously (Figure 7.13). When red and far-red light were given
together, the rate of photosynthesis was greater than the
sum of the individual rates. This was a startling and sur-
prising observation.

These observations were eventually explained by exper-
iments performed in the 1960s (see Web Topic 7.4) that led
to the discovery that two photochemical complexes, now
known as photosystems I and II (PSI and PSII), operate in
series to carry out the early energy storage reactions of pho-
tosynthesis.

Photosystem I preferentially absorbs far-red light of
wavelengths greater than 680 nm; photosystem II prefer-
entially absorbs red light of 680 nm and is driven very
poorly by far-red light. This wavelength dependence
explains the enhancement effect and the red drop effect.
Another difference between the photosystems is that

• Photosystem I produces a strong reductant, capable of
reducing NADP+, and a weak oxidant.

• Photosystem II produces a very strong oxidant, capa-
ble of oxidizing water, and a weaker reductant than
the one produced by photosystem I.

The reductant produced by photosystem II re-reduces the
oxidant produced by photosystem I. These properties of
the two photosystems are shown schematically in Figure
7.14.

The scheme of photosynthesis depicted in Figure 7.14,
called the Z (for zigzag) scheme, has become the basis for
understanding O2-evolving (oxygenic) photosynthetic
organisms. It accounts for the operation of two physically
and chemically distinct photosystems (I and II), each with
its own antenna pigments and photochemical reaction cen-
ter. The two photosystems are linked by an electron trans-
port chain.
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FIGURE 7.12 Red drop effect. The quantum yield of photo-
synthesis (black curve) falls off drastically for far-red light of
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dip near 500 nm reflects the somewhat lower efficiency of
photosynthesis using light absorbed by accessory pigments,
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FIGURE 7.13 Enhancement effect. The rate of photosynthe-
sis when red and far-red light are given together is greater
than the sum of the rates when they are given apart. The
enhancement effect provided essential evidence in favor of
the concept that photosynthesis is carried out by two pho-
tochemical systems working in tandem but with slightly
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ORGANIZATION OF THE
PHOTOSYNTHETIC APPARATUS
The previous section explained some of the physical prin-
ciples underlying photosynthesis, some aspects of the func-
tional roles of various pigments, and some of the chemical
reactions carried out by photosynthetic organisms. We now
turn to the architecture of the photosynthetic apparatus
and the structure of its components.

The Chloroplast Is the Site of Photosynthesis
In photosynthetic eukaryotes, photosynthesis takes place
in the subcellular organelle known as the chloroplast. Fig-
ure 7.15 shows a transmission electron micrograph of a thin
section from a pea chloroplast. The most striking aspect of
the structure of the chloroplast is the extensive system of
internal membranes known as thylakoids. All the chloro-
phyll is contained within this membrane system, which is
the site of the light reactions of photosynthesis.

The carbon reduction reactions, which are catalyzed by
water-soluble enzymes, take place in the stroma (plural
stromata), the region of the chloroplast outside the thy-
lakoids. Most of the thylakoids appear to be very closely
associated with each other. These stacked membranes are
known as grana lamellae (singular lamella; each stack is
called a granum), and the exposed membranes in which
stacking is absent are known as stroma lamellae.

Two separate membranes, each composed of a lipid
bilayer and together known as the envelope, surround most
types of chloroplasts (Figure 7.16). This double-membrane
system contains a variety of metabolite transport systems.
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center chlorophylls in PSII and PSI, respectively. 

Stroma

Stroma
lamellae

(not
stacked)

Outer and
inner 

membranes

Thylakoid

Grana
lamellae
(stacked)
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plast from pea (Pisum sativum), fixed in glutaraldehyde 
and OsO4, embedded in plastic resin, and thin-sectioned
with an ultramicrotome. (14,500×) (Courtesy of J. Swafford.)



The chloroplast also contains its
own DNA, RNA, and ribosomes.
Many of the chloroplast proteins
are products of transcription and
translation within the chloroplast
itself, whereas others are encoded
by nuclear DNA, synthesized on
cytoplasmic ribosomes, and then
imported into the chloroplast. This
remarkable division of labor,
extending in many cases to differ-
ent subunits of the same enzyme
complex, will be discussed in more
detail later in this chapter. For some
dynamic structures of chloroplasts
see Web Essay 7.1.

Thylakoids Contain Integral
Membrane Proteins

A wide variety of proteins essential to photo-
synthesis are embedded in the thylakoid
membranes. In many cases, portions of these
proteins extend into the aqueous regions on
both sides of the thylakoids. These integral
membrane proteins contain a large propor-
tion of hydrophobic amino acids and are
therefore much more stable in a nonaqueous
medium such as the hydrocarbon portion of
the membrane (see Figure 1.5A).

The reaction centers, the antenna pig-
ment–protein complexes, and most of the electron trans-
port enzymes are all integral membrane proteins. In all
known cases, integral membrane proteins of the chloro-
plast have a unique orientation within the membrane. Thy-
lakoid membrane proteins have one region pointing
toward the stromal side of the membrane and the other ori-
ented toward the interior portion of the thylakoid, known
as the lumen (see Figures 7.16 and 7.17).

The chlorophylls and accessory light-gathering pig-
ments in the thylakoid membrane are always associated in
a noncovalent but highly specific way with proteins. Both
antenna and reaction center chlorophylls are associated
with proteins that are organized within the membrane so
as to optimize energy transfer in antenna complexes and
electron transfer in reaction centers, while at the same time
minimizing wasteful processes.
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FIGURE 7.16 Schematic picture of the overall organization of the mem-
branes in the chloroplast. The chloroplast of higher plants is surrounded
by the inner and outer membranes (envelope). The region of the chloro-
plast that is inside the inner membrane and surrounds the thylakoid
membranes is known as the stroma. It contains the enzymes that cat-
alyze carbon fixation and other biosynthetic pathways. The thylakoid
membranes are highly folded and appear in many pictures to be stacked
like coins, although in reality they form one or a few large intercon-
nected membrane systems, with a well-defined interior and exterior with
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lumen. (After Becker 1986.)
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FIGURE 7.17 Predicted folding pattern of the D1 protein of
the PSII reaction center. The hydrophobic portion of the
membrane is traversed five times by the peptide chain rich
in hydrophobic amino acid residues. The protein is asym-
metrically arranged in the thylakoid membrane, with the
amino (NH2) terminus on the stromal side of the membrane
and the carboxyl (COOH) terminus on the lumen side.
(After Trebst 1986.)



Photosystems I and II Are Spatially Separated in
the Thylakoid Membrane

The PSII reaction center, along with its antenna chloro-
phylls and associated electron transport proteins, is located
predominantly in the grana lamellae (Figure 7.18) (Allen
and Forsberg 2001). 

The PSI reaction center and its associated antenna pig-
ments and electron transfer proteins, as well as the cou-
pling-factor enzyme that catalyzes the formation of ATP,
are found almost exclusively in the stroma lamellae and at
the edges of the grana lamellae. The cytochrome b6 f com-
plex of the electron transport chain that connects the 
two photosystems (see Figure 7.21) is evenly distributed
between stroma and grana.

Thus the two photochemical events that take place in
O2-evolving photosynthesis are spatially separated. This
separation implies that one or more of the electron carriers
that function between the photosystems diffuses from the
grana region of the membrane to the stroma region, where
electrons are delivered to photosystem I.

In PSII, the oxidation of two water molecules produces
four electrons, four protons, and a single O2 (see Equation
7.8). The protons produced by this oxidation of water must
also be able to diffuse to the stroma region, where ATP is
synthesized. The functional role of this large separation
(many tens of nanometers) between photosystems I and II
is not entirely clear but is thought to improve the efficiency
of energy distribution between the two photosystems
(Trissl and Wilhelm 1993; Allen and Forsberg 2001).

The spatial separation between photosystems I and II
indicates that a strict one-to-one stoichiometry between the
two photosystems is not required. Instead, PSII reaction
centers feed reducing equivalents into a common interme-
diate pool of soluble electron carriers (plastoquinone),
which will be described in detail later in the chapter. The
PSI reaction centers remove the reducing equivalents from
the common pool, rather than from any specific PSII reac-
tion center complex.

Most measurements of the relative quantities of photo-
systems I and II have shown that there is an excess of pho-
tosystem II in chloroplasts. Most commonly, the ratio of
PSII to PSI is about 1.5:1, but it can change when plants are
grown in different light conditions.

Anoxygenic Photosynthetic Bacteria Have a
Reaction Center Similar to That of Photosystem II
Non-O2-evolving (anoxygenic) organisms, such as the pur-
ple photosynthetic bacteria of the genera Rhodobacter and
Rhodopseudomonas, contain only a single photosystem.
These simpler organisms have been very useful for detailed
structural and functional studies that have contributed to
a better understanding of oxygenic photosynthesis.

Hartmut Michel, Johann Deisenhofer, Robert Huber, and
coworkers in Munich resolved the three-dimensional struc-
ture of the reaction center from the purple photosynthetic
bacterium Rhodopseudomonas viridis (Deisenhofer and
Michel 1989). This landmark achievement, for which a
Nobel Prize was awarded in 1988, was the first high-reso-
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lution, X-ray structural determination for an integral mem-
brane protein, and the first structural determination for a
reaction center complex (see Figures 7.5.A and 7.5.B in Web
Topic 7.5). Detailed analysis of these structures, along with
the characterization of numerous mutants, has revealed
many of the principles involved in the energy storage
processes carried out by all reaction centers.

The structure of the bacterial reaction center is thought
to be similar in many ways to that found in photosystem II
from oxygen-evolving organisms, especially in the electron
acceptor portion of the chain. The proteins that make up
the core of the bacterial reaction center are relatively simi-
lar in sequence to their photosystem II counterparts, imply-
ing an evolutionary relatedness.

ORGANIZATION OF LIGHT-ABSORBING
ANTENNA SYSTEMS
The antenna systems of different classes of photosynthetic
organisms are remarkably varied, in contrast to the reaction
centers, which appear to be similar in even distantly related
organisms. The variety of antenna complexes reflects evo-
lutionary adaptation to the diverse environments in which
different organisms live, as well as the need in some organ-
isms to balance energy input to the two photosystems
(Grossman et al. 1995; Green and Durnford 1996).

Antenna systems function to deliver energy efficiently
to the reaction centers with which they are associated (van
Grondelle et al. 1994; Pullerits and Sundström 1996). The
size of the antenna system varies considerably in different
organisms, ranging from a low of 20 to 30 bacteriochloro-
phylls per reaction center in some photosynthetic bacteria,
to generally 200 to 300 chlorophylls per reaction center in
higher plants, to a few thousand pigments per reaction cen-
ter in some types of algae and bacteria. The molecular
structures of antenna pigments are also quite diverse,
although all of them are associated in some way with the
photosynthetic membrane.

The physical mechanism by which excitation energy is
conveyed from the chlorophyll that absorbs the light to the
reaction center is thought to be resonance transfer. By this
mechanism the excitation energy is transferred from one
molecule to another by a nonradiative process.

A useful analogy for resonance transfer is the transfer of
energy between two tuning forks. If one tuning fork is struck
and properly placed near another, the second tuning fork
receives some energy from the first and begins to vibrate. As
in resonance energy transfer in antenna complexes, the effi-
ciency of energy transfer between the two tuning forks
depends on their distance from each other and their relative
orientation, as well as their pitches or vibrational frequencies.

Energy transfer in antenna complexes is very efficient:
Approximately 95 to 99% of the photons absorbed by the
antenna pigments have their energy transferred to the reac-
tion center, where it can be used for photochemistry. There
is an important difference between energy transfer among

pigments in the antenna and the electron transfer that
occurs in the reaction center: Whereas energy transfer is a
purely physical phenomenon, electron transfer involves
chemical changes in molecules.

The Antenna Funnels Energy to the 
Reaction Center
The sequence of pigments within the antenna that funnel
absorbed energy toward the reaction center has absorption
maxima that are progressively shifted toward longer red
wavelengths (Figure 7.19). This red shift in absorption max-
imum means that the energy of the excited state is some-
what lower nearer the reaction center than in the more
peripheral portions of the antenna system.

As a result of this arrangement, when excitation is trans-
ferred, for example, from a chlorophyll b molecule absorbing
maximally at 650 nm to a chlorophyll a molecule absorbing
maximally at 670 nm, the difference in energy between these
two excited chlorophylls is lost to the environment as heat.

For the excitation to be transferred back to the chloro-
phyll b, the energy lost as heat would have to be resup-
plied. The probability of reverse transfer is therefore
smaller simply because thermal energy is not sufficient to
make up the deficit between the lower-energy and higher-
energy pigments. This effect gives the energy-trapping
process a degree of directionality or irreversibility and
makes the delivery of excitation to the reaction center more
efficient. In essence, the system sacrifices some energy from
each quantum so that nearly all of the quanta can be
trapped by the reaction center.

Many Antenna Complexes Have a Common
Structural Motif
In all eukaryotic photosynthetic organisms that contain both
chlorophyll a and chlorophyll b, the most abundant antenna
proteins are members of a large family of structurally
related proteins. Some of these proteins are associated pri-
marily with photosystem II and are called light-harvesting
complex II (LHCII) proteins; others are associated with
photosystem I and are called LHCI proteins. These antenna
complexes are also known as chlorophyll a/b antenna pro-
teins (Paulsen 1995; Green and Durnford 1996).

The structure of one of the LHCII proteins has been
determined by a combination of electron microscopy and
electron crystallography (Figure 7.20) (Kühlbrandt et al.
1994). The protein contains three α-helical regions and
binds about 15 chlorophyll a and b molecules, as well as a
few carotenoids. Only some of these pigments are visible
in the resolved structure. The structure of the LHCI pro-
teins has not yet been determined but is probably similar
to that of the LHCII proteins. All of these proteins have sig-
nificant sequence similarity and are almost certainly
descendants of a common ancestral protein (Grossman et
al. 1995; Green and Durnford 1996).

Light absorbed by carotenoids or chlorophyll b in the
LHC proteins is rapidly transferred to chlorophyll a and
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then to other antenna pigments that are intimately asso-
ciated with the reaction center. The LHCII complex is also
involved in regulatory processes, which are discussed later
in the chapter.

MECHANISMS OF ELECTRON TRANSPORT
Some of the evidence that led to the idea of two photochem-
ical reactions operating in series was discussed earlier in this
chapter. Here we will consider in detail the chemical reac-
tions involved in electron transfer during photosynthesis. We
will discuss the excitation of chlorophyll
by light and the reduction of the first
electron acceptor, the flow of electrons
through photosystems II and I, the oxi-
dation of water as the primary source of
electrons, and the reduction of the final
electron acceptor (NADP+). The chemios-
motic mechanism that mediates ATP syn-
thesis will be discussed in detail later in
the chapter (see “Proton Transport and
ATP Synthesis in the Chloroplast”).
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Electrons Ejected from Chlorophyll Travel Through
a Series of Electron Carriers Organized in the “Z
Scheme”
Figure 7.21 shows a current version of the Z scheme, in
which all the electron carriers known to function in elec-
tron flow from H2O to NADP+ are arranged vertically at
their midpoint redox potentials (see Web Topic 7.6 for fur-
ther detail). Components known to react with each other
are connected by arrows, so the Z scheme is really a syn-
thesis of both kinetic and thermodynamic information. The
large vertical arrows represent the input of light energy
into the system.

Photons excite the specialized chlorophyll of the reac-
tion centers (P680 for PSII, and P700 for PSI), and an elec-
tron is ejected. The electron then passes through a series of
electron carriers and eventually reduces P700 (for electrons
from PSII) or NADP+ (for electrons from PSI). Much of the
following discussion describes the journeys of these elec-
trons and the nature of their carriers.

Almost all the chemical processes that make up the light
reactions of photosynthesis are carried out by four major
protein complexes: photosystem II, the cytochrome b6 f com-
plex, photosystem I, and the ATP synthase. These four inte-
gral membrane complexes are vectorially oriented in the
thylakoid membrane to function as follows (Figure 7.22):

• Photosystem II oxidizes water to O2 in the thylakoid
lumen and in the process releases protons into the
lumen.

• Cytochrome b6 f receives electrons from PSII and
delivers them to PSI. It also transports additional
protons into the lumen from the stroma.

• Photosystem I reduces NADP+ to NADPH in the
stroma by the action of ferredoxin (Fd) and the flavo-
protein ferredoxin–NADP reductase (FNR).

• ATP synthase produces ATP as protons diffuse back
through it from the lumen into the stroma.
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FIGURE 7.21 Detailed Z scheme for O2-evolving photosyn-
thetic organisms. The redox carriers are placed at their mid-
point redox potentials (at pH 7). (1) The vertical arrows rep-
resent photon absorption by the reaction center chloro-
phylls: P680 for photosystem II (PSII) and P700 for photo-
system I (PSI). The excited PSII reaction center chlorophyll,
P680*, transfers an electron to pheophytin (Pheo). (2) On
the oxidizing side of PSII (to the left of the arrow joining
P680 with P680*), P680 oxidized by light is re-reduced by
Yz, that has received electrons from oxidation of water. (3)
On the reducing side of PSII (to the right of the arrow join-
ing P680 with P680*), pheophytin transfers electrons to the

acceptors QA and QB, which are plastoquinones. (4) The
cytochrome b6 f complex transfers electrons to plastocyanin
(PC), a soluble protein, which in turn reduces P700+ (oxi-
dized P700). (5) The acceptor of electrons from P700* (A0) is
thought to be a chlorophyll, and the next acceptor (A1) is a
quinone. A series of membrane-bound iron–sulfur proteins
(FeSX, FeSA, and FeSB) transfers electrons to soluble ferre-
doxin (Fd). (6) The soluble flavoprotein ferredoxin–NADP
reductase (FNR) reduces NADP+ to NADPH, which is used
in the Calvin cycle to reduce CO2 (see Chapter 8). The
dashed line indicates cyclic electron flow around PSI. (After
Blankenship and Prince 1985.)



Energy Is Captured When an Excited Chlorophyll
Reduces an Electron Acceptor Molecule
As discussed earlier, the function of light is to excite a spe-
cialized chlorophyll in the reaction center, either by direct
absorption or, more frequently, via energy transfer from an
antenna pigment. This excitation process can be envisioned
as the promotion of an electron from the highest-energy
filled orbital of the chlorophyll to the lowest-energy
unfilled orbital (Figure 7.23). The electron in the upper
orbital is only loosely bound to the chlorophyll and is eas-
ily lost if a molecule that can accept the electron is nearby.

The first reaction that converts electron energy into
chemical energy—that is, the primary photochemical
event—is the transfer of an electron from the excited state
of a chlorophyll in the reaction center to an acceptor mole-
cule. An equivalent way to view this process is that the
absorbed photon causes an electron rearrangement in the
reaction center chlorophyll, followed by an electron trans-
fer process in which part of the energy in the photon is cap-
tured in the form of redox energy.

Immediately after the photochemical event, the reaction
center chlorophyll is in an oxidized state (electron deficient,
or positively charged) and the nearby electron acceptor mol-
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tively. Dashed lines represent electron transfer; solid lines
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significant in reaction centers. (After Blankenship and
Prince 1985.)



ecule is reduced (electron rich, or negatively charged). The
system is now at a critical juncture. The lower-energy orbital
of the positively charged oxidized reaction center chloro-
phyll shown in Figure 7.23 has a vacancy and can accept an
electron. If the acceptor molecule donates its electron back
to the reaction center chlorophyll, the system will be
returned to the state that existed before the light excitation,
and all the absorbed energy will be converted into heat.

This wasteful recombination process, however, does not
appear to occur to any substantial degree in functioning
reaction centers. Instead, the acceptor transfers its extra
electron to a secondary acceptor and so on down the elec-
tron transport chain. The oxidized reaction center of the
chlorophyll that had donated an electron is re-reduced by
a secondary donor, which in turn is reduced by a tertiary
donor. In plants, the ultimate electron donor is H2O, and
the ultimate electron acceptor is NADP+ (see Figure 7.21).

The essence of photosynthetic energy storage is thus the
initial transfer of an electron from an excited chlorophyll to
an acceptor molecule, followed by a very rapid series of
secondary chemical reactions that separate the positive and
negative charges. These secondary reactions separate the
charges to opposite sides of the thylakoid membrane in
approximately 200 picoseconds (1 picosecond = 10–12 s).

With the charges thus separated, the reversal reaction is
many orders of magnitude slower, and the energy has been
captured. Each of the secondary electron transfers is accom-
panied by a loss of some energy, thus making the process
effectively irreversible. The quantum yield for the produc-
tion of stable products in purified reaction centers from
photosynthetic bacteria has been measured as 1.0; that is,
every photon produces stable products, and no reversal
reactions occur.

Although these types of measurements have not been
made on purified reaction centers from higher plants, the
measured quantum requirements for O2 production under
optimal conditions (low-intensity light) indicate that the
values for the primary photochemical events are very close
to 1.0. The structure of the reaction center appears to be
extremely fine-tuned for maximal rates of productive reac-
tions and minimal rates of energy-wasting reactions.

The Reaction Center Chlorophylls of the Two
Photosystems Absorb at Different Wavelengths
As discussed earlier in the chapter, PSI and PSII have dis-
tinct absorption characteristics. Precise measurements of
absorption maxima were made possible by optical changes
in the reaction center chlorophylls in the reduced and oxi-
dized states. The reaction center chlorophyll is transiently
in an oxidized state after losing an electron and before
being re-reduced by its electron donor.

In the oxidized state, the strong light absorbance in the
red region of the spectrum that is characteristic of chloro-
phylls is lost, or bleached. It is therefore possible to mon-
itor the redox state of these chlorophylls by time-resolved 

optical absorbance measurements in which this bleaching
is monitored directly (see Web Topic 7.1).

Using such techniques, Bessel Kok found that the reac-
tion center chlorophyll of photosystem I absorbs maximally
at 700 nm in its reduced state. Accordingly, this chlorophyll
is named P700 (the P stands for pigment). H. T. Witt and
coworkers found the analogous optical transient of photo-
system II at 680 nm, so its reaction center chlorophyll is
known as P680. Earlier, Louis Duysens had identified the
reaction center bacteriochlorophyll from purple photosyn-
thetic bacteria as P870.

The X-ray structure of the bacterial reaction center (see
Figures 7.5.A and 7.5.B in Web Topic 7.5) clearly indicates
that P870 is a closely coupled pair or dimer of bacteri-
ochlorophylls, rather than a single molecule. The primary
donor of photosystem I, P700, is a dimer of chlorophyll a
molecules. Photosystem II also contains a dimer of chloro-
phylls, although the primary donor, P680, may not reside
entirely on these pigments. In the oxidized state, reaction
center chlorophylls contain an unpaired electron. Mole-
cules with unpaired electrons often can be detected by a
magnetic-resonance technique known as electron spin res-
onance (ESR). ESR studies, along with the spectroscopic
measurements already described, have led to the discov-
ery of many intermediate electron carriers in the photo-
synthetic electron transport system.

The Photosystem II Reaction Center Is a
Multisubunit Pigment–Protein Complex
Photosystem II is contained in a multisubunit protein
supercomplex (Figure 7.24) (Barber et al. 1999). In higher
plants, the multisubunit protein supercomplex has two
complete reaction centers and some antenna complexes.
The core of the reaction center consists of two membrane
proteins known as D1 and D2, as well as other proteins, as
shown in Figure 7.25 (Zouni et al. 2001).

The primary donor chlorophyll (P680), additional chloro-
phylls, carotenoids, pheophytins, and plastoquinones (two
electron acceptors described in the following section) are
bound to the membrane proteins D1 and D2. These proteins
have some sequence similarity to the L and M peptides of
purple bacteria. Other proteins serve as antenna complexes
or are involved in oxygen evolution. Some, such as
cytochrome b559, have no known function but may be
involved in a protective cycle around photosystem II.

Water Is Oxidized to Oxygen by Photosystem II
Water is oxidized according to the following chemical reac-
tion (Hoganson and Babcock 1997):

2 H2O → O2 + 4 H+ + 4 e– (7.8)

This equation indicates that four electrons are removed from
two water molecules, generating an oxygen molecule and
four hydrogen ions. (For more on oxidation–reduction reac-
tions, see Chapter 2 on the web site and Web Topic 7.6.)
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Water is a very stable molecule. Oxidation of water to
form molecular oxygen is very difficult, and the photo-
synthetic oxygen-evolving complex is the only known bio-
chemical system that carries out this reaction. Photosyn-
thetic oxygen evolution is also the source of almost all the
oxygen in Earth’s atmosphere.

The chemical mechanism of photosynthetic water oxi-
dation is not yet known, although many studies have pro-
vided a substantial amount of information about the
process (see Web Topic 7.7 and Figure 7.26). The protons
produced by water oxidation are released into the lumen
of the thylakoid, not directly into the stromal compartment
(see Figure 7.22). They are released into the lumen because
of the vectorial nature of the membrane and the fact that
the oxygen-evolving complex is localized on the interior

surface of the thylakoid. These protons are eventually
transferred from the lumen to the stroma by translocation
through ATP synthase. In this way the protons released
during water oxidation contribute to the electrochemical
potential driving ATP formation.

It has been known for many years that manganese (Mn)
is an essential cofactor in the water-oxidizing process (see
Chapter 5), and a classic hypothesis in photosynthesis
research postulates that Mn ions undergo a series of oxida-
tions—which are known as S states, and are labeled S0, S1, S2,
S3, and S4 (see Web Topic 7.7)—that are perhaps linked to
H2O oxidation and the generation of O2 (see Figure 7.26).
This hypothesis has received strong support from a variety
of experiments, most notably X-ray absorption and ESR stud-
ies, both of which detect the manganese directly (Yachandra
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et al. 1996). Analytical experiments indicate that four Mn ions
are associated with each oxygen-evolving complex. Other
experiments have shown that Cl– and Ca2+ ions are essential
for O2 evolution (see Figure 7.26 and Web Topic 7.7). 

One electron carrier, generally identified as Yz, functions
between the oxygen-evolving complex and P680 (see Fig-
ures 7.21 and 7.26). To function in this region, Yz needs to
have a very strong tendency to retain its electrons. This
species has been identified as a radical formed from a tyro-
sine residue in the D1 protein of the PSII reaction center.

Pheophytin and Two Quinones Accept Electrons
from Photosystem II
Evidence from spectral and ESR studies indicates that pheo-
phytin acts as an early acceptor in photosystem II, followed
by a complex of two plastoquinones in close proximity to
an iron atom. Pheophytin is a chlorophyll in which the cen-
tral magnesium atom has been replaced by two hydrogen
atoms. This chemical change gives pheophytin chemical
and spectral properties that are slightly different from those
of chlorophyll. The precise arrangement of the carriers in
the electron acceptor complex is not known, but it is prob-
ably very similar to that of the reaction center of purple bac-
teria (for details, see Figure 7.5.B in Web Topic 7.5).

Two plastoquinones (QA and QB) are bound to the reac-
tion center and receive electrons from pheophytin in a
sequential fashion (Okamura et al. 2000). Transfer of the two
electrons to QB reduces it to QB

2–, and the reduced QB
2–

takes two protons from the stroma side of the medium,
yielding a fully reduced plastohydroquinone (QH2) (Figure
7.27). The plastohydroquinone then dissociates from the
reaction center complex and enters the hydrocarbon portion
of the membrane, where it in turn transfers its electrons to

the cytochrome b6 f complex. Unlike the large protein com-
plexes of the thylakoid membrane, hydroquinone is a small,
nonpolar molecule that diffuses readily in the nonpolar core
of the membrane bilayer.

Electron Flow through the Cytochrome b6f
Complex Also Transports Protons
The cytochrome b6 f complex is a large multisubunit pro-
tein with several prosthetic groups (Cramer et al. 1996;
Berry et al. 2000). It contains two b-type hemes and one c-
type heme (cytochrome f ). In c-type cytochromes the heme
is covalently attached to the peptide; in b-type cytochromes
the chemically similar protoheme group is not covalently
attached (Figure 7.28). In addition, the complex contains
a Rieske iron–sulfur protein (named for the scientist who
discovered it), in which two iron atoms are bridged by two
sulfur atoms.

The structures of cytochrome f and the related cyto-
chrome bc1 complex have been determined and suggest a
mechanism for electron and proton flow. The precise way
by which electrons and protons flow through the
cytochrome b6 f complex is not yet fully understood, but a
mechanism known as the Q cycle accounts for most of the
observations. In this mechanism, plastohydroquinone
(QH2) is oxidized, and one of the two electrons is passed
along a linear electron transport chain toward photosystem
I, while the other electron goes through a cyclic process that
increases the number of protons pumped across the mem-
brane (Figure 7.29).

In the linear electron transport chain, the oxidized Rieske
protein (FeSR) accepts an electron from plastohydroquinone
(QH2) and transfers it to cytochrome f (see Figure 7.29A).
Cytochrome f then transfers an electron to the blue-colored
copper protein plastocyanin (PC), which in turn reduces
oxidized P700 of PSI. In the cyclic part of the process (see
Figure 7.29B), the plastosemiquinone (see Figure 7.27) trans-
fers its other electron to one of the b-type hemes, releasing
both of its protons to the lumenal side of the membrane.

The b-type heme transfers its electron through the sec-
ond b-type heme to an oxidized quinone molecule, reduc-
ing it to the semiquinone form near the stromal surface of
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the complex. Another similar sequence of electron flow
fully reduces the plastoquinone, which picks up protons
from the stromal side of the membrane and is released
from the b6 f complex as plastohydroquinone.

The net result of two turnovers of the complex is that
two electrons are transferred to P700, two plastohydro-
quinones are oxidized to the quinone form, and one oxi-
dized plastoquinone is reduced to the hydroquinone form.
In addition, four protons are transferred from the stromal
to the lumenal side of the membrane.

By this mechanism, electron flow connecting the acceptor
side of the PSII reaction center to the donor side of the PSI
reaction center also gives rise to an electrochemical potential
across the membrane, due in part to H+ concentration differ-
ences on the two sides of the membrane. This electrochemi-
cal potential is used to power the synthesis of ATP. The cyclic
electron flow through the cytochrome b and plastoquinone
increases the number of protons pumped per electron
beyond what could be achieved in a strictly linear sequence.

Plastoquinone and Plastocyanin Carry Electrons
between Photosystems II and I
The location of the two photosystems at different sites on
the thylakoid membranes (see Figure 7.18) requires that at
least one component be capable of moving along or within
the membrane in order to deliver electrons produced by
photosystem II to photosystem I. The cytochrome b6 f com-
plex is distributed equally between the grana and the
stroma regions of the membranes, but its large size makes
it unlikely that it is the mobile carrier. Instead, plasto-
quinone or plastocyanin or possibly both are thought to
serve as mobile carriers to connect the two photosystems.

Plastocyanin is a small (10.5 kDa), water-soluble, cop-
per-containing protein that transfers electrons between the
cytochrome b6 f complex and P700. This protein is found in
the lumenal space (see Figure 7.29). In certain green algae
and cyanobacteria, a c-type cytochrome is sometimes found
instead of plastocyanin; which of these two proteins is syn-
thesized depends on the amount of copper available to the
organism.

The Photosystem I Reaction Center 
Reduces NADP+

The PSI reaction center complex is a large
multisubunit complex (Figure 7.30) (Jordan
et al. 2001). In contrast to PSII, a core
antenna consisting of about 100 chlorophylls
is a part of the PSI reaction center, P700. The
core antenna and P700 are bound to two
proteins, PsaA and PsaB, with molecular
masses in the range of 66 to 70 kDa (Brettel
1997; Chitnis 2001; see also Web Topic 7.8). 

The antenna pigments form a bowl sur-
rounding the electron transfer cofactors,
which are in the center of the complex. In
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their reduced form, the electron carriers that function in the
acceptor region of photosystem I are all extremely strong
reducing agents. These reduced species are very unstable and
thus difficult to identify. Evidence indicates that one of these
early acceptors is a chlorophyll molecule, and another is a
quinone species, phylloquinone, also known as vitamin K1.

Additional electron acceptors include a series of three
membrane-associated iron–sulfur proteins, or bound ferre-
doxins, also known as Fe–S centers FeSX, FeSA, and FeSB
(see Figure 7.30). Fe–S center X is part of the P700-binding
protein; centers A and B reside on an 8 kDa protein that is
part of the PSI reaction center complex. Electrons are trans-
ferred through centers A and B to ferredoxin (Fd), a small,
water-soluble iron–sulfur protein (see Figures 7.21 and 7.30).
The membrane-associated flavoprotein ferredoxin–NADP
reductase (FNR) reduces NADP+ to NADPH, thus com-
pleting the sequence of noncyclic electron transport that
begins with the oxidation of water (Karplus et al. 1991).

In addition to the reduction of NADP+, reduced ferre-
doxin produced by photosystem I has several other func-
tions in the chloroplast, such as the supply of reductants to
reduce nitrate and the regulation of some of the carbon fix-
ation enzymes (see Chapter 8).

Cyclic Electron Flow Generates ATP but no NADPH
Some of the cytochrome b6 f complexes are found in the
stroma region of the membrane, where photosystem I is
located. Under certain conditions cyclic electron flow from
the reducing side of photosystem I, through the b6 f com-
plex and back to P700, is known to occur. This cyclic elec-
tron flow is coupled to proton pumping into the lumen,
which can be utilized for ATP synthesis but does not oxi-
dize water or reduce NADP+. Cyclic electron flow is espe-
cially important as an ATP source in the bundle sheath
chloroplasts of some plants that carry out C4 carbon fixa-
tion (see Chapter 8).

Some Herbicides Block Electron Flow
The use of herbicides to kill unwanted plants is widespread
in modern agriculture. Many different classes of herbicides
have been developed, and they act by blocking amino acid,
carotenoid, or lipid biosynthesis or by disrupting cell divi-
sion. Other herbicides, such as DCMU (dichlorophenyl-
dimethylurea) and paraquat, block photosynthetic electron
flow (Figure 7.31). DCMU is also known as diuron.
Paraquat has acquired public notoriety because of its use
on marijuana crops.

Many herbicides, DCMU among them, act by blocking
electron flow at the quinone acceptors of photosystem II,
by competing for the binding site of plastoquinone that is
normally occupied by QB. Other herbicides, such as
paraquat, act by accepting electrons from the early accep-
tors of photosystem I and then reacting with oxygen to
form superoxide, O2

–, a species that is very damaging to
chloroplast components, especially lipids.

PROTON TRANSPORT AND ATP
SYNTHESIS IN THE CHLOROPLAST
In the preceding sections we learned how captured light
energy is used to reduce NADP+ to NADPH. Another frac-
tion of the captured light energy is used for light-dependent
ATP synthesis, which is known as photophosphorylation.
This process was discovered by Daniel Arnon and his
coworkers in the 1950s. In normal cellular conditions, pho-
tophosphorylation requires electron flow, although under
some conditions electron flow and photophosphorylation can
take place independently of each other. Electron flow with-
out accompanying phosphorylation is said to be uncoupled.

It is now widely accepted that photophosphorylation
works via the chemiosmotic mechanism, first proposed in
the 1960s by Peter Mitchell. The same general mechanism
drives phosphorylation during aerobic respiration in bac-
teria and mitochondria (see Chapter 11), as well as the
transfer of many ions and metabolites across membranes
(see Chapter 6). Chemiosmosis appears to be a unifying
aspect of membrane processes in all forms of life.
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In Chapter 6 we discussed the role of ATPases in
chemiosmosis and ion transport at the cell’s plasma mem-
brane. The ATP used by the plasma membrane ATPase is
synthesized by photophosphorylation in the chloroplast
and oxidative phosphorylation in the mitochondrion. Here
we are concerned with chemiosmosis and transmembrane
proton concentration differences used to make ATP in the
chloroplast.

The basic principle of chemiosmosis is that ion concen-
tration differences and electric-potential differences across
membranes are a source of free energy that can be utilized
by the cell. As described by the second law of thermody-
namics (see Chapter 2 on the web site for a detailed dis-
cussion), any nonuniform distribution of matter or energy
represents a source of energy. Differences in chemical
potential of any molecular species whose concentrations
are not the same on opposite sides of a membrane provide
such a source of energy.

The asymmetric nature of the photosynthetic membrane
and the fact that proton flow from one side of the mem-
brane to the other accompanies electron flow were dis-
cussed earlier. The direction of proton translocation is such
that the stroma becomes more alkaline (fewer H+ ions) and
the lumen becomes more acidic (more H+ ions) as a result
of electron transport (see Figures 7.22 and 7.29).

Some of the early evidence supporting a chemiosmotic
mechanism of photosynthetic ATP formation was provided
by an elegant experiment carried out by André Jagendorf
and coworkers (Figure 7.32). They suspended chloroplast
thylakoids in a pH 4 buffer, and the buffer diffused across
the membrane, causing the interior, as well as the exterior,
of the thylakoid to equilibrate at this acidic pH. They then
rapidly transferred the thylakoids to a pH 8 buffer, thereby

creating a pH difference of 4 units across the thylakoid
membrane, with the inside acidic relative to the outside.

They found that large amounts of ATP were formed
from ADP and Pi by this process, with no light input or
electron transport. This result supports the predictions of
the chemiosmotic hypothesis, described in the paragraphs
that follow.

Mitchell proposed that the total energy available for
ATP synthesis, which he called the proton motive force
(∆p), is the sum of a proton chemical potential and a trans-
membrane electric potential. These two components of the
proton motive force from the outside of the membrane to
the inside are given by the following equation:

∆p = ∆E − 59(pΗi − pΗο) (7.9)

where ∆E is the transmembrane electric potential, and pHi
– pHo (or ∆pH) is the pH difference across the membrane.
The constant of proportionality (at 25°C) is 59 mV per pH
unit, so a transmembrane pH difference of 1 pH unit is
equivalent to a membrane potential of 59 mV.

Under conditions of steady-state electron transport in
chloroplasts, the membrane electric potential is quite small
because of ion movement across the membrane, so ∆p
is built almost entirely by ∆pH. The stoichiometry of pro-
tons translocated per ATP synthesized has recently 
been found to be four H+ ions per ATP (Haraux and De
Kouchkovsky 1998).

In addition to the need for mobile electron carriers dis-
cussed earlier, the uneven distribution of photosystems II
and I, and of ATP synthase at the thylakoid membrane (see
Figure 7.18), poses some challenges for the formation of
ATP. ATP synthase is found only in the stroma lamellae
and at the edges of the grana stacks. Protons pumped
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across the membrane by the cytochrome b6 f complex or
protons produced by water oxidation in the middle of the
grana must move laterally up to several tens of nanometers
to reach ATP synthase.

The ATP is synthesized by a large (400 kDa) enzyme com-
plex known by several names: ATP synthase, ATPase (after
the reverse reaction of ATP hydrolysis), and CFo–CF1 (Boyer
1997). This enzyme consists of two parts: a hydrophobic
membrane-bound portion called CFo and a portion that
sticks out into the stroma called CF1 (Figure 7.33).

CFo appears to form a channel across the membrane
through which protons can pass. CF1 is made up of several
peptides, including three copies of each of the α and β pep-
tides arranged alternately much like the sections of an
orange. Whereas the catalytic sites are located largely on
the β polypeptide, many of the other peptides are thought
to have primarily regulatory functions. CF1 is the portion
of the complex that synthesizes ATP.

The molecular structure of the mitochondrial ATP syn-
thase has been determined by X-ray crystallography (Stock
et al. 1999). Although there are significant differences
between the chloroplast and mitochondrial enzymes, they

have the same overall architecture and probably nearly
identical catalytic sites. In fact, there are remarkable simi-
larities in the way electron flow is coupled to proton
translocation in chloroplasts, mitochondria, and purple
bacteria (Figure 7.34). Another remarkable aspect of the
mechanism of the ATP synthase is that the internal stalk
and probably much of the CFo portion of the enzyme rotate
during catalysis (Yasuda et al. 2001). The enzyme is actu-
ally a tiny molecular motor (see Web Topics 7.9 and 11.4).

REPAIR AND REGULATION OF THE
PHOTOSYNTHETIC MACHINERY
Photosynthetic systems face a special challenge. They are
designed to absorb large amounts of light energy and
process it into chemical energy. At the molecular level, the
energy in a photon can be damaging, particularly under
unfavorable conditions. In excess, light energy can lead to
the production of toxic species, such as superoxide, singlet
oxygen, and peroxide, and damage can occur if the light
energy is not dissipated safely (Horton et al. 1996; Asada
1999; Müller et al. 2001). Photosynthetic organisms there-
fore contain complex regulatory and repair mechanisms.
Some of these mechanisms regulate energy flow in the
antenna system, to avoid excess excitation of the reaction
centers and ensure that the two photosystems are equally
driven. Although very effective, these processes are not
entirely fail-safe, and sometimes toxic compounds are pro-
duced. Additional mechanisms are needed to dissipate
these compounds—in particular, toxic oxygen species.

Despite these protective and scavenging mechanisms,
damage can occur, and additional mechanisms are required
to repair the system. Figure 7.35 provides an overview of
the several levels of the regulation and repair systems.

Carotenoids Serve as Photoprotective Agents
In addition to their role as accessory pigments, carotenoids
play an essential role in photoprotection. The photosyn-
thetic membrane can easily be damaged by the large
amounts of energy absorbed by the pigments if this energy
cannot be stored by photochemistry; this is why a protec-
tion mechanism is needed. The photoprotection mecha-
nism can be thought of as a safety valve, venting excess
energy before it can damage the organism. When the
energy stored in chlorophylls in the excited state is rapidly
dissipated by excitation transfer or photochemistry, the
excited state is said to be quenched.

If the excited state of chlorophyll is not rapidly quenched
by excitation transfer or photochemistry, it can react with
molecular oxygen to form an excited state of oxygen known
as singlet oxygen (1O2*). The extremely reactive singlet oxy-
gen goes on to react with and damage many cellular com-
ponents, especially lipids. Carotenoids exert their photo-
protective action by rapidly quenching the excited state of
chlorophyll. The excited state of carotenoids does not have
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sufficient energy to form singlet oxygen, so it decays back
to its ground state while losing its energy as heat.

Mutant organisms that lack carotenoids cannot live in
the presence of both light and molecular oxygen—a rather
difficult situation for an O2-evolving photosynthetic organ-
ism. For non-O2-evolving photosynthetic bacteria, mutants
that lack carotenoids can be maintained under labora-
tory conditions if oxygen is excluded from the growth
medium.

Recently carotenoids were found to play a role in non-
photochemical quenching, which is a second protective
and regulatory mechanism.

Some Xanthophylls Also Participate in 
Energy Dissipation
Nonphotochemical quenching, a major process regulating
the delivery of excitation energy to the reaction center, can
be thought of as a “volume knob” that adjusts the flow of
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excitations to the PSII reaction center to a manageable level,
depending on the light intensity and other conditions. The
process appears to be an essential part of the regulation of
antenna systems in most algae and plants.

Nonphotochemical quenching is the quenching of
chlorophyll fluorescence (see Figure 7.5) by processes other
than photochemistry. As a result of nonphotochemical
quenching, a large fraction of the excitations in the antenna
system caused by intense illumination are quenched by
conversion into heat (Krause and Weis 1991). Nonphoto-
chemical quenching is thought to be involved in protecting
the photosynthetic machinery against overexcitation and
subsequent damage.

The molecular mechanism of nonphotochemical
quenching is not well understood, although it
is clear that the pH of the thylakoid lumen and
the state of aggregation of the antenna com-
plexes are important factors. Three carotenoids,
called xanthophylls, are involved in nonpho-
tochemical quenching: violaxanthin, antherax-
anthin, and zeaxanthin (Figure 7.36).

In high light, violaxanthin is converted into
zeaxanthin, via the intermediate antheraxan-
thin, by the enzyme violaxanthin de-epoxidase.
When light intensity decreases, the process is
reversed. Binding of protons and zeaxanthin to
light-harvesting antenna proteins is thought to
cause conformational changes that lead to
quenching and heat dissipation (Demmig-
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Adams and Adams 1992; Horton et al. 1996). Nonphoto-
chemical quenching appears to be preferentially associated
with a peripheral antenna complex of photosystem II, the
PsbS protein (Li et al. 2000).

The Photosystem II Reaction Center Is 
Easily Damaged
Another effect that appears to be a major factor in the sta-
bility of the photosynthetic apparatus is photoinhibition,
which occurs when excess excitation arriving at the PSII
reaction center leads to its inactivation and damage (Long
et al. 1994). Photoinhibition is a complex set of molecular
processes, defined as the inhibition of photosynthesis by
excess light.

As will be discussed in detail in Chapter 9, photoinhi-
bition is reversible in early stages. Prolongued inhibition,
however, results in damage to the system such that the PSII
reaction center must be disassembled and repaired (Melis
1999). The main target of this damage is the D1 protein that
makes up part of the PSII reaction center complex (see Fig-
ure 7.24). When D1 is damaged by excess light, it must be
removed from the membrane and replaced with a newly
synthesized molecule. The other components of the PSII
reaction center are not damaged by excess excitation and
are thought to be recycled, so the D1 protein is the only
component that needs to be synthesized.

Photosystem I Is Protected from Active 
Oxygen Species
Photosystem I is particularly vulnerable to damage from
active oxygen species. The ferredoxin acceptor of PSI is a very
strong reductant that can easily reduce molecular oxygen to
form superoxide (O2

–). This reduction competes with the nor-
mal channeling of electrons to the reduction of NADP+ and
other processes. Superoxide is one of a series of active oxy-
gen species that can be very damaging to biological mem-
branes. Superoxide formed in this way can be eliminated by
the action of a series of enzymes, including superoxide dis-
mutase and ascorbate peroxidase (Asada 1999).

Thylakoid Stacking Permits Energy 
Partitioning between the Photosystems
The fact that photosynthesis in higher plants is driven by
two photosystems with different light-absorbing properties
poses a special problem. If the rate of delivery of energy to
PSI and PSII is not precisely matched and conditions are
such that the rate of photosynthesis is limited by the avail-
able light (low light intensity), the rate of electron flow will
be limited by the photosystem that is receiving less energy.
In the most efficient situation, the input of energy would be
the same to both photosystems. However, no single
arrangement of pigments would satisfy this requirement
because at different times of day the light intensity and
spectral distribution tend to favor one photosystem or the
other (Trissl and Wilhelm 1993; Allen and Forsberg 2001).

This problem can be solved by a mechanism that shifts
energy from one photosystem to the other in response to
different conditions. Such a regulating mechanism has been
shown to operate in different experimental conditions. The
observation that the overall quantum yield of photosyn-
thesis is nearly independent of wavelength (see Figure
7.12) strongly suggests that such a mechanism exists.

Thylakoid membranes contain a protein kinase that can
phosphorylate a specific threonine residue on the surface of
LHCII, one of the membrane-bound antenna pigment pro-
teins described earlier in the chapter (see Figure 7.20). When
LHCII is not phosphorylated, it delivers more energy to
photosystem II, and when it is phosphorylated, it delivers
more energy to photosystem I (Haldrup et al. 2001).

The kinase is activated when plastoquinone, one of the
electron carriers between PSI and PSII, accumulates in the
reduced state. Reduced plastoquinone accumulates when
PSII is being activated more frequently than PSI. The phos-
phorylated LHCII then migrates out of the stacked regions
of the membrane into the unstacked regions (see Figure
7.18), probably because of repulsive interactions with neg-
ative charges on adjacent membranes.

The lateral migration of LHCII shifts the energy balance
toward photosystem I, which is located in the stroma
lamellae, and away from photosystem II, which is located
in the stacked membranes of the grana. This situation is
called state 2. If plastoquinone becomes more oxidized
because of excess excitation of photosystem I, the kinase is
deactivated and the level of phosphorylation of LHCII is
decreased by the action of a membrane-bound phos-
phatase. LHCII then moves back to the grana, and the sys-
tem is in state 1. The net result is a very precise control of
the energy distribution between the photosystems, allow-
ing the most efficient use of the available energy.

GENETICS, ASSEMBLY, AND EVOLUTION
OF PHOTOSYNTHETIC SYSTEMS
Chloroplasts have their own DNA, mRNA, and protein
synthesis machinery, but some chloroplast proteins are
encoded by nuclear genes and imported into the chloro-
plast. In this section we will consider the genetics, assem-
bly, and evolution of the main chloroplast components.

Chloroplast, Cyanobacterial, and Nuclear
Genomes Have Been Sequenced
The complete chloroplast genomes of several organisms
have been sequenced. Chloroplast DNA is circular and
ranges in size from 120 to 160 kilobases. The chloroplast
genome contains coding sequences for approximately 120
proteins. Some of these DNA sequences code for proteins
that are yet to be characterized. It is uncertain whether all
these genes are transcribed into mRNA and translated into
protein, but it seems likely that some chloroplast proteins
remain to be identified.
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The complete genome of the cyanobacterium Syne-
chocystis (strain PCC 6803) and the higher plant Arabidopsis
have been sequenced, and genomes of important crop
plants such as rice and maize have been completed (Kotani
and Tabata 1998; Arabidopsis Genome Initiative 2000).
Genomic data for both chloroplast and nuclear DNA will
provide new insights into the mechanism of photosynthe-
sis, as well as many other plant processes.

Chloroplast Genes Exhibit Non-Mendelian
Patterns of Inheritance
Chloroplasts and mitochondria reproduce by division
rather than by de novo synthesis. This mode of reproduc-
tion is not surprising, since these organelles contain genetic
information that is not present in the nucleus. During cell
division, chloroplasts are divided between the two daugh-
ter cells. In most sexual plants, however, only the maternal
plant contributes chloroplasts to the zygote. In these plants
the normal Mendelian pattern of inheritance does not
apply to chloroplast-encoded genes because the offspring
receive chloroplasts from only one parent. The result is
non-Mendelian, or maternal, inheritance. Numerous traits
are inherited in this way; one example is the herbicide
resistance trait discussed in Web Topic 7.10.

Many Chloroplast Proteins Are Imported from the
Cytoplasm
Chloroplast proteins can be encoded by either chloroplas-
tic or nuclear DNA. The chloroplast-encoded proteins are
synthesized on chloroplast ribosomes; the nucleus-encoded
proteins are synthesized on cytoplasmic ribosomes and
then transported into the chloroplast. Many nuclear genes
contain introns—that is, base sequences that do not code
for protein. The mRNA is processed to remove the introns,
and the proteins are then synthesized in the cytoplasm.

The genes needed for chloroplast function are distrib-
uted in the nucleus and in the chloroplast genome with no
evident pattern, but both sets are essential for the viability
of the chloroplast. Some chloroplast genes are necessary for
other cellular functions, such as heme and lipid synthesis.
Control of the expression of the nuclear genes that code for
chloroplast proteins is complex, involving light-dependent
regulation mediated by both phytochrome (see Chapter 17)
and blue light (see Chapter 18), as well as other factors
(Bruick and Mayfield 1999; Wollman et al. 1999).

The transport of chloroplast proteins that are synthe-
sized in the cytoplasm is a tightly regulated process (Chen
and Schnell 1999). For example, the enzyme rubisco (see
Chapter 8), which functions in carbon fixation, has two
types of subunits, a chloroplast-encoded large subunit and
a nucleus-encoded small subunit. Small subunits of rubisco
are synthesized in the cytoplasm and transported into the
chloroplast, where the enzyme is assembled.

In this and other known cases, the nucleus-encoded
chloroplast proteins are synthesized as precursor proteins

containing an N-terminal amino acid sequence known as a
transit peptide. This terminal sequence directs the precur-
sor protein to the chloroplast, facilitates its passage through
both the outer and the inner envelope membranes, and is
then clipped off. The electron carrier plastocyanin is a
water-soluble protein that is encoded in the nucleus but
functions in the lumen of the chloroplast. It therefore must
cross three membranes to reach its destination in the
lumen. The transit peptide of plastocyanin is very large and
is processed in more than one step.

The Biosynthesis and Breakdown of 
Chlorophyll Are Complex Pathways
Chlorophylls are complex molecules exquisitely suited to
the light absorption, energy transfer, and electron transfer
functions that they carry out in photosynthesis (see Figure
7.6). Like all other biomolecules, chlorophylls are made by
a biosynthetic pathway in which simple molecules are used
as building blocks to assemble more complex molecules
(Porra 1997; Beale 1999). Each step in the biosynthetic path-
way is enzymatically catalyzed.

The chlorophyll biosynthetic pathway consists of more
than a dozen steps (see Web Topic 7.11). The process can
be divided into several phases (Figure 7.37), each of which
can be considered separately, but which in the cell are
highly coordinated and regulated. This regulation is essen-
tial because free chlorophyll and many of the biosynthetic
intermediates are damaging to cellular components. The
damage results largely because chlorophylls absorb light
efficiently, but in the absence of accompanying proteins,
they lack a pathway for disposing of the energy, with the
result that toxic singlet oxygen is formed.

The breakdown pathway of chlorophyll in senescent
leaves is quite different from the biosynthetic pathway
(Matile et al. 1996). The first step is removal of the phytol
tail by an enzyme known as chlorophyllase, followed by
removal of the magnesium by magnesium de-chelatase.
Next the porphyrin structure is opened by an oxygen-
dependent oxygenase enzyme to form an open-chain
tetrapyrrole.

The tetrapyrrole is further modified to form water-sol-
uble, colorless products. These colorless metabolites are
then exported from the senescent chloroplast and trans-
ported to the vacuole, where they are permanently stored.
The chlorophyll metabolites are not further processed or
recycled, although the proteins associated with them in the
chloroplast are subsequently recycled into new proteins.
The recycling of proteins is thought to be important for the
nitrogen economy of the plant.

Complex Photosynthetic Organisms Have Evolved
from Simpler Forms
The complicated photosynthetic apparatus found in plants
and algae is the end product of a long evolutionary
sequence. Much can be learned about this evolutionary
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process from analysis of simpler prokaryotic photosyn-
thetic organisms, including the anoxygenic photosynthetic
bacteria and the cyanobacteria.

The chloroplast is a semiautonomous cell organelle, with
its own DNA and a complete protein synthesis apparatus.
Many of the proteins that make up the photosynthetic appa-
ratus, as well as all the chlorophylls and lipids, are synthe-
sized in the chloroplast. Other proteins are imported from
the cytoplasm and are encoded by nuclear genes. How did
this curious division of labor come about? Most experts
now agree that the chloroplast is the descendant of a sym-
biotic relationship between a cyanobacterium and a simple
nonphotosynthetic eukaryotic cell. This type of relationship
is called endosymbiosis (Cavalier-Smith 2000).

Originally the cyanobacterium was capable of indepen-
dent life, but over time much of its genetic information
needed for normal cellular functions was lost, and a sub-
stantial amount of information needed to synthesize the
photosynthetic apparatus was transferred to the nucleus.
So the chloroplast was no longer capable of life outside its
host and eventually became an integral part of the cell.

In some types of algae, chloroplasts are thought to have
arisen by endosymbiosis of eukaryotic photosynthetic
organisms (Palmer and Delwiche 1996). In these organisms
the chloroplast is surrounded by three and in some cases
four membranes, which are thought to be remnants of the
plasma membranes of the earlier organisms. Mitochondria
are also thought to have originated by endosymbiosis in
a separate event much earlier than chloroplast formation.

The answers to other questions related to the evolution
of photosynthesis are less clear. These include the nature of
the earliest photosynthetic systems, how the two photo-
systems became linked, and the evolutionary origin of the
oxygen evolution complex (Blankenship and Hartman
1998; Xiong et al. 2000).

SUMMARY
Photosynthesis is the storage of solar energy carried out by
plants, algae, and photosynthetic bacteria. Absorbed pho-
tons excite chlorophyll molecules, and these excited chloro-
phylls can dispose of this energy as heat, fluorescence,
energy transfer, or photochemistry. Light is absorbed
mainly in the antenna complexes, which comprise chloro-
phylls, accessory pigments, and proteins and are located at
the thylakoid membranes of the chloroplast.

Photosynthetic antenna pigments transfer the energy to
a specialized chlorophyll–protein complex known as a
reaction center. The reaction center contains multisubunit
protein complexes and hundreds or, in some organisms,
thousands of chlorophylls. The antenna complexes and the
reaction centers are integral components of the thylakoid
membrane. The reaction center initiates a complex series of
chemical reactions that capture energy in the form of chem-
ical bonds.

The relationship between the amount of absorbed
quanta and the yield of a photochemical product made in
a light-dependent reaction is given by the quantum yield.
The quantum yield of the early steps of photosynthesis is
approximately 0.95, indicating that nearly every photon
that is absorbed yields a charge separation at the reaction
center.

Plants and some photosynthetic prokaryotes have two
reaction centers, photosystem I and photosystem II, that
function in series. The two photosystems are spatially sep-
arated: PSI is found exclusively in the nonstacked stroma
membranes, PSII largely in the stacked grana membranes.
The reaction center chlorophylls of PSI absorb maximally
at 700 nm, those of PSII at 680 nm. Photosystems II and I
carry out noncyclic electron transport, oxidize water to
molecular oxygen, and reduce NADP+ to NADPH. It is
energetically very difficult to oxidize water to form molec-
ular oxygen, and the photosynthetic oxygen-evolving sys-
tem is the only known biochemical system that can oxidize
water, thus providing almost all the oxygen in Earth’s
atmosphere. The photooxidation of water is modeled by
the five-step S state mechanism. Manganese is an essential
cofactor in the water-oxidizing process, and the five S states
appear to represent successive oxidized states of a man-
ganese-containing enzyme.

A tyrosine residue of the D1 protein of the PSII reaction
center functions as an electron carrier between the oxygen-
evolving complex and P680. Pheophytin and two plasto-
quinones are electron carriers between P680 and the large
cytochrome b6 f complex. Plastocyanin is the electron car-
rier between cytochrome b6 f and P700. The electron car-
riers that accept electrons from P700 are very strong reduc-
ing agents, and they include a quinone and three
membrane-bound iron–sulfur proteins known as bound
ferredoxins. The electron flow ends with the reduction 
of NADP+ to NADPH by a membrane-bound, ferro-
doxin–NADP reductase.

A portion of the energy of photons is also initially stored
as chemical-potential energy, largely in the form of a pH
difference across the thylakoid membrane. This energy is
quickly converted into chemical energy during ATP for-
mation by action of an enzyme complex known as the ATP
synthase. The photophosphorylation of ADP by the ATP
synthase is driven by a chemiosmotic mechanism. Photo-
synthetic electron flow is coupled to proton translocation
across the thylakoid membrane, and the stroma becomes
more alkaline and the lumen more acidic. This proton gra-
dient drives ATP synthesis with a stoichiometry of four H+

ions per ATP. NADPH and ATP formed by the light reac-
tions provide the energy for carbon reduction.

Excess light energy can damage photosynthetic systems,
and several mechanisms minimize such damage.
Carotenoids work as photoprotective agents by rapidly
quenching the excited state of chlorophyll. Changes in the
phosphorylated state of antenna pigment proteins can
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change the energy distribution between photosystems I
and II when there is an imbalance between the energy
absorbed by each photosystem. The xanthophyll cycle also
contributes to the dissipation of excess energy by nonpho-
tochemical quenching.

Chloroplasts contain DNA and encode and synthesize
some of the proteins that are essential for photosynthesis.
Additional proteins are encoded by nuclear DNA, synthe-
sized in the cytosol, and imported into the chloroplast.
Chlorophylls are synthesized in a biosynthetic pathway
involving more than a dozen steps, each of which is very
carefully regulated. Once synthesized, proteins and pig-
ments are assembled into the thylakoid membrane.

Web Material

Web Topics
7.1 Principles of Spectrophotometry

Spectroscopy is a key technique to study light
reactions.

7.2 The Distribution of Chlorophylls and Other
Photosynthetic Pigments

The content of chlorophylls and other photo-
synthetic pigments varies among plant king-
doms.

7.3 Quantum Yield

Quantum yields measure how effectively light
drives a photobiological process.

7.4 Antagonistic Effects of Light on Cytochrome
Oxidation

Photosystems I and II were discovered in some
ingenious experiments.

7.5 Structures of Two Bacterial Reaction Centers

X-ray diffraction studies resolved the atomic
structure of the reaction center of photosystem
II.

7.6 Midpoint Potentials and Redox Reactions

The measurement of midpoint potentials is
useful for analyzing electron flow through pho-
tosystem II.

7.7 Oxygen Evolution

The S state mechanism is a valuable model for
water splitting in PSII.

7.8 Photosystem I

The PSI reaction is a multiprotein complex.

7.9 ATP Synthase

The ATP synthase functions as a molecular
motor.

7.10 Mode of Action of Some Herbicides

Some herbicides kill plants by blocking photo-
synthetic electron flow.

7.11 Chlorophyll Biosynthesis

Chlorophyll and heme share early steps of their
biosynthetic pathways.

Web Essay
7.1 A novel view of chloroplast structure

Stromules extend the reach of the chloroplasts.
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Photosynthesis:
Carbon Reactions8

Chapter

IN CHAPTER 5 WE DISCUSSED plants’ requirements for mineral nutri-
ents and light in order to grow and complete their life cycle. Because liv-
ing organisms interact with one another and their environment, mineral
nutrients cycle through the biosphere. These cycles involve complex
interactions, and each cycle is critical in its own right. Because the
amount of matter in the biosphere remains constant, energy must be
supplied to keep the cycles operational. Otherwise increasing entropy
dictates that the flow of matter would ultimately stop.

Autotrophic organisms have the ability to convert physical and
chemical sources of energy into carbohydrates in the absence of organic
substrates. Most of the external energy is consumed in transforming
CO2 to a reduced state that is compatible with the needs of the cell 
(—CHOH—).

Recent estimates indicate that about 200 billion tons of CO2 are con-
verted to biomass each year. About 40% of this mass originates from the
activities of marine phytoplankton. The bulk of the carbon is incorpo-
rated into organic compounds by the carbon reduction reactions associ-
ated with photosynthesis.

In Chapter 7 we saw how the photochemical oxidation of water to
molecular oxygen is coupled to the generation of ATP and reduced pyri-
dine nucleotide (NADPH) by reactions taking place in the chloroplast
thylakoid membrane. The reactions catalyzing the reduction of CO2 to
carbohydrate are coupled to the consumption of NADPH and ATP by
enzymes found in the stroma, the soluble phase of chloroplasts.

These stroma reactions were long thought to be independent of light
and, as a consequence, were referred to as the dark reactions. However,
because these stroma-localized reactions depend on the products of the
photochemical processes, and are also directly regulated by light, they
are more properly referred to as the carbon reactions of photosynthesis.

In this chapter we will examine the cyclic reactions that accomplish
fixation and reduction of CO2, then consider how the phenomenon of
photorespiration catalyzed by the carboxylating enzyme alters the effi-



ciency of photosynthesis. This chapter will also describe
biochemical mechanisms for concentrating carbon dioxide
that allow plants to mitigate the impact of photorespira-
tion: CO2 pumps, C4 metabolism, and crassulacean acid
metabolism (CAM). We will close the chapter with a con-
sideration of the synthesis of sucrose and starch.

THE CALVIN CYCLE
All photosynthetic eukaryotes, from the most primitive alga
to the most advanced angiosperm, reduce CO2 to carbohy-
drate via the same basic mechanism: the photosynthetic car-
bon reduction cycle originally described for C3 species (the
Calvin cycle, or reductive pentose phosphate [RPP] cycle).
Other metabolic pathways associated with the photosyn-
thetic fixation of CO2, such as the C4 photosynthetic carbon
assimilation cycle and the photorespiratory carbon oxida-
tion cycle, are either auxiliary to or dependent on the basic
Calvin cycle.

In this section we will examine how CO2 is fixed by the
Calvin cycle through the use of ATP and NADPH generated
by the light reactions (Figure 8.1), and how the Calvin cycle
is regulated.

The Calvin Cycle Has Three Stages: Carboxylation,
Reduction, and Regeneration
The Calvin cycle was elucidated as a result of a series of
elegant experiments by Melvin Calvin and his colleagues
in the 1950s, for which a Nobel Prize was awarded in 1961
(see Web Topic 8.1). In the Calvin cycle, CO2 and water
from the environment are enzymatically combined with a
five-carbon acceptor molecule to generate two molecules
of a three-carbon intermediate. This intermediate (3-phos-
phoglycerate) is reduced to carbohydrate by use of the ATP
and NADPH generated photochemically. The cycle is com-
pleted by regeneration of the five-carbon acceptor (ribu-
lose-1,5-bisphosphate, abbreviated RuBP).

The Calvin cycle proceeds in three stages (Figure 8.2):

1. Carboxylation of the CO2 acceptor ribulose-1,5-bispho-
sphate, forming two molecules of 3-phosphoglycerate,
the first stable intermediate of the Calvin cycle

2. Reduction of 3-phosphoglycerate, forming gyceralde-
hyde-3-phosphate, a carbohydrate

3. Regeneration of the CO2 acceptor ribulose-1,5-bisphos-
phate from glyceraldehyde-3-phosphate

The carbon in CO2 is the most oxidized form found in
nature (+4). The carbon of the first stable intermediate, 3-
phosphoglycerate, is more reduced (+3), and it is further
reduced in the glyceraldehyde-3-phosphate product (+1).
Overall, the early reactions of the Calvin cycle complete the
reduction of atmospheric carbon and, in so doing, facilitate
its incorporation into organic compounds.

The Carboxylation of Ribulose Bisphosphate Is
Catalyzed by the Enzyme Rubisco
CO2 enters the Calvin cycle by reacting with ribulose-1,5-
bisphosphate to yield two molecules of 3-phosphoglycerate
(Figure 8.3 and Table 8.1), a reaction catalyzed by the chloro-
plast enzyme ribulose bisphosphate carboxylase/oxy-
genase, referred to as rubisco (see Web Topic 8.2). As indi-
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FIGURE 8.1 The light and carbon reactions of photosynthe-
sis. Light is required for the generation of ATP and
NADPH. The ATP and NADPH are consumed by the car-
bon reactions, which reduce CO2 to carbohydrate (triose
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FIGURE 8.2 The Calvin cycle proceeds in three stages: (1)
carboxylation, during which CO2 is covalently linked to a
carbon skeleton; (2) reduction, during which carbohydrate
is formed at the expense of the photochemically derived
ATP and reducing equivalents in the form of NADPH; and
(3) regeneration, during which the CO2 acceptor ribulose-
1,5-bisphosphate re-forms.
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cated by the full name, the enzyme also has an oxygenase
activity in which O2 competes with CO2 for the common
substrate ribulose-1,5-bisphosphate (Lorimer 1983). As we
will discuss later, this property limits net CO2 fixation.

As shown in Figure 8.4, CO2 is added to carbon 2 of ribu-
lose-1,5-bisphosphate, yielding an unstable, enzyme-bound
intermediate, which is hydrolyzed to yield two molecules of
the stable product 3-phosphoglycerate (see Table 8.1, reac-
tion 1). The two molecules of 3-phosphoglycerate—labeled
“upper” and “lower” on the figure—are distinguished by
the fact that the upper molecule contains the newly incor-
porated carbon dioxide, designated here as *CO2.

Two properties of the carboxylase reaction are especially
important:

1. The negative change in free energy (see Chapter 2 on
the web site for a discussion of free energy) associated
with the carboxylation of ribulose-1,5-bisphosphate is
large; thus the forward reaction is strongly favored.

2. The affinity of rubisco for CO2 is sufficiently high to
ensure rapid carboxylation at the low concentrations
of CO2 found in photosynthetic cells.

Rubisco is very abundant, representing up to 40% of the
total soluble protein of most leaves. The concentration of
rubisco active sites within the chloroplast stroma is calcu-
lated to be about 4 mM, or about 500 times greater than the
concentration of its CO2 substrate (see Web Topic 8.3).

Triose Phosphates Are Formed in the Reduction
Step of the Calvin Cycle
Next in the Calvin cycle (Figure 8.3 and Table 8.1), the 3-
phosphoglycerate formed in the carboxylation stage under-
goes two modifications:

1. It is first phosphorylated via 3-phosphoglycerate
kinase to 1,3-bisphosphoglycerate through use of the
ATP generated in the light reactions (Table 8.1, reac-
tion 2).

2. Then it is reduced to glyceraldehyde-3-phosphate
through use of the NADPH generated by the light
reactions (Table 8.1, reaction 3). The chloroplast
enzyme NADP:glyceraldehyde-3-phosphate dehy-
drogenase catalyzes this step. Note that the enzyme
is similar to that of glycolysis (which will be dis-
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TABLE 8.1 
Reactions of the Calvin cycle

Enzyme Reaction

1. Ribulose-1,5-bisphosphate carboxylase/oxygenase 6 Ribulose-1,5-bisphosphate + 6 CO2 + 6 H2O → 
12 (3-phosphoglycerate) + 12 H+

2. 3-Phosphoglycerate kinase 12 (3-Phosphoglycerate) + 12 ATP → 
12 (1,3-bisphosphoglycerate) + 12 ADP

3. NADP:glyceraldehyde-3-phosphate dehydrogenase 12 (1,3-Bisphosphoglycerate) + 12 NADPH + 12 H+ → 
12 glyceraldehye-3-phosphate + 12 NADP+ + 12 Pi

4. Triose phosphate isomerase 5 Glyceraldehyde-3-phosphate → 
5 dihydroxyacetone-3-phosphate 

5. Aldolase 3 Glyceraldehyde-3-phosphate + 3 dihydroxyacetone-
3-phosphate → 3 fructose-1,6-bisphosphate

6. Fructose-1,6-bisphosphatase 3 Fructose-1,6-bisphosphate + 3 H2O → 3 fructose-
6-phosphate + 3 Pi

7. Transketolase 2 Fructose-6-phosphate + 2 glyceraldehyde-3-phosphate → 
2 erythrose-4-phosphate + 2 xylulose-5-phosphate

8. Aldolase 2 Erythrose-4-phosphate + 2 dihydroxyacetone-3-phosphate → 
2 sedoheptulose-1,7-bisphosphate

9. Sedoheptulose-1,7,bisphosphatase 2 Sedoheptulose-1,7-bisphosphate + 2 H2O → 2 sedoheptulose-
7-phosphate + 2 Pi

10. Transketolase 2 Sedoheptulose-7-phosphate + 2 glyceraldehyde-3-phosphate → 
2 ribose-5-phosphate + 2 xylulose-5-phosphate

11a. Ribulose-5-phosphate epimerase 4 Xylulose-5-phosphate → 4 ribulose-5-phosphate 

11b. Ribose-5-phosphate isomerase 2 Ribose-5-phosphate → 2 ribulose-5-phosphate

12. Ribulose-5-phosphate kinase 6 Ribulose-5-phosphate + 6 ATP → 6 ribulose-1,5-bisphosphate + 
6 ADP + 6 H+

Net: 6 CO2 + 11 H2O + 12 NADPH + 18 ATP → Fructose-6-phosphate + 12 NADP+ + 6 H+ + 18 ADP + 17 Pi

Note: Pi stands for inorganic phosphate.



cussed in Chapter 11), except that NADP rather than
NAD is the coenzyme. An NADP-linked form of the
enzyme is synthesized during chloroplast develop-
ment (greening), and this form is preferentially used
in biosynthetic reactions.

Operation of the Calvin Cycle Requires the
Regeneration of Ribulose-1,5-Bisphosphate

The continued uptake of CO2 requires that the CO2 accep-
tor, ribulose-1,5-bisphosphate, be constantly regenerated.
To prevent depletion of Calvin cycle intermediates, three
molecules of ribulose-1,5-bisphosphate (15 carbons total)
are formed by reactions that reshuffle the carbons from the
five molecules of triose phosphate (5 × 3 = 15 carbons). This
reshuffling consists of reactions 4 through 12 in Table 8.1
(see also Figure 8.3):

1. One molecule of glyceraldehyde-3-phosphate is con-
verted via triose phosphate isomerase to dihydroxy-
acetone-3-phosphate in an isomerization reaction
(reaction 4).

2. Dihydroxyacetone-3-phosphate then undergoes aldol
condensation with a second molecule of glyceralde-
hyde-3-phosphate, a reaction catalyzed by aldolase to
give fructose-1,6-bisphosphate (reaction 5).

3. Fructose-1,6-bisphosphate occupies a key position in
the cycle and is hydrolyzed to fructose-6-phosphate
(reaction 6), which then reacts with the enzyme trans-
ketolase.

4. A two-carbon unit (C-1 and C-2 of fructose-6-phos-
phate) is transferred via transketolase to a third mol-
ecule of glyceraldehyde-3-phosphate to give ery-
throse-4-phosphate (from C-3 to C-6 of the fructose)
and xylulose-5-phosphate (from C-2 of the fructose
and the glyceraldehyde-3-phosphate) (reaction 7).

5. Erythrose-4-phosphate then combines via aldolase
with a fourth molecule of triose phosphate (dihy-
droxyacetone-3-phosphate) to yield the seven-carbon
sugar sedoheptulose-1,7-bisphosphate (reaction 8).

6. This seven-carbon bisphosphate is then hydrolyzed
by way of a specific phosphatase to give sedoheptu-
lose-7-phosphate (reaction 9).

7. Sedoheptulose-7-phosphate donates a two-carbon
unit to the fifth (and last) molecule of glyceralde-
hyde-3-phosphate via transketolase and produces
ribose-5-phosphate (from C-3 to C-7 of sedoheptu-
lose) and xylulose-5-phosphate (from C-2 of the sedo-
heptulose and the glyceraldehyde-3-phosphate)
(reaction 10).

8. The two molecules of xylulose-5-phosphate are con-
verted to two molecules of ribulose-5-phosphate sug-
ars by a ribulose-5-phosphate epimerase (reaction
11a). The third molecule of ribulose-5-phosphate is
formed from ribose-5-phosphate by ribose-5-phos-
phate isomerase (reaction 11b).

9. Finally, ribulose-5-phosphate kinase catalyzes the phos-
phorylation of ribulose-5-phosphate with ATP, thus
regenerating the three needed molecules of the initial
CO2 acceptor, ribulose-1,5-bisphosphate (reaction 12).

The Calvin Cycle Regenerates Its
Own Biochemical Components
The Calvin cycle reactions regenerate the biochemical inter-
mediates that are necessary to maintain the operation of the
cycle. But more importantly, the rate of operation of the
Calvin cycle can be enhanced by increases in the concentra-
tion of its intermediates; that is, the cycle is autocatalytic. As
a consequence, the Calvin cycle has the metabolically desir-
able feature of producing more substrate than is consumed,
as long as triose phosphate is not being diverted elsewhere:

5 RuBP4– + 5 CO2 + 9 H2O + 16 ATP4– + 10 NADPH →
6 RuBP4– + 14 Pi + 6 H+ + 16 ADP3– + 10 NADP+

The importance of this autocatalytic property is shown
by experiments in which previously darkened leaves or
isolated chloroplasts are illuminated. In such experiments,
CO2 fixation starts only after a lag, called the induction
period, and the rate of photosynthesis increases with time
in the first few minutes after the onset of illumination. The
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increase in the rate of photosynthesis during the induction
period is due in part to the activation of enzymes by light
(discussed later), and in part to an increase in the concen-
tration of intermediates of the Calvin cycle.

Calvin Cycle Stoichiometry Shows That Only 
One-Sixth of the Triose Phosphate Is Used 
for Sucrose or Starch
The synthesis of carbohydrates (starch, sucrose) provides
a sink ensuring an adequate flow of carbon atoms through
the Calvin cycle under conditions of continuous CO2
uptake. An important feature of the cycle is its overall sto-
ichiometry. At the onset of illumination, most of the triose
phosphates are drawn back into the cycle to facilitate the
buildup of an adequate concentration of metabolites. When
photosynthesis reaches a steady state, however, five-sixths
of the triose phosphate contributes to regeneration of the
ribulose-1,5-bisphosphate, and one-sixth is exported to the
cytosol for the synthesis of sucrose or other metabolites that
are converted to starch in the chloroplast.

An input of energy, provided by ATP and NADPH, is
required in order to keep the cycle functioning in the fixa-
tion of CO2. The calculation at the end of Table 8.1 shows
that in order to synthesize the equivalent of 1 molecule of
hexose, 6 molecules of CO2 are fixed at the expense of 18
ATP and 12 NADPH. In other words, the Calvin cycle con-
sumes two molecules of NADPH and three molecules of
ATP for every molecule of CO2 fixed into carbohydrate.

We can compute the maximal overall thermodynamic
efficiency of photosynthesis if we know the energy content
of the light, the minimum quantum requirement (moles of
quanta absorbed per mole of CO2 fixed; see Chapter 7), and
the energy stored in a mole of carbohydrate (hexose).

Red light at 680 nm contains 175 kJ (42 kcal) per quan-
tum mole of photons. The minimum quantum requirement
is usually calculated to be 8 photons per molecule of CO2
fixed, although the number obtained experimentally is 9 to
10 (see Chapter 7). Therefore, the minimum light energy
needed to reduce 6 moles of CO2 to a mole of hexose is
approximately 6 × 8 × 175 kJ = 8400 kJ (2016 kcal). How-
ever, a mole of a hexose such as fructose yields only 2804
kJ (673 kcal) when totally oxidized.

Comparing 8400 and 2804 kJ, we see that the maximum
overall thermodynamic efficiency of photosynthesis is
about 33%. However, most of the unused light energy is
lost in the generation of ATP and NADPH by the light reac-
tions (see Chapter 7) rather than during operation of the
Calvin cycle.

We can calculate the efficiency of the Calvin cycle more
directly by computing the changes in free energy associated
with the hydrolysis of ATP and the oxidation of NADPH,
which are 29 and 217 kJ (7 and 52 kcal) per mole, respec-
tively. We saw in the list summarizing the Calvin cycle reac-
tions that the synthesis of 1 molecule of fructose-6-phos-
phate from 6 molecules of CO2 uses 12 NADPH and 18 ATP

molecules. Therefore the Calvin cycle consumes (12 × 217)
+ (18 × 29) = 3126 kJ (750 kcal) in the form of NADPH and
ATP, resulting in a thermodynamic efficiency close to 90%.

An examination of these calculations shows that the
bulk of the energy required for the conversion of CO2 to
carbohydrate comes from NADPH. That is, 2 mol NADPH
× 52 kcal mol–1 = 104 kcal, but 3 mol ATP × 7 kcal mol–1 =
21 kcal. Thus, 83% (104 of 125 kcal) of the energy stored
comes from the reductant NADPH.

The Calvin cycle does not occur in all autotrophic cells.
Some anaerobic bacteria use other pathways for auto-
trophic growth:

• The ferredoxin-mediated synthesis of organic acids
from acetyl– and succinyl– CoA derivatives via a
reversal of the citric acid cycle (the reductive car-
boxylic acid cycle of green sulfur bacteria)

• The glyoxylate-producing cycle (the hydroxypropi-
onate pathway of green nonsulfur bacteria)

• The linear route (acetyl-CoA pathway) of acetogenic,
methanogenic bacteria

Thus although the Calvin cycle is quantitatively the most
important pathway of autotrophic CO2 fixation, others
have been described.

REGULATION OF THE CALVIN CYCLE
The high energy efficiency of the Calvin cycle indicates that
some form of regulation ensures that all intermediates in
the cycle are present at adequate concentrations and that
the cycle is turned off when it is not needed in the dark. In
general, variation in the concentration or in the specific
activity of enzymes modulates catalytic rates, thereby
adjusting the level of metabolites in the cycle.

Changes in gene expression and protein biosynthesis
regulate enzyme concentration. Posttranslational modifi-
cation of proteins contributes to the regulation of enzyme
activity. At the genetic level the amount of each enzyme
present in the chloroplast stroma is regulated by mecha-
nisms that control expression of the nuclear and chloroplast
genomes (Maier et al. 1995; Purton 1995).

Short-term regulation of the Calvin cycle is achieved by
several mechanisms that optimize the concentration of
intermediates. These mechanisms minimize reactions oper-
ating in opposing directions, which would waste resources
(Wolosiuk et al. 1993). Two general mechanisms can change
the kinetic properties of enzymes:

1. The transformation of covalent bonds such as the
reduction of disulfides and the carbamylation of
amino groups, which generate a chemically modified
enzyme.

2. The modification of noncovalent interactions, such as
the binding of metabolites or changes in the composi-
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tion of the cellular milieu (e.g., pH). In addition, the
binding of the enzymes to the thylakoid membranes
enhances the efficiency of the Calvin cycle, thereby
achieving a higher level of organization that favors
the channeling and protection of substrates.

Light-Dependent Enzyme Activation Regulates
the Calvin Cycle
Five light-regulated enzymes operate in the Calvin cycle:

1. Rubisco

2. NADP:glyceraldehyde-3-phosphate dehydrogenase

3. Fructose-1,6-bisphosphatase 

4. Sedoheptulose-1,7-bisphosphatase

5. Ribulose-5-phosphate kinase

The last four enzymes contain one or more disulfide 
(—S—S—) groups. Light controls the activity of these four
enzymes via the ferredoxin–thioredoxin system, a cova-
lent thiol-based oxidation–reduction mechanism identified
by Bob Buchanan and colleagues (Buchanan 1980; Wolo-
siuk et al. 1993; Besse and Buchanan 1997; Schürmann and
Jacquot 2000). In the dark these residues exist in the oxi-
dized state (—S—S—), which renders the enzyme inactive
or subactive. In the light the —S—S— group is reduced to
the sulfhydryl state (—SH HS—). This redox change leads
to activation of the enzyme (Figure 8.5). The resolution of
the crystal structure of each member of the ferredoxin–
thioredoxin system and of the target enzymes fructose-1,6-
bisphosphatase and NADP:malate dehydrogenase (Dai et
al. 2000) have provided valuable information about the
mechanisms involved.

This sulfhydryl (also called dithiol) signal of the regula-
tory protein thioredoxin is transmitted to specific target
enzymes, resulting in their activation (see Web Topic 8.4).
In some cases (such as fructose-1,6-bisphosphatase), the
thioredoxin-linked activation is enhanced by an effector
(e.g., fructose-1,6-bisphosphate substrate).

Inactivation of the target enzymes observed upon 
darkening appears to take place by a reversal of the reduc-
tion (activation) pathway. That is, oxygen converts the
thioredoxin and target enzyme from the reduced state 
(—SH HS—) to the oxidized state (—S—S—) and, in so
doing, leads to inactivation of the enzyme (see Figure 8.5;
see also Web Topic 8.4). The last four of the enzymes listed
here are regulated directly by thioredoxin; the first, rubisco,
is regulated indirectly by a thioredoxin accessory enzyme,
rubisco activase (see the next section).

Rubisco Activity Increases in the Light
The activity of rubisco is also regulated by light, but the
enzyme itself does not respond to thioredoxin. George
Lorimer and colleagues found that rubisco is activated
when activator CO2 (a different molecule from the sub-

strate CO2 that becomes fixed) reacts slowly with an
uncharged ε-NH2 group of lysine within the active site of
the enzyme. The resulting carbamate derivative (a new
anionic site) then rapidly binds Mg2+ to yield the activated
complex (Figure 8.6).

Two protons are released during the formation of the
ternary complex rubisco–CO2–Mg2+, so activation is pro-
moted by an increase in both pH and Mg2+ concentration.
Thus, light-dependent stromal changes in pH and Mg2+

(see the next section) appear to facilitate the observed acti-
vation of rubisco by light.

In the active state, rubisco binds another molecule 
of CO2, which reacts with the 2,3-enediol form of ribulose-
1,5-bisphosphate (P—O—CH2—COH——COH—CHOH—
CH2O—P) yielding 2-carboxy-3-ketoribitol 1,5-bisphos-
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FIGURE 8.5 The ferredoxin–thioredoxin system reduces
specific enzymes in the light. Upon reduction, biosynthetic
enzymes are converted from an inactive to an active state.
The activation process starts in the light by a reduction of
ferredoxin by photosystem I (see Chapter 7). The reduced
ferredoxin plus two protons are used to reduce a catalyti-
cally active disulfide (—S—S—) group of the iron–sulfur
enzyme ferredoxin:thioredoxin reductase, which in turn
reduces the highly specific disulfide (—S—S—) bond of the
small regulatory protein thioredoxin (see Web Topic 8.4 for
details). The reduced form (—SH HS—) of thioredoxin then
reduces the critical disulfide bond (converts —S—S— to 
—SH HS—) of a target enzyme and thereby leads to activa-
tion of that enzyme. The light signal is thus converted to a
sulfhydryl, or —SH, signal via ferredoxin and the enzyme
ferredoxin:thioredoxin reductase.



phate. The extreme instability of the latter intermediate
leads to the cleavage of the bond that links carbons 2 and 3
of ribulose-1,5-bisphosphate, and as a consequence, rubisco
releases two molecules of 3-phosphoglycerate.

The binding of sugar phosphates, such as ribulose-1,5-
bisphosphate, to rubisco prevents carbamylation. The
sugar phosphates can be removed by the enzyme rubisco
activase, in a reaction that requires ATP. The primary role
of rubisco activase is to accelerate the release of bound
sugar phosphates, thus preparing rubisco for carbamyla-
tion (Salvucci and Ogren 1996, see also Web Topic 8.5).

Rubisco is also regulated by a natural sugar phosphate,
carboxyarabinitol-1-phosphate, that closely resembles the
six-carbon transition intermediate of the carboxylation
reaction. This inhibitor is present at low concentrations in
leaves of many species and at high concentrations in leaves
of legumes such as soybean and bean. Carboxyarabinitol-
1-phosphate binds to rubisco at night, and it is removed by
the action of rubisco activase in the morning, when photon
flux density increases.

Recent work has shown that in some plants rubisco acti-
vase is regulated by the ferredoxin–thioredoxin system
(Zhang and Portis 1999). In addition to connecting thiore-
doxin to all five regulatory enzymes of the Calvin cycle,
this finding provides a new mechanism for linking light to
the regulation of enzyme activity.

Light-Dependent Ion Movements 
Regulate Calvin Cycle Enzymes
Light causes reversible ion changes in the stroma that influ-
ence the activity of rubisco and other chloroplast enzymes.
Upon illumination, protons are pumped from the stroma
into the lumen of the thylakoids. The proton efflux is cou-
pled to Mg2+ uptake into the stroma. These ion fluxes
decrease the stromal concentration of H+ (pH 7 → 8) and
increase that of Mg2+. These changes in the ionic composi-

tion of the chloroplast stroma
are reversed upon darkening.

Several Calvin cycle en-
zymes (rubisco, fructose-1,6-
bisphosphatase, sedoheptu-
lose-1,7-bisphosphatase, and
ribulose-5-phosphate kinase)
are more active at pH 8 than
at pH 7 and require Mg2+ as a
cofactor for catalysis. Hence
these light-dependent ion
fluxes enhance the activity of
key enzymes of the Calvin
cycle (Heldt 1979).

Light-Dependent Membrane
Transport Regulates the
Calvin Cycle
The rate at which carbon is ex-
ported from the chloroplast plays

a role in regulation of the Calvin cycle. Carbon is exported
as triose phosphates in exchange for orthophosphate via
the phosphate translocator in the inner membrane of the
chloroplast envelope (Flügge and Heldt 1991). To ensure
continued operation of the Calvin cycle, at least five-sixths
of the triose phosphate must be recycled (see Table 8.1 and
Figure 8.3). Thus, at most one-sixth can be exported for
sucrose synthesis in the cytosol or diverted to starch syn-
thesis within the chloroplast. The regulation of this aspect
of photosynthetic carbon metabolism will be discussed fur-
ther when the syntheses of sucrose and starch are consid-
ered in detail later in this chapter.

THE C2 OXIDATIVE PHOTOSYNTHETIC
CARBON CYCLE
An important property of rubisco is its ability to catalyze
both the carboxylation and the oxygenation of RuBP. Oxy-
genation is the primary reaction in a process known as
photorespiration. Because photosynthesis and photores-
piration work in diametrically opposite directions, pho-
torespiration results in loss of CO2 from cells that are simul-
taneously fixing CO2 by the Calvin cycle (Ogren 1984;
Leegood et al. 1995).

In this section we will describe the C2 oxidative photo-
synthetic carbon cycle—the reactions that result in the par-
tial recovery of carbon lost through oxidation.

Photosynthetic CO2 Fixation and Photorespiratory
Oxygenation Are Competing Reactions
The incorporation of one molecule of O2 into the 2,3-ene-
diol isomer of ribulose-1,5-bisphosphate generates an
unstable intermediate that rapidly splits into 2-phospho-
glycolate and 3-phosphoglycerate (Figure 8.7 and Table 8.2,
reaction 1). The ability to catalyze the oxygenation of ribu-
lose-1,5-bisphosphate is a property of all rubiscos, regard-
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FIGURE 8.6 One way in which rubisco is activated involves the formation of a car-
bamate–Mg2+ complex on the ε-amino group of a lysine within the active site of the
enzyme. Two protons are released. Activation is enhanced by the increase in Mg2+

concentration and higher pH (low H+ concentration) that result from illumination.
The CO2 involved in the carbamate–Mg2+ reaction is not the same as the CO2
involved in the carboxylation of ribulose-1,5-bisphosphate.
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FIGURE 8.7 The main reactions of the photorespiratory
cycle. Operation of the C2 oxidative photosynthetic cycle
involves the cooperative interaction among three
organelles: chloroplasts, mitochondria, and peroxisomes.
Two molecules of glycolate (four carbons) transported from
the chloroplast into the peroxisome are converted to
glycine, which in turn is exported to the mitochondrion
and transformed to serine (three carbons) with the concur-
rent release of carbon dioxide (one carbon). Serine is trans-
ported to the peroxisome and transformed to glycerate. The
latter flows to the chloroplast where it is phosphorylated to

3-phosphoglycerate and incorporated into the Calvin cycle.
Inorganic nitrogen (ammonia) released by the mitochon-
drion is captured by the chloroplast for the incorporation
into amino acids by using appropiate skeletons (α-ketoglu-
tarate). The heavy arrow in red marks the assimilation of
ammonia into glutamate catalyzed by glutamine syn-
thetase. In addition, the uptake of oxygen in the peroxi-
some supports a short oxygen cycle coupled to oxidative
reactions. The flow of carbon, nitrogen and oxygen are indi-
cated in black, red and blue, respectively. See Table 8.2 for a
description of each numbered reaction.



less of taxonomic origin. Even the rubisco from anaerobic,
autotrophic bacteria catalyzes the oxygenase reaction when
exposed to oxygen.

As alternative substrates for rubisco, CO2 and O2 com-
pete for reaction with ribulose-1,5-bisphosphate because
carboxylation and oxygenation occur within the same
active site of the enzyme. Offered equal concentrations of
CO2 and O2 in a test tube, angiosperm rubiscos fix CO2
about 80 times faster than they oxygenate. However, an
aqueous solution in equilibrium with air at 25°C has a
CO2:O2 ratio of 0.0416 (see Web Topics 8.2 and 8.3). At
these concentrations, carboxylation in air outruns oxy-
genation by a scant three to one.

The C2 oxidative photosynthetic carbon cycle acts as a
scavenger operation to recover fixed carbon lost during
photorespiration by the oxygenase reaction of rubisco (Web
Topic 8.6). The 2-phosphoglycolate formed in the chloro-
plast by oxygenation of ribulose-1,5-bisphosphate is
rapidly hydrolyzed to glycolate by a specific chloroplast
phosphatase (Figure 8.7 and Table 8.2, reaction 2). Subse-
quent metabolism of the glycolate involves the cooperation
of two other organelles: peroxisomes and mitochondria
(see Chapter 1) (Tolbert 1981).

Glycolate leaves the chloroplast via a specific trans-
porter protein in the envelope membrane and diffuses to
the peroxisome. There it is oxidized to glyoxylate and
hydrogen peroxide (H2O2) by a flavin mononucleotide-

dependent oxidase: glycolate oxidase (Figure 8.7 and Table
8.2, reaction 3). The vast amounts of hydrogen peroxide
released in the peroxisome are destroyed by the action of
catalase (Table 8.2, reaction 4) while the glyoxylate under-
goes transamination (reaction 5). The amino donor for this
transamination is probably glutamate, and the product is
the amino acid glycine.

Glycine leaves the peroxisome and enters the mito-
chondrion (see Figure 8.7). There the glycine decarboxylase
multienzyme complex catalyzes the conversion of two mol-
ecules of glycine and one of NAD+ to one molecule each of
serine, NADH, NH4

+ and CO2 (Table 8.2, reactions 6 and
7). This multienzyme complex, present in large concentra-
tions in the matrix of plant mitochondria, comprises four
proteins, named H-protein (a lipoamide-containing
polypeptide), P-protein (a 200 kDa, homodimer, pyridoxal
phosphate-containing protein), T-protein (a folate-de-
pendent protein), and L-protein (a flavin adenine
nucleotide–containing protein).

The ammonia formed in the oxidation of glycine dif-
fuses rapidly from the matrix of mitochondria to chloro-
plasts, where glutamine synthetase combines it with car-
bon skeletons to form amino acids. The newly formed
serine leaves the mitochondria and enters the peroxisome,
where it is converted first by transamination to hydrox-
ypyruvate (Table 8.2, reaction 8) and then by an NADH-
dependent reduction to glycerate (reaction 9).
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TABLE 8.2
Reactions of the C2 oxidative photosynthetic carbon cycle

Enzyme Reaction

1. Ribulose-1,5-bisphosphate carboxylase/oxygenase 2 Ribulose-1,5-bisphosphate + 2 O2 → 2 phosphoglycolate +
(chloroplast) 2 3-phosphoglycerate + 4 H+

2. Phosphoglycolate phosphatase (chloroplast) 2 Phosphoglycolate + 2 H2O → 2 glycolate + 2 Pi

3. Glycolate oxidase (peroxisome) 2 Glycolate + 2 O2 → 2 glyoxylate + 2 H2O2

4. Catalase (peroxisome) 2 H2O2 → 2 H2O + O2

5. Glyoxylate:glutamate aminotransferase (peroxisome) 2 Glyoxylate + 2 glutamate → 2 glycine + 2 α-ketoglutarate

6. Glycine decarboxylase (mitochondrion) Glycine + NAD+ + H+ + H4-folate → NADH + CO2 + NH4
+ + 

methylene-H4-folate

7. Serine hydroxymethyltransferase (mitochondrion) Methylene-H4-folate + H2O + glycine → serine + H4-folate

8. Serine aminotransferase (peroxisome) Serine + α-ketoglutarate → hydroxypyruvate + glutamate

9. Hydroxypyruvate reductase (peroxisome) Hydroxypyruvate + NADH + H+ → glycerate + NAD+

10. Glycerate kinase (chloroplast) Glycerate + ATP → 3-phosphoglycerate + ADP + H+

Note: Upon the release of glycolate from the chloroplast (reactions 2 → 3), the interplay of this organelle with the peroxisome and the mitochon-
drion drives the following overall reaction:

2 Glycolate + glutamate + O2 → glycerate + α-ketoglutarate + NH4
+ + CO2 + H2O

The 3-phosphoglycerate formed in the chloroplast (reaction 10) is converted to ribulose-1,5-bisphosphate via the reductive and regenerative
reactions of the Calvin cycle. The ammonia and α-ketoglutarate are converted to glutamate in the chloroplast by ferrodoxin-linked glutamate 
synthase (GOGAT).
Pi stands for inorganic phosphate.



A malate-oxaloacetate shuttle transfers NADH from the
cytoplasm into the peroxisome, thus maintaining an ade-
quate concentration of NADH for this reaction. Finally,
glycerate reenters the chloroplast, where it is phosphory-
lated to yield 3-phosphoglycerate (Table 8.2, reaction 10).

In photorespiration, various compounds are circulated
in concert through two cycles. In one of the cycles, carbon
exits the chloroplast in two molecules of glycolate and
returns in one molecule of glycerate. In the other cycle,
nitrogen exits the chloroplast in one molecule of glutamate
and returns in one molecule of ammonia (together with
one molecule of α-ketoglutarate) (see Figure 8.7).

Thus overall, two molecules of phosphoglycolate (four
carbon atoms), lost from the Calvin cycle by the oxygenation
of RuBP, are converted into one molecule of 3-phospho-
glycerate (three carbon atoms) and one CO2. In other words,
75% of the carbon lost by the oxygenation of ribulose-1,5-bis-
phosphate is recovered by the C2 oxidative photosynthetic
carbon cycle and returned to the Calvin cycle (Lorimer 1981).

On the other hand, the total organic nitrogen remains
unchanged because the formation of inorganic nitrogen
(NH4

+) in the mitochondrion is balanced by the synthesis
of glutamine in the chloroplast. Similarly, the use of NADH
in the peroxisome (by hydroxypyruvate reductase) is bal-
anced by the reduction of NAD+ in the mitochondrion (by
glycine decarboxylase).

Competition between Carboxylation and
Oxygenation Decreases the Efficiency of
Photosynthesis
Because photorespiration is concurrent with photosyn-
thesis, it is difficult to measure the rate of pho-
torespiration in intact cells. Two molecules of 2-
phosphoglycolate (four carbon atoms) are
needed to make one molecule of 3-phospho-
glycerate, with the release of one molecule of
CO2; so theoretically one-fourth of the carbon
entering the C2 oxidative photosynthetic carbon
cycle is released as CO2.

Measurements of CO2 release by sunflower
leaves support this calculated value. This result
indicates that the actual rate of photosynthesis is
approximately 120 to 125% of the measured rate.
The ratio of carboxylation to oxygenation in air
at 25°C is computed to be between 2.5 and 3.
Further calculations indicate that photorespira-
tion lowers the efficiency of photosynthetic car-
bon fixation from 90% to approximately 50%.

This decreased efficiency can be measured as
an increase in the quantum requirement for CO2
fixation under photorespiratory conditions (air
with high O2 and low CO2) as opposed to non-
photorespiratory conditions (low O2 and high
CO2).

Carboxylation and Oxygenation Are Closely
Interlocked in the Intact Leaf
Photosynthetic carbon metabolism in the intact leaf reflects
the integrated balance between two mutually opposing
and interlocking cycles (Figure 8.8). The Calvin cycle can
operate independently, but the C2 oxidative photosynthetic
carbon cycle depends on the Calvin cycle for a supply of
ribulose-1,5-bisphosphate. The balance between the two
cycles is determined by three factors: the kinetic properties
of rubisco, the concentrations of the substrates CO2 and O2,
and temperature.

As the temperature increases, the concentration of CO2
in a solution in equilibrium with air decreases more than
the concentration of O2 does (see Web Topic 8.3). Conse-
quently, the concentration ratio of CO2 to O2 decreases as
the temperature rises. As a result of this property, pho-
torespiration (oxygenation) increases relative to photosyn-
thesis (carboxylation) as the temperature rises. This effect
is enhanced by the kinetic properties of rubisco, which also
result in a relative increase in oxygenation at higher tem-
peratures (Ku and Edwards 1978). Overall, then, increas-
ing temperatures progressively tilt the balance away from
the Calvin cycle and toward the oxidative photosynthetic
carbon cycle (see Chapter 9).

The Biological Function of Photorespiration 
Is Unknown
Although the C2 oxidative photosynthetic carbon cycle
recovers 75% of the carbon originally lost from the Calvin
cycle as 2-phosphoglycolate, why does 2-phosphoglycolate
form at all? One possible explanation is that the formation
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strates generated by photosynthetic electron transport, the C2 oxidative
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cycle to regenerate its starting material, ribulose-1,5-bisphosphate.



of 2-phosphoglycolate is a consequence of the chemistry of
the carboxylation reaction, which requires an intermediate
that can react with both CO2 and O2.

Such a reaction would have had little consequence in
early evolutionary times if the ratio of CO2 to O2 in air were
higher than it is today. However, the low CO2:O2 ratios
prevalent in modern times are conducive to photorespira-
tion, with no other function than the recovery of some of
the carbon present in 2-phosphoglycolate.

Another possible explanation is that photorespiration is
important, especially under conditions of high light inten-
sity and low intercellular CO2 concentration (e.g., when
stomata are closed because of water stress), to dissipate
excess ATP and reducing power from the light reactions,
thus preventing damage to the photosynthetic apparatus.
Arabidopsis mutants that are unable to photorespire grow
normally under 2% CO2, but they die rapidly if transferred
to normal air. There is evidence from work with transgenic
plants that photorespiration protects C3 plants from pho-
tooxidation and photoinhibition (Kozaki and Takeba 1996).
Further work is needed to improve our understanding of
the function of photorespiration.

CO2-CONCENTRATING MECHANISMS I:
ALGAL AND CYANOBACTERIAL PUMPS
Many plants either do not photorespire at all, or they do so
to only a limited extent. These plants have normal rubis-
cos, and their lack of photorespiration is a consequence of
mechanisms that concentrate CO2 in the rubisco environ-
ment and thereby suppress the oxygenation reaction.

In this and the two following sections we will discuss
three mechanisms for concentrating CO2 at the site of car-
boxylation:

1. C4 photosynthetic carbon fixation (C4)

2. Crassulacean acid metabolism (CAM)

3. CO2 pumps at the plasma membrane

The first two of these CO2-concentrating mechanisms are
found in some angiosperms and involve “add-ons” to the
Calvin cycle. Plants with C4 metabolism are often found in
hot environments; CAM plants are typical of desert envi-
ronments. We will examine each of these two systems after
we consider the third mechanism: a CO2 pump found in
aquatic plants that has been studied extensively in unicel-
lular cyanobacteria and algae.

When algal and cyanobacterial cells are grown in air
enriched with 5% CO2 and then transferred to a low-CO2
medium, they display symptoms typical of photorespira-
tion (O2 inhibition of photosynthesis at low concentration
of CO2). But if the cells are grown in air containing 0.03%
CO2, they rapidly develop the ability to concentrate inor-
ganic carbon (CO2 plus HCO3

–) internally. Under these
low-CO2 conditions, the cells no longer photorespire.

At the concentrations of CO2 found in aquatic environ-
ments, rubisco operates far below its maximal specific
activity. Marine and freshwater organisms overcome this
drawback by accumulating inorganic carbon by the use of
CO2 and HCO3

– pumps at the plasma membrane. ATP
derived from the light reactions provides the energy nec-
essary for the active uptake of CO2 and HCO3

–. Total inor-
ganic carbon inside some cyanobacterial cells can reach
concentrations of 50 mM (Ogawa and Kaplan 1987). Recent
work indicates that a single gene encoding a transcription
factor can regulate the expression of genes that encode the
components of the CO2-concentrating mechanism in algae
(Xiang et al. 2001).

The proteins that function as CO2–HCO3
– pumps are not

present in cells grown in high concentrations of CO2 but are
induced upon exposure to low concentrations of CO2. The
accumulated HCO3

– is converted to CO2 by the enzyme car-
bonic anhydrase, and the CO2 enters the Calvin cycle.

The metabolic consequence of this CO2 enrichment is
suppression of the oxygenation of ribulose bisphosphate
and hence also suppression of photorespiration. The ener-
getic cost of this adaptation is the additional ATP needed
for concentrating the CO2.

CO2-CONCENTRATING MECHANISMS II:
THE C4 CARBON CYCLE
There are differences in leaf anatomy between plants that
have a C4 carbon cycle (called C4 plants) and those that pho-
tosynthesize solely via the Calvin photosynthetic cycle (C3
plants). A cross section of a typical C3 leaf reveals one major
cell type that has chloroplasts, the mesophyll. In contrast,
a typical C4 leaf has two distinct chloroplast-containing cell
types: mesophyll and bundle sheath (or Kranz, German for
“wreath”) cells (Figure 8.9).

There is considerable anatomic variation in the arrange-
ment of the bundle sheath cells with respect to the meso-
phyll and vascular tissue. In all cases, however, operation
of the C4 cycle requires the cooperative effort of both cell
types. No mesophyll cell of a C4 plant is more than two or
three cells away from the nearest bundle sheath cell (see
Figure 8.9A). In addition, an extensive network of plas-
modesmata (see Figure 1.27) connects mesophyll and bun-
dle sheath cells, thus providing a pathway for the flow of
metabolites between the cell types.

Malate and Aspartate Are Carboxylation Products
of the C4 Cycle
Early labeling of C4 acids was first observed in 14CO2 label-
ing studies of sugarcane by H. P. Kortschack and colleagues
and of maize by Y. Karpilov and coworkers. When leaves
were exposed for a few seconds to 14CO2 in the light, 70 to
80% of the label was found in the C4 acids malate and
aspartate—a pattern very different from the one observed
in leaves that photosynthesize solely via the Calvin cycle.
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Bundle sheath cellsMesophyll cells

(D)

FIGURE 8.9 Cross-sections of leaves, showing the anatomic
differences between C3 and C4 plants. (A) A C4 monocot,
saccharum officinarum (sugarcane). (135×) (B) A C3 monocot,
Poa sp. (a grass). (240×) (C) A C4 dicot, Flaveria australasica
(Asteraceae). (740×) The bundle sheath cells are large in C4
leaves (A and C), and no mesophyll cell is more than two
or three cells away from the nearest bundle sheath cell.
These anatomic features are absent in the C3 leaf (B). (D)
Three-dimensional model of a C4 leaf. (A and B © David
Webb; C courtesy of Athena McKown; D after Lüttge and
Higinbotham; E from Craig and Goodchild 1977.)

(B)(A)

(C)

(E)
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In pursuing these initial observations, M. D. Hatch and
C. R. Slack elucidated what is now known as the C4 pho-
tosynthetic carbon cycle (C4 cycle) (Figure 8.10). They
established that the C4 acids malate and aspartate are the
first stable, detectable intermediates of photosynthesis in
leaves of sugarcane and that carbon atom 4 of malate sub-
sequently becomes carbon atom 1 of 3-phosphoglycerate
(Hatch and Slack 1966). The primary carboxylation in
these leaves is catalyzed not by rubisco, but by PEP (phos-
phoenylpyruvate) carboxylase (Chollet et al. 1996).

The manner in which carbon is transferred from car-
bon atom 4 of malate to carbon atom 1 of 3-phospho-
glycerate became clear when the involvement of meso-
phyll and bundle sheath cells was elucidated. The
participating enzymes occur in one of the two cell types:
PEP carboxylase and pyruvate–orthophosphate dikinase
are restricted to mesophyll cells; the decarboxylases and
the enzymes of the complete Calvin cycle are confined to
the bundle sheath cells. With this knowledge, Hatch and
Slack were able to formulate the basic model of the cycle
(Figure 8.11 and Table 8.3).

The C4 Cycle Concentrates CO2 in 
Bundle Sheath Cells
The basic C4 cycle consists of four stages:

1. Fixation of CO2 by the carboxylation of
phosphoenolpyruvate in the mesophyll
cells to form a C4 acid (malate and/or
aspartate)

2. Transport of the C4 acids to the bundle
sheath cells

3. Decarboxylation of the C4 acids within
the bundle sheath cells and generation
of CO2, which is then reduced to carbo-
hydrate via the Calvin cycle
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FIGURE 8.10 The basic C4 photosynthetic carbon cycle involves four
stages in two different cell types: (1) Fixation of CO2 into a four-carbon
acid in a mesophyll cell; (2) Transport of the four-carbon acid from the
mesophyll cell to a bundle sheath cell; (3) Decarboxylation of the four-car-
bon acid, and the generation of a high CO2 concentration in the bundle
sheath cell. The CO2 released is fixed by rubisco and converted to carbo-
hydrate by the Calvin cycle.(4) Transport of the residual three-carbon acid
back to the mesophyll cell, where the original CO2 acceptor, phospho-
enolpyruvate, is regenerated.

TABLE 8.3
Reactions of the C4 photosynthetic carbon cycle

Enzyme Reaction

1. Phosphoenolpyruvate (PEP) carboxylase Phosphoenolpyruvate + HCO3
– → oxaloacetate + Pi

2. NADP:malate dehydrogenase Oxaloacetate + NADPH + H+ → malate + NADP+

3. Aspartate aminotransferase Oxaloacetate + glutamate → aspartate + α-ketoglutarate

4. NAD(P) malic enzyme Malate + NAD(P)+ → pyruvate + CO2 + NAD(P)H + H+

5. Phosphoenolpyruvate carboxykinase Oxaloacetate + ATP → phosphoenolpyruvate + CO2 + ADP

6. Alanine aminotransferase Pyruvate + glutamate ↔ alanine + α-ketoglutarate

7. Adenylate kinase AMP + ATP → 2 ADP

8. Pyruvate–orthophosphate dikinase Pyruvate + Pi + ATP → phosphoenolpyruvate + AMP + PPi 

9. Pyrophosphatase PPi + H2O → 2 Pi

Note: Pi and PPi stand for inorganic phosphate and pyrophosphate, respectively.



4. Transport of the C3 acid (pyruvate or alanine) that is
formed by the decarboxylation step back to the meso-
phyll cell and regeneration of the CO2 acceptor phos-
phoenolpyruvate

One interesting feature of the cycle is that regeneration
of the primary acceptor—phosphoenolpyruvate—con-
sumes two “high-energy” phosphate bonds: one in the
reaction catalyzed by pyruvate–orthophosphate dikinase
(Table 8.3, reaction 8) and another in the conversion of PPi
to 2Pi catalyzed by pyrophosphatase (reaction 9; see also
Figure 8.11).

Shuttling of metabolites between mesophyll and bundle
sheath cells is driven by diffusion gradients along numer-
ous plasmodesmata, and transport within the cells is reg-
ulated by concentration gradients and the operation of spe-
cialized translocators at the chloroplast envelope. The cycle
thus effectively shuttles CO2 from the atmosphere into the
bundle sheath cells. This transport process generates a
much higher concentration of CO2 in the bundle sheath cells
than would occur in equilibrium with the external atmos-
phere. This elevated concentration of CO2 at the carboxyla-
tion site of rubisco results in suppression of the oxygenation
of ribulose-1,5-bisphosphate and hence of photorespiration.

Discovered in the tropical grasses, sugarcane, and
maize, the C4 cycle is now known to occur in 16 families of

both monocotyledons and dicotyledons, and it is particu-
larly prominent in Gramineae (corn, millet, sorghum, 
sugarcane), Chenopodiaceae (Atriplex), and Cyperaceae
(sedges). About 1% of all known species have C4 metabo-
lism (Edwards and Walker 1983).

There are three variations of the basic C4 pathway that
occur in different species (see Web Topic 8.7). The varia-
tions differ principally in the C4 acid (malate or aspartate)
transported into the bundle sheath cells and in the manner
of decarboxylation.

The Concentration of CO2 in Bundle Sheath Cells
Has an Energy Cost
The net effect of the C4 cycle is to convert a dilute solution
of CO2 in the mesophyll cells into a concentrated CO2 solu-
tion in cells of the bundle sheath. Studies of a PEP car-
boxylase–deficient mutant of Amaranthus edulis clearly
showed that the lack of an effective mechanism for con-
centrating CO2 in the bundle sheath markedly enhances
photorespiration in a C4 plant (Dever et al. 1996).

Thermodynamics tells us that work must be done to
establish and maintain the CO2 concentration gradient in
the bundle sheath (for a detailed discussion of theomody-
namics, see Chapter 2 on the web site). This principle also
applies to the operation of the C4 cycle. From a summation
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of the reactions involved, we can calculate the energy cost
to the plant (Table 8.4). The calculation shows that the CO2-
concentrating process consumes two ATP equivalents (2
“high-energy” bonds) per CO2 molecule transported. Thus
the total energy requirement for fixing CO2 by the com-
bined C4 and Calvin cycles (calculated in Tables 8.4 and 8.1,
respectively) is five ATP plus two NADPH per CO2 fixed.

Because of this higher energy demand, C4 plants pho-
tosynthesizing under nonphotorespiratory conditions (high
CO2 and low O2) require more quanta of light per CO2 than
C3 leaves do. In normal air, the quantum requirement of C3
plants changes with factors that affect the balance between
photosynthesis and photorespiration, such as temperature.
By contrast, owing to the mechanisms built in to avoid
photorespiration, the quantum requirement of C4 plants
remains relatively constant under different environmental
conditions (see Figure 9.23).

Light Regulates the Activity of Key C4 Enzymes
Light is essential for the operation of the C4 cycle because
it regulates several specific enzymes. For example, the
activities of PEP carboxylase, NADP:malate dehydroge-
nase, and pyruvate–orthophosphate dikinase (see Table 8.3)
are regulated in response to variations in photon flux den-
sity by two different processes: reduction–oxidation of thiol
groups and phosphorylation–dephosphorylation.

NADP:malate dehydrogenase is regulated via the thiore-
doxin system of the chloroplast (see Figure 8.5). The enzyme
is reduced (activated) upon illumination of leaves and is
oxidized (inactivated) upon darkening. PEP carboxylase is
activated by a light-dependent phosphorylation–dephos-
phorylation mechanism yet to be characterized.

The third regulatory member of the C4 pathway, pyru-
vate–orthophosphate dikinase, is rapidly inactivated by an
unusual ADP-dependent phosphorylation of the enzyme
when the photon flux density drops (Burnell and Hatch
1985). Activation is accomplished by phosphorolytic cleav-
age of this phosphate group. Both reactions, phosphory-

lation and dephosphorylation, appear to be catalyzed by a
single regulatory protein.

In Hot, Dry Climates, the C4 Cycle Reduces
Photorespiration and Water Loss
Two features of the C4 cycle in C4 plants overcome the dele-
terious effects of higher temperature on photosynthesis that
were noted earlier. First, the affinity of PEP carboxylase for
its substrate, HCO3

–, is sufficiently high that the enzyme is
saturated by HCO3

– in equlibrium with air levels of CO2.
Furthermore, because the substrate is HCO3

–, oxygen is not
a competitor in the reaction. This high activity of PEP car-
boxylase enables C4 plants to reduce the stomatal aperture
and thereby conserve water while fixing CO2 at rates equal
to or greater than those of C3 plants. The second beneficial
feature is the suppression of photorespiration resulting
from the concentration of CO2 in bundle sheath cells
(Marocco et al. 1998).

These features enable C4 plants to photosynthesize more
efficiently at high temperatures than C3 plants, and they are
probably the reason for the relative abundance of C4 plants
in drier, hotter climates. Depending on their natural envi-
ronment, some plants show properties intermediate
between strictly C3 and C4 species.

CO2-CONCENTRATING MECHANISMS III:
CRASSULACEAN ACID METABOLISM
A third mechanism for concentrating CO2 at the site of
rubisco is found in crassulacean acid metabolism (CAM).
Despite its name, CAM is not restricted to the family Cras-
sulaceae (Crassula, Kalanchoe, Sedum); it is found in numer-
ous angiosperm families. Cacti and euphorbias are CAM
plants, as well as pineapple, vanilla, and agave.

The CAM mechanism enables plants to improve water
use efficiency. Typically, a CAM plant loses 50 to 100 g of
water for every gram of CO2 gained, compared with val-
ues of 250 to 300 g and 400 to 500 g for C4 and C3 plants,
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TABLE 8.4
Energetics of the C4 photosynthetic carbon cycle

Phosphoenolpyruvate + H2O + NADPH + CO2 (mesophyll) → malate + NADP+ + Pi (mesophyll)

Malate + NADP+ → pyruvate + NADPH + CO2 (bundle sheath)

Pyruvate + Pi+ ATP → phosphoenolpyruvate + AMP + PPi (mesophyll)

PPi + H2O → 2 Pi (mesophyll)

AMP + ATP → 2ADP

Net: CO2 (mesophyll) + ATP + 2 H2O → CO2 (bundle sheath) + 2ADP + 2 Pi

Cost of concentrating CO2 within the bundle sheath cell = 2 ATP per CO2

Note: As shown in reaction 1 of Table 8.3, the H2O and CO2 shown in the first line of this table actually react with phospho-
enolpyruvate as HCO3

–.
Pi and PPi stand for inorganic phosphate and pyrophosphate, respectively.



respectively (see Chapter 4). Thus, CAM plants have a
competitive advantage in dry environments.

The CAM mechanism is similar in many respects to the
C4 cycle. In C4 plants, formation of the C4 acids in the mes-
ophyll is spatially separated from decarboxylation of the
C4 acids and from refixation of the resulting CO2 by the
Calvin cycle in the bundle sheath. In CAM plants, forma-
tion of the C4 acids is both temporally and spatially sepa-
rated. At night, CO2 is captured by PEP carboxylase in the
cytosol, and the malate that forms from the oxaloacetate
product is stored in the vacuole (Figure 8.12). During the
day, the stored malate is transported to the chloroplast and
decarboxylated by NADP-malic enzyme, the released CO2
is fixed by the Calvin cycle, and the NADPH is used for
converting the decarboxylated triose phosphate product to
starch.

The Stomata of CAM Plants Open at Night and
Close during the Day
CAM plants such as cacti achieve their high water use effi-
ciency by opening their stomata during the cool, desert

nights and closing them during the hot, dry days. Closing
the stomata during the day minimizes water loss, but
because H2O and CO2 share the same diffusion pathway,
CO2 must then be taken up at night.

CO2 is incorporated via carboxylation of phospho-
enolpyruvate to oxaloacetate, which is then reduced to
malate. The malate accumulates and is stored in the large
vacuoles that are a typical, but not obligatory, anatomic fea-
ture of the leaf cells of CAM plants (see Figure 8.12). The
accumulation of substantial amounts of malic acid, equiv-
alent to the amount of CO2 assimilated at night, has long
been recognized as a nocturnal acidification of the leaf
(Bonner and Bonner 1948).

With the onset of day, the stomata close, preventing loss
of water and further uptake of CO2. The leaf cells deacid-
ify as the reserves of vacuolar malic acid are consumed.
Decarboxylation is usually achieved by the action of
NADP-malic enzyme on malate (Drincovich et al. 2001).
Because the stomata are closed, the internally released CO2
cannot escape from the leaf and instead is fixed and con-
verted to carbohydrate by the Calvin cycle.
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FIGURE 8.12 Crassulacean acid metabolism (CAM). Temporal separation of CO2 uptake
from photosynthetic reactions: CO2 uptake and fixation take place at night, and decar-
boxylation and refixation of the internally released CO2 occur during the day. The adap-
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The elevated internal concentration of CO2 effectively
suppresses the photorespiratory oxygenation of ribulose
bisphosphate and favors carboxylation. The C3 acid result-
ing from the decarboxylation is thought to be converted
first to triose phosphate and then to starch or sucrose, thus
regenerating the source of the original carbon acceptor.

Phosphorylation Regulates the Activity of PEP
Carboxylase in C4 and CAM Plants
The CAM mechanism that we have outlined in this discus-
sion requires separation of the initial carboxylation from the
subsequent decarboxylation, to avoid a futile cycle. In addi-
tion to the spatial and temporal separation exhibited by C4
and CAM plants, respectively, a futile cycle is avoided by
the regulation of PEP carboxylase (Figure 8.13). In C4 plants
the carboxylase is “switched on,” or active, during the day
and in CAM plants during the night. In both C4 and CAM
plants, PEP carboxylase is inhibited by malate and activated
by glucose-6-phosphate (see Web Essay 8.1 for a detailed
discussion of the regulation of PEP carboxylase). 

Phosphorylation of a single serine residue of the CAM
enzyme diminishes the malate inhibition and enhances the
action of glucose-6-phosphate so that the enzyme becomes
catalytically more active (Chollet et al. 1996; Vidal and
Chollet 1997) (see Figure 8.13). The phosphorylation is cat-
alyzed by a PEP carboxylase-kinase. The synthesis of this
kinase is stimulated by the efflux of Ca2+ from the vacuole
to the cytosol and the resulting activation of a
Ca2+/calmodulin protein kinase (Giglioli-Guivarc’h et al.
1996; Coursol et al. 2000; Nimmo 2000; Bakrim et al. 2001).

Some Plants Adjust Their Pattern of CO2 Uptake to
Environmental Conditions
Plants have many mechanisms that maximize water and
CO2 supply during development and reproduction. C3
plants regulate the stomatal aperture of their leaves during

the day, and stomata close during the night. C4 and CAM
plants utilize PEP carboxylase to fix CO2, and they separate
that enzyme from rubisco either spatially (C4 plants) or
temporally (CAM plants).

Some CAM plants show longer-term regulation and are
able to adjust their pattern of CO2 uptake to environmental
conditions. Facultative CAM plants such as the ice plant
(Mesembryanthemum crystallinum) carry on C3 metabolism
under unstressed conditions, and they shift to CAM in
response to heat, water, or salt stress. This form of regulation
requires the expression of numerous CAM genes in response
to stress signals (Adams et al. 1998; Cushman 2001).

In aquatic environments, cyanobacteria and green algae
have abundant water but find low CO2 concentrations in
their surroundings and actively concentrate inorganic CO2
intracellularly. In diatoms, which abound in the phyto-
plankton, a CO2-concentrating mechanism operates simul-
taneously with a C4 pathway (Reinfelder et al. 2000).
Diatoms are a fine example of photosynthetic organisms
that have the capacity to use different CO2-concentrating
mechanisms in response to environmental fluctuations.

SYNTHESIS OF STARCH AND SUCROSE
In most species, sucrose is the principal form of carbohydrate
translocated throughout the plant by the phloem. Starch is an
insoluble stable carbohydrate reserve that is present in almost
all plants. Both starch and sucrose are synthesized from the
triose phosphate that is generated by the Calvin cycle (see
Table 8.1) (Beck and Ziegler 1989). The pathways for the syn-
thesis of starch and sucrose are shown in Figure 8.14.

Starch Is Synthesized in the Chloroplast
Electron micrographs showing prominent starch deposits,
as well as enzyme localization studies, leave no doubt that
the chloroplast is the site of starch synthesis in leaves (Fig-
ure 8.15). Starch is synthesized from triose phosphate via
fructose-1,6-bisphosphate (Table 8.5 and Figure 8.14). The
glucose-1-phosphate intermediate is converted to ADP-glu-
cose via ADP-glucose pyrophosphorylase (Figure 8.14 and
Table 8.5, reaction 5) in a reaction that requires ATP and
generates pyrophosphate (PPi, or H2P2O7

2–).
As in many biosynthetic reactions, the pyrophosphate

is hydrolyzed via a specific inorganic pyrophosphatase to
two orthophosphate (Pi) molecules (Table 8.5, reaction 6),
thereby driving reaction 5 toward ADP-glucose synthesis.
Finally, the glucose moiety of ADP-glucose is transferred
to the nonreducing end (carbon 4) of the terminal glucose
of a growing starch chain (Table 8.5, reaction 7), thus com-
pleting the reaction sequence.

Sucrose Is Synthesized in the Cytosol
The site of sucrose synthesis has been studied by cell frac-
tionation, in which the organelles are isolated and sepa-
rated from one another. Enzyme analyses have shown that
sucrose is synthesized in the cytosol from triose phosphates
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active during the night and relatively insensitive to malate.
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gives a form of the enzyme which is inhibited by malate.



by a pathway similar to that of starch—that is, by way of
fructose-1,6-bisphosphate and glucose-1-phosphate (Fig-
ure 8.14 and Table 8.6, reactions 2–6).

In sucrose synthesis, the glucose-1-phosphate is con-
verted to UDP-glucose via a specific UDP-glucose
pyrophosphorylase (Table 8.6, reaction 7) that is analogous
to the ADP-glucose pyrophosphorylase of chloroplasts. At
this stage, two consecutive reactions complete the synthe-
sis of sucrose (Huber and Huber 1996). First, sucrose-6-
phosphate synthase catalyzes the reaction of UDP-glucose
with fructose-6-phosphate to yield sucrose-6-phosphate
and UDP (Table 8.6, reaction 9). Second, the sucrose-6-
phosphate phosphatase (phosphohydrolase) cleaves the
phosphate from sucrose-6-phosphate, yielding sucrose
(Table 8.6, reaction 10). The latter reaction, which is essen-

tially irreversible, pulls the former in the direction of
sucrose synthesis.

As in starch synthesis, the pyrophosphate formed in the
reaction catalyzed by UDP-glucose pyrophosphorylase
(Table 8.6, reaction 7) is hydrolyzed, but not immediately
as in the chloroplasts. Because of the absence of an inor-
ganic pyrophosphatase, the pyrophosphate can be used by
other enzymes, in transphosphorylation reactions. One
example is fructose-6-phosphate phosphotransferase, an
enzyme that catalyzes a reaction like the one catalyzed by
phosphofructokinase (Table 8.6, reaction 4a) except that
pyrophosphate replaces ATP as the phosphoryl donor.

A comparison of the reactions in Tables 8.5 and 8.6 (as
illustrated in Figure 8.14) reveals that the conversion of
triose phosphates to glucose-1-phosphate in the pathways
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Pi in exchange for Pi, and sucrose is synthesized. When the
cytosolic Pi concentration is low, triose phosphate is retained
within the chloroplast, and starch is synthesized. The num-
bers facing the arrows are keyed to Tables 8.5 and 8.6.



leading to the synthesis of starch and sucrose have several
steps in common. However, these pathways utilize
isozymes (different forms of enzymes catalyzing the same
reaction) that are unique to the chloroplast or cytosol.

The isozymes show markedly different properties. For
example, the chloroplastic fructose-1,6-bisphosphatase is
regulated by the thioredoxin system but not by fructose-
2,6-bisphosphate and AMP. Conversely, the cytosolic form
of the enzyme is regulated by fructose-2,6-bisphosphate
(see the next section), is sensitive to AMP especially in the
presence of fructose-2,6-bisphosphate, and is unaffected by
thioredoxin.

Aside from the cytosolic fructose-1,6-bisphosphatase,
sucrose synthesis is regulated at the level of sucrose phos-
phate synthase, an allosteric enzyme that is activated by
glucose-6-phosphate and inhibited by orthophosphate. The
enzyme is inactivated in the dark by phosphorylation of
a specific serine residue via a protein kinase and activated
in the light by dephosphorylation via a protein phos-
phatase. Glucose-6-phosphate inhibits the kinase, and Pi
inhibits the phosphatase.

The recent purification and cloning of sucrose-6-phos-
phate phosphatase from rice leaves (Lund et al. 2000) is
providing new information on the molecular and func-
tional properties of this enzyme. These studies indicate that
sucrose-6-phosphate synthase and sucrose-6-phosphatase
exist as a supramolecular complex showing an enzymatic
activity that is higher than that of the isolated constituent
enzymes (Salerno et al. 1996). This noncovalent interaction
of the two enzymes involved in the last two steps of
sucrose synthesis points to a novel regulatory feature of
carbohydrate metabolism in plants.

The Syntheses of Sucrose and
Starch Are Competing
Reactions
The relative concentrations of ortho-
phosphate and triose phosphate are
major factors that control whether
photosynthetically fixed carbon is
partitioned as starch in the chloro-
plast or as sucrose in the cytosol.
The two compartments communi-
cate with one another via the phos-
phate/triose phosphate translocator,
also called the phosphate transloca-
tor (see Table 8.6, reaction 1), a strict
stoichiometric antiporter.

The phosphate translocator cat-
alyzes the movement of orthophos-
phate and triose phosphate in oppo-
site directions between chloroplast
and cytosol. A low concentration of
orthophosphate in the cytosol limits
the export of triose phosphate from
the chloroplast through the translo-

cator, thereby promoting the synthesis of starch. Con-
versely, an abundance of orthophosphate in the cytosol
inhibits starch synthesis within the chloroplast and pro-
motes the export of triose phosphate into the cytosol,
where it is converted to sucrose.

Orthophosphate and triose phosphate control the activ-
ity of several regulatory enzymes in the sucrose and starch
biosynthetic pathways. The chloroplast enzyme ADP-glu-
cose pyrophosphorylase (see Table 8.5, reaction 5) is the key
enzyme that regulates the synthesis of starch from glucose-
1-phosphate. This enzyme is stimulated by 3-phospho-
glycerate and inhibited by orthophosphate. A high con-
centration ratio of 3-phosphoglycerate to orthophosphate
is typically found in illuminated chloroplasts that are
actively synthesizing starch. Reciprocal conditions prevail
in the dark.

Fructose-2,6-bisphosphate is a key control molecule that
allows increased synthesis of sucrose in the light and
decreased synthesis in the dark. It is found in the cytosol in
minute concentrations, and it exerts a regulatory effect on
the cytosolic interconversion of fructose-1,6-bisphosphate
and fructose-6-phosphate (Huber 1986; Stitt 1990):
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FIGURE 8.15 Electron micrograph of a bundle sheath cell from maize, showing the
starch grains in the chloroplasts. (15,800×) (Photo by S. E. Frederick, courtesy of E.
H. Newcomb.)
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TABLE 8.5
Reactions of starch synthesis from triose phosphate in chloroplasts

1. Fructose-1,6,bisphosphate aldolase
Dihydroxyacetone-3-phosphate + glyceraldehyde-3-phosphate→ fructose-1,6-bisphosphate

2. Fructose-1,6-bisphosphatase
Fructose-1,6-bisphosphate + H2O → fructose-6-phosphate + Pi

3. Hexose phosphate isomerase
Fructose-6-phosphate → glucose-6-phosphate

4. Phosphoglucomutase
Glucose-6-phosphate → glucose-1-phosphate

5. ADP-glucose pyrophosphorylase
Glucose-1-phosphate + ATP → ADP-glucose + PPi

6. Pyrophosphatase

PPi + H2O → 2 Pi + 2H+

7. Starch synthase
ADP-glucose + (1,4-α-D-glucosyl)n → ADP + (1,4-α-D-glucosyl)n+1

Note: Reaction 6 is irreversible and “pulls” the preceding reaction to the right.
Pi and PPi stand for inorganic phosphate and pyrophosphate, respectively.
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TABLE 8.6
Reactions of sucrose synthesis from triose phosphate in the cytosol

1. Phosphate/triose phosphate translocator
Triose phosphate (chloroplast) + Pi (cytosol) → triose phosphate (cytosol) + Pi (chloroplast)

2. Triose phosphate isomerase
Dihydroxyacetone-3-phosphate → glyceraldehyde-3-phosphate

3. Fructose-1,6-bisphosphate aldolase
Dihydroxyacetone-3-phosphate + glyceraldehyde-3-phosphate → fructose-1,6-bisphosphate 

4a. Fructose-1,6-phosphatase
Fructose-1,6-bisphosphate + H2O → fructose-6-phosphate + Pi

4b. PPi-linked phosphofructokinase
Fructose-6-phosphate + PPi → fructose-1,6-bisphosphate + Pi

5. Hexose phosphate isomerase
Fructose-6-phosphate       →        glucose-6-phosphate

6. Phosphoglucomutase
Glucose-6-phosphate → glucose-1-phosphate

7. UDP-glucose pyrophosphorylase
Glucose-1-phosphate           +           UTP                →                   UDP-glucose + PPi



Increased cytosolic fructose-2,6-bisphosphate is associated
with decreased rates of sucrose synthesis because fructose-
2,6-bisphosphate is a powerful inhibitor of cytosolic fructose-
1,6-bisphosphatase (see Table 8.6, reaction 4a) and an activa-
tor of the pryophosphate-dependent (PPi-linked) phospho-
fructokinase (reaction 4b). But what, in turn, controls the
cytosolic concentration of fructose-2,6-bisphosphate?

Fructose-2,6-bisphosphate is synthesized from fructose-
6-phosphate by a special fructose-6-phosphate 2-kinase
(not to be confused with the fructose-6-phosphate 1-kinase
of glycolysis) and is degraded specifically by fructose-2,6-
bisphosphatase (not to be confused with fructose-1,6-bis-
phosphatase of the Calvin cycle). Recent evidence suggests
that, as in animal cells, both plant activities reside on a sin-
gle polypeptide chain.

The kinase and phosphatase activities are controlled by
orthophosphate and triose phosphate. Orthophosphate
stimulates fructose-6-phosphate 2-kinase and inhibits fruc-
tose-2,6-bisphosphatase; triose phosphate inhibits the 2-
kinase (Figure 8.16). Consequently, a low cytosolic ratio of
triose phosphate to orthophosphate promotes the forma-
tion of fructose-2,6-bisphosphate, which in turn inhibits

the hydrolysis of cytosolic fructose-1,6-bisphosphate and
slows the rate of sucrose synthesis. A high cytosolic ratio
of triose phosphate to orthophosphate has the opposite
effect.

Light regulates the concentration of these activators and
inhibitors through the reactions associated with photo-
synthesis and thereby controls the concentration of fruc-
tose-2,6-bisphosphate in the cytosol. The glycolytic
enzyme phosphofructokinase also functions in the con-
version of fructose-6-phosphate to fructose-1,6-bisphos-
phate, but in plants it is not appreciably affected by fruc-
tose-2,6-bisphosphate.

The activity of phosphofructokinase in plants appears
to be regulated by the relative concentrations of ATP, ADP,
and AMP. The remarkable plasticity of plants was once
again illustrated by recent gene deletion experiments with
transformed tobacco plants. This experiment shows that
the transformed plants can grow without a functional
pyrophosphate-dependent fructose-6-phosphate kinase
enzyme. In this case the conversion of fructose-6-phosphate
to fructose-1,6-bisphosphate is apparently catalyzed exclu-
sively by phosphofructokinase (Paul et al. 1995).
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TABLE 8.6 (continued)
Reactions of sucrose synthesis from triose phosphate in the cytosol

8. Pyrophosphatase
PPi +H2O → 2 Pi + 2 H+

9. Sucrose phosphate synthase
UDP-glucose                      +                          fructose-6-phosphate         →         UDP + sucrose-6-phosphate

10. Sucrose phosphate phosphatase
Sucrose-6-phosphate + H2O → sucrose + Pi

Note: Reaction 1 takes place on the chloroplast inner envelope membrane. Reactions 2 through 10 take place in the cytosol. Reaction 8 is irre-
versible and “pulls” the preceding reaction to the right.
Pi and PPi stand for inorganic phosphate and pyrophosphate, respectively .

CH2OH

OH

OH
HO

H

H

H

H
H O

O P O

O

O–

O

O–

P O Uridine CH2OH

2–O3PO    CH2

HO

HO

OH

H
H

H

O

CH2OH

HO

HO

O

H
H

H

O

CH2OH

OH

OH
HO

H

H

H

H
H

2–O3PO    CH2

O

CH2OH

HO

HO

O

H
H

H

O

CH2OH

OH

OH
HO

H

H

H

H
H O

2–O3PO    CH2

CH2OH

HO

HO

O

H
H

H

O

CH2OH

OH

OH
HO

H

H

H

H
H O

HOH2C



SUMMARY

The reduction of CO2 to carbohydrate via the carbon-linked
reactions of photosynthesis is coupled to the consumption of
NADPH and ATP synthesized by the light reactions of thy-
lakoid membranes. Photosynthetic eukaryotes reduce CO2
via the Calvin cycle that takes place in the stroma, or soluble
phase, of chloroplasts. Here, CO2 and water are combined
with ribulose-1,5-bisphosphate to form two molecules of 3-
phosphoglycerate, which are reduced and converted to car-
bohydrate. The continued operation of the cycle is ensured
by the regeneration of ribulose-1,5-bisphosphate. The Calvin
cycle consumes two molecules of NADPH and three mole-
cules of ATP for every CO2 fixed and, provided these sub-
strates, has a thermodynamic efficiency close to 90%.

Several light-dependent systems act jointly to regulate
the Calvin cycle: changes in ions (Mg2+ and H+), effector
metabolites (enzyme substrates), and protein-mediated sys-
tems (rubisco activase, ferredoxin–thioredoxin system).

The ferredoxin–thioredoxin control system plays a ver-
satile role by linking light to the regulation of other chloro-
plast processes, such as carbohydrate breakdown, pho-
tophosphorylation, fatty acid biosynthesis, and mRNA
translation. Control of these reactions by light separates
opposing biosynthetic from degradative processes and
thereby minimizes the waste of resources that would occur
if the processes operated concurrently.

Rubisco, the enzyme that catalyzes the carboxylation of
ribulose-1,5-bisphosphate, also acts as an oxygenase. In
both cases the enzyme must be carbamylated to be fully

active. The carboxylation and oxygenation reactions take
place at the active site of rubisco. When reacting with oxy-
gen, rubisco produces 2-phosphoglycolate and 3-phos-
phoglycerate from ribulose-1,5-bisphosphate rather than
two 3-phosphoglycerates as with CO2, thereby decreasing
the efficiency of photosynthesis.

The C2 oxidative photosynthetic carbon cycle rescues
the carbon lost as 2-phosphoglycolate by rubisco oxyge-
nase activity. The dissipative effects of photorespiration are
avoided in some plants by mechanisms that concentrate
CO2 at the carboxylation sites in the chloroplast. These
mechanisms include a C4 photosynthetic carbon cycle,
CAM metabolism, and “CO2 pumps” of algae and
cyanobacteria.

The carbohydrates synthesized by the Calvin cycle are
converted into storage forms of energy and carbon: sucrose
and starch. Sucrose, the transportable form of carbon and
energy in most plants, is synthesized in the cytosol, and its
synthesis is regulated by phosphorylation of sucrose phos-
phate synthase. Starch is synthesized in the chloroplast.
The balance between the biosynthetic pathways for sucrose
and starch is determined by the relative concentrations of
metabolite effectors (orthophosphate, fructose-6-phosphate,
3-phosphoglycerate, and dihydroxyacetone phosphate).

These metabolite effectors function in the cytosol by way
of the enzymes synthesizing and degrading fructose-2,6-bis-
phosphate, the regulatory metabolite that plays a primary
role in controlling the partitioning of photosynthetically
fixed carbon between sucrose and starch. Two of these effec-
tors, 3-phosphoglycerate and orthophosphate, also act on
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FIGURE 8.16 Regulation of the cytosolic interconversion of fructose-6-phosphate and
fructose-1,6-bisphosphate. (A) The key metabolites in the allocation between glycolysis
and sucrose synthesis. The regulatory metabolite fructose 2,6-bisphosphate regulates
the interconversion by inhibiting the phosphatase and activating the kinase, as shown.
(B) The synthesis of fructose-2,6-bisphosphate itself is under strict regulation by the
activators and inhibitors shown in the figure. 



starch synthesis in the chloroplast by allosterically regulat-
ing the activity of ADP-glucose pyrophosphorylase. In this
way the synthesis of starch from triose phosphates during
the day can be separated from its breakdown, which is
required to provide energy to the plant at night.

Web Material

Web Topics
8.1 How the Calvin Cycle Was Elucidated

Experiments carried out in the 1950s led to the
discovery of the path of CO2 fixation.

8.2 Rubisco: A Model Enzyme for Studying Struc-
ture and Function

As the most abundant enzyme on Earth, rubisco
was obtained in quantities sufficient for elucidat-
ing its structure and catalytic properties.

8.3 Carbon Dioxide: Some Important Physico-
chemical Properties

Plants have adapted to the properties of CO2 by
altering the reactions catalyzing its fixation.

8.4 Thioredoxins

First found to regulate chloroplast enzymes,
thioredoxins are now known to play a regulatory
role in all types of cells.

8.5 Rubisco Activase

Rubisco is unique among Calvin cycle enzymes
in its regulation by a specific protein, rubisco
activase.

8.6 Operation of the C2 Oxidative Photosynthetic
Carbon Cycle

The enzymes of the C2 oxidative photosynthetic
carbon cycle are localized in three different
organelles.

8.7 Three Variations of C4 Metabolism

Certain reactions of the C4 photosynthetic path-
way differ among plant species.

Web Essay
8.1 Modulation of Phosphoenolpyruvate Car-

boxylase in C4 and CAM Plants

The CO2-fixing enzyme, phosphoenolpyruvate
carboxylase is regulated differently in C4 and
CAM species.
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Photosynthesis:
Physiological and 
Ecological Considerations9

Chapter

THE CONVERSION OF SOLAR ENERGY to the chemical energy of
organic compounds is a complex process that includes electron trans-
port and photosynthetic carbon metabolism (see Chapters 7 and 8). Ear-
lier discussions of the photochemical and biochemical reactions of pho-
tosynthesis should not overshadow the fact that, under natural
conditions, the photosynthetic process takes place in intact organisms
that are continuously responding to internal and external changes. This
chapter addresses some of the photosynthetic responses of the intact leaf
to its environment. Additional photosynthetic responses to different
types of stress are covered in Chapter 25.

The impact of the environment on photosynthesis is of interest to
both plant physiologists and agronomists. From a physiological stand-
point, we wish to understand how photosynthesis responds to envi-
ronmental factors such as light, ambient CO2 concentrations, and tem-
perature. The dependence of photosynthetic processes on environment
is also important to agronomists because plant productivity, and hence
crop yield, depends strongly on prevailing photosynthetic rates in a
dynamic environment.

In studying the environmental dependence of photosynthesis, a cen-
tral question arises: How many environmental factors can limit photo-
synthesis at one time? The British plant physiologist F. F. Blackman
hypothesized in 1905 that, under any particular conditions, the rate of
photosynthesis is limited by the slowest step, the so-called limiting factor.

The implication of this hypothesis is that at any given time, photo-
synthesis can be limited either by light or by CO2 concentration, but not
by both factors. This hypothesis has had a marked influence on the
approach used by plant physiologists to study photosynthesis—that is,
varying one factor and keeping all other environmental conditions con-
stant.



In the intact leaf, three major metabolic steps have been
identified as important for optimal photosynthetic perfor-
mance:

1. Rubisco activity

2. Regeneration of ribulose bisphosphate (RuBP)

3. Metabolism of the triose phosphates

The first two steps are the most prevalent under natural
conditions. Table 9.1 provides some examples of how light
and CO2 can affect these key metabolic steps. In the fol-
lowing sections, biophysical, biochemical, and environ-
mental aspects of photosynthesis in leaves are discussed
in detail.

LIGHT, LEAVES, AND PHOTOSYNTHESIS
Scaling up from the chloroplast (the focus of Chapters 7 and
8) to the leaf adds new levels of complexity to photosyn-
thesis. At the same time, the structural and functional prop-
erties of the leaf make possible other levels of regulation.

We will start by examining how leaf anatomy, and
movements by chloroplasts and leaves, control the absorp-
tion of light for photosynthesis. Then we will describe how
chloroplasts and leaves adapt to their light environment
and how the photosynthetic response of leaves grown
under low light reflects their adaptation to a low-light envi-
ronment. Leaves also adapt to high light conditions, illus-
trating that plants are physiologically flexible and that they
adapt to their immediate environment.

Both the amount of light and the amount of CO2 deter-
mine the photosynthetic response of leaves. In some situa-
tions, photosynthesis is limited by an inadequate supply of
light or CO2. In other situations, absorption of too much
light can cause severe problems, and special mechanisms
protect the photosynthetic system from excessive light.
Multiple levels of control over photosynthesis allow plants
to grow successfully in a constantly changing environment
and different habitats.

CONCEPTS AND UNITS IN THE
MEASUREMENT OF LIGHT
Three light parameters are especially important in the mea-
surement of light: (1) spectral quality, (2) amount, and (3)
direction. Spectral quality was discussed in Chapter 7 (see
Figures 7.2 and 7.3, and Web Topic 7.1). A discussion of the
amount and direction of light reaching the plant requires
consideration of the geometry of the part of the plant that
receives the light: Is the plant organ flat or cylindrical?

Flat, or planar, light sensors are best suited for flat
leaves. The light reaching the plant can be measured as
energy, and the amount of energy that falls on a flat sensor
of known area per unit time is quantified as irradiance (see
Table 9.2). Units can be expressed in terms of energy, such
as watts per square meter (W m–2). Time (seconds) is con-
tained within the term watt: 1 W = 1 joule (J) s–1.

Light can also be measured as the number of incident
quanta (singular quantum). In this case, units can be
expressed in moles per square meter per second (mol m–2

s–1), where moles refers to the num-
ber of photons (1 mol of light = 6.02
× 1023 photons, Avogadro’s number).
This measure is called photon irra-
diance. Quanta and energy units can
be interconverted relatively easily,
provided that the wavelength of the
light, l, is known. The energy of a
photon is related to its wavelength
as follows:

where c is the speed of light (3 ×
108 m s–1), h is Planck’s constant (6.63
× 10–34 J s), and l is the wavelength

E hc= l
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TABLE 9.1
Some characteristics of limitations to the rate of photosynthesis

Conditions that Response of photosynthesis 
lead to this limitation under this limitation to

Limiting factor CO2 Light CO2 O2 Light

Rubisco activity Low High Strong Strong Absent
RuBP regeneration High Low Moderate Moderate Strong

TABLE 9.2 
Concepts and units for the quantification of light

Energy measurements Photon measurements 
(W m–2 ) (mol m–2s–1)

Flat light sensor Irradiance Photon irradiance

Photosynthetically PAR (quantum units)
active radiation
(PAR, 400-700 nm,
energy units)

— Photosynthetic photon
flux density (PPFD)

Spherical light sensor Fluence rate (energy units) Fluence rate (quantum units)
Scalar irradiance Quantum scalar irradiance



of light, usually expressed in nm (1 nm = 10–9 m). From this
equation it can be shown that a photon at 400 nm has twice
the energy of a photon at 800 nm (see Web Topic 9.1).

Now let’s turn our attention to the direction of light.
Light can strike a flat surface directly from above or
obliquely. When light deviates from perpendicular, irradi-
ance is proportional to the cosine of the angle at which the
light rays hit the sensor (Figure 9.1).

There are many examples in nature in which the light-
intercepting object is not flat (e.g., complex shoots, whole
plants, chloroplasts). In addition, in some situations light
can come from many directions simultaneously (e.g., direct
light from the sun plus the light that is reflected upward
from sand, soil, or snow). In these situations it makes more
sense to measure light with a spherical sensor that takes
measurements omnidirectionally (from all directions).

The term for this omnidirectional measurement is flu-
ence rate (see Table 9.2) (Rupert and Letarjet 1978), and this
quantity can be expressed in watts per square meter (W
m–2) or moles per square meter per second (mol m–2 s–1).
The units clearly indicate whether light is being measured
as energy (W) or as photons (mol).

In contrast to a flat sensor’s sensitivity, the sensitivity to
light of a spherical sensor is independent of direction (see
Figure 9.1). Depending on whether the light is collimated

(rays are parallel) or diffuse (rays travel in random direc-
tions), values for fluence rate versus irradiance measured
with a flat or a spherical sensor can provide different val-
ues (see Figure 9.1) (for a detailed discussion, see Björn and
Vogelmann 1994).

Photosynthetically active radiation (PAR, 400–700 nm)
may also be expressed in terms of energy (W m–2) or
quanta (mol m–2 s–1) (McCree 1981). Note that PAR is an
irradiance-type measurement. In research on photosyn-
thesis, when PAR is expressed on a quantum basis, it is
given the special term photosynthetic photon flux density
(PPFD). However, it has been suggested that the term den-
sity be discontinued because within the International Sys-
tem of Units (SI units, where SI stands for Système Interna-
tional), density can mean area or volume.

In summary, when choosing how to quantify light, it is
important to match sensor geometry and spectral response
with that of the plant. Flat, cosine-corrected sensors are ide-
ally suited to measure the amount of light that strikes the
surface of a leaf; spherical sensors are more appropriate in
other situations, such as in studies of a chloroplast sus-
pension or a branch from a tree (see Table 9.2).

How much light is there on a sunny day, and what is the
relationship between PAR irradiance and PAR fluence rate?
Under direct sunlight, PAR irradiance and fluence rate are
both about 2000 µmol m–2 s–1, though higher values can be
measured at high altitudes. The corresponding value in
energy units is about 400 W m–2.

Leaf Anatomy Maximizes Light Absorption
Roughly 1.3 kW m–2 of radiant energy from the sun reaches
Earth, but only about 5% of this energy can be converted
into carbohydrates by a photosynthesizing leaf (Figure 9.2).
The reason this percentage is so low is that a major fraction
of the incident light is of a wavelength either too short or
too long to be absorbed by the photosynthetic pigments
(see Figure 7.3). Of the absorbed light energy, a significant
fraction is lost as heat, and a smaller amount is lost as flu-
orescence (see Chapter 7).

Recall from Chapter 7 that radiant energy from the sun
consists of many different wavelengths of light. Only pho-
tons of wavelengths from 400 to 700 nm are utilized in pho-
tosynthesis, and about 85 to 90% of this PAR is absorbed by
the leaf; the remainder is either reflected at the leaf surface
or transmitted through the leaf (Figure 9.3). Because chloro-
phyll absorbs very strongly in the blue and the red regions
of the spectrum (see Figure 7.3), the transmitted and
reflected light are vastly enriched in green—hence the
green color of vegetation.

The anatomy of the leaf is highly specialized for light
absorption (Terashima and Hikosaka 1995). The outermost
cell layer, the epidermis, is typically transparent to visible
light, and the individual cells are often convex. Convex
epidermal cells can act as lenses and can focus light so that
the amount reaching some of the chloroplasts can be many
times greater than the amount of ambient light (Vogel-
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a

Irradiance = (A) × cosine a

FIGURE 9.1 Flat and spherical light sensors. Equivalent
amounts of collimated light strike a flat irradiance-type sen-
sor (A) and a spherical sensor (B) that measure fluence rate.
With collimated light, A and B will give the same light read-
ings. When the light direction is changed 45°, the spherical
sensor (D) will measure the same quantity as in B. In con-
trast, the flat irradiance sensor (C) will measure an amount
equivalent to the irradiance in A multiplied by the cosine of
the angle α in C. (After Björn and Vogelmann 1994.)



mann et al. 1996). Epidermal focusing is common among
herbaceous plants and is especially prominent among
tropical plants that grow in the forest understory, where
light levels are very low.

Below the epidermis, the top layers of photosynthetic
cells are called palisade cells; they are shaped like pillars
that stand in parallel columns one to three layers deep (Fig-
ure 9.4). Some leaves have several layers of columnar pal-
isade cells, and we may wonder how efficient it is for a
plant to invest energy in the development of multiple cell
layers when the high chlorophyll content of the first layer
would appear to allow little transmission of the incident
light to the leaf interior. In fact, more light than might be
expected penetrates the first layer of palisade cells because
of the sieve effect and light channeling.

The sieve effect is due to the fact that chlorophyll is not
uniformly distributed throughout cells but instead is con-
fined to the chloroplasts. This packaging of chlorophyll
results in shading between the chlorophyll molecules and
creates gaps between the chloroplasts, where light is not
absorbed—hence the reference to a sieve. Because of the
sieve effect, the total absorption of light by a given amount
of chlorophyll in a palisade cell is less than the light
absorbed by the same amount of chlorophyll in a solution.

Light channeling occurs when some of the incident
light is propagated through the central vacuole of the pal-
isade cells and through the air spaces between the cells, an
arrangement that facilitates the transmission of light into
the leaf interior (Vogelmann 1993).

Below the palisade layers is the spongy mesophyll,
where the cells are very irregular in shape and are sur-
rounded by large air spaces (see Figure 9.4). The large air
spaces generate many interfaces between air and water that
reflect and refract the light, thereby randomizing its direc-
tion of travel. This phenomenon is called light scattering.

Light scattering is especially important in leaves because
the multiple reflections between cell–air interfaces greatly
increase the length of the path over which photons travel,
thereby increasing the probability for absorption. In fact,
photon path lengths within leaves are commonly four
times or more longer than the  thickness of the leaf (Richter
and Fukshansky 1996). Thus the palisade cell properties
that allow light to pass through, and the spongy mesophyll
cell properties that are conducive to light scattering, result
in more uniform light absorption throughout the leaf.

Some environments, such as deserts, have so much light
that it is potentially harmful to leaves. In these environ-
ments leaves often have special anatomic features, such as
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FIGURE 9.2 Conversion of solar energy into carbohydrates
by a leaf. Of the total incident energy, only 5% is converted
into carbohydrates.
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hairs, salt glands, and epicuticular wax that increase the
reflection of light from the leaf surface, thereby reducing
light absorption (Ehleringer et al. 1976). Such adaptations
can decrease light absorption by as much as 40%, mini-
mizing heating and other problems associated with the
absorption of too much light.

Chloroplast Movement and Leaf Movement 
Can Control Light Absorption
Chloroplast movement is widespread among algae,
mosses, and leaves of higher plants (Haupt and Scheuer-
lein 1990). If chloroplast orientation and location are con-

trolled, leaves can regulate how much of the incident light
is absorbed. Under low light (Figure 9.5B), chloroplasts
gather at the cell surfaces parallel to the plane of the leaf so
that they are aligned perpendicularly to the incident light—
a position that maximizes absorption of light.

Under high light (Figure 9.5C), the chloroplasts move to
the cell surfaces that are parallel to the incident light, thus
avoiding excess absorption of light. Such chloroplast
rearrangement can decrease the amount of light absorbed
by the leaf by about 15% (Gorton et al. 1999). Chloroplast
movement in leaves is a typical blue-light response (see
Chapter 18). Blue light also controls chloroplast orientation
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FIGURE 9.4 Scanning electron micrographs of the leaf anatomy
from a legume (Thermopsis montana) grown in different light
environments. Note that the sun leaf (A) is much thicker than
the shade leaf (B) and that the palisade (columnlike) cells are
much longer in the leaves grown in sunlight. Layers of spongy
mesophyll cells can be seen below the palisade cells.
(Micrographs courtesy of T. Vogelmann.)

Leaf grown in sun

Leaf grown in shade

(A) Epidermis Palisade cells

Spongy 
mesophyll

Epidermis

100 mm

Guard cells

(B)

(A) Darkness (B) Weak blue light (C) Strong blue light

FIGURE 9.5 Chloroplast distribution in photosynthesizing
cells of the duckweed Lemna. These surface views show the
same cells under three conditions: (A) darkness, (B) weak
blue light, and (C) strong blue light. In A and B, chloro-
plasts are positioned near the upper surface of the cells,

where they can absorb maximum amounts of light. When
the cells were irradiated with strong blue light (C), the
chloroplasts move to the side walls, where they shade each
other, thus minimizing the absorption of excess light.
(Micrographs courtesy of M. Tlalka and M. D. Fricker.)
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in many of the lower plants, but in some algae, chloroplast
movement is controlled by phytochrome (Haupt and
Scheuerlein 1990). In leaves, chloroplasts move along actin
microfilaments in the cytoplasm, and calcium regulates
their movement (Tlalka and Fricker 1999).

Leaves have the highest light absorption when the leaf
blade, or lamina, is perpendicular to the incident light.
Some plants control light absorption by solar tracking
(Koller 2000); that is, their leaves continuously adjust the
orientation of their laminae such that they remain perpen-
dicular to the sun’s rays (Figure 9.6). Alfalfa, cotton, soy-
bean, bean, lupine, and some wild species of the mallow
family (Malvaceae) are examples of the numerous plant
species that are capable of solar tracking.

Solar-tracking leaves keep a nearly vertical position at
sunrise, facing the eastern horizon, where the sun will rise.
The leaf blades then lock on to the rising sun and follow its
movement across the sky with an accuracy of ±15° until
sunset, when the laminae are nearly vertical, facing the
west, where the sun will set. During the night the leaf takes
a horizontal position and reorients just before dawn so that
it faces the eastern horizon in anticipation of another sun-
rise. Leaves track the sun only on clear days, and they stop
when a cloud obscures the sun. In the case of intermittent
cloud cover, some leaves can reorient as rapidly as 90° per
hour and thus can catch up to the new solar position when
the sun emerges from behind a cloud (Koller 1990).

Solar tracking is another blue-light response, and the
sensing of blue light in solar-tracking leaves occurs in spe-
cialized regions. In species of Lavatera (Malvaceae), the pho-
tosensitive region is located in or near the major leaf veins
(Koller 1990). In lupines, (Lupinus, Fabaceae), leaves con-
sist of five or more leaflets, and the photosensitive region
is located in the basal part of each leaflet lamina.

In many cases, leaf orientation is controlled by a spe-
cialized organ called the pulvinus (plural pulvini), found
at the junction between the blade and petiole. The pulvinus
contains motor cells that change their osmotic potential and
generate mechanical forces that determine laminar orien-
tation. In other plants, leaf orientation is controlled by
small mechanical changes along the length of the petiole
and by movements of the younger parts of the stem.

Some solar-tracking plants can also move their leaves
such that they avoid full exposure to sunlight, thus mini-
mizing heating and water loss. Building on the term
heliotropism (bending toward the sun), which is often
used to describe sun-induced leaf movements, these sun-
avoiding leaves are called paraheliotropic, and leaves that
maximize light interception by solar tracking are called dia-
heliotropic. Some plant species can display diaheliotropic
movements when they are well watered and parahe-
liotropic movements when they experience water stress.

Since full sunlight usually exceeds the amount of light
that can be utilized for photosynthesis, what advantage is
gained by solar tracking? By keeping leaves perpendicular
to the sun, solar-tracking plants maintain maximum pho-
tosynthetic rates throughout the day, including early morn-
ing and late afternoon. Moreover, air temperature is lower
during the early morning and late afternoon, so water
stress is lower. Solar tracking therefore gives an advantage
to plants that grow in arid regions.

Plants Adapt to Sun and Shade
Some plants have enough developmental plasticity to
adapt to a range of light regimes, growing as sun plants in
sunny areas and as shade plants in shady habitats. Some
shady habitats receive less than 1% of the PAR available in
an exposed habitat. Leaves that are adapted to very sunny

(A) (B)

FIGURE 9.6 Leaf movement in sun-tracking plants. (A) Initial leaf orientation in the
lupine Lupinus succulentus. (B) Leaf orientation 4 hours after exposure to oblique
light. The direction of the light beam is indicated by the arrows. Movement is gen-
erated by asymmetric swelling of a pulvinus, found at the junction between the
lamina and the petiole. In natural conditions, the leaves track the sun’s trajectory in
the sky. (From Vogelmann and Björn 1983, courtesy of T. Vogelmann.)



or very shady environments are often unable to survive in
the other type of habitat (see Figure 9.10). Sun and shade
leaves have some contrasting characteristics:

• Shade leaves have more total chlorophyll per reaction
center, have a higher ratio of chlorophyll b to chloro-
phyll a, and are usually thinner than sun leaves.

• Sun leaves have more rubisco, and a larger pool of
xanthophyll cycle components than shade leaves (see
Chapter 7).

Contrasting anatomic characteristics can also be found
in leaves of the same plant that are exposed to different
light regimes. Figure 9.4 shows some anatomic differences
between a leaf grown in the sun and a leaf grown in the
shade. Sun-grown leaves are thicker and have longer pal-
isade cells than leaves growing in the shade. Even different
parts of a single leaf show adaptations to their light
microenvironment. Cells in the upper surface of the leaf,
which are exposed to the highest prevailing photon flux,
have characteristics of cells from leaves grown in full sun-
light; cells in the lower surface of the leaf have characteris-
tics of cells found in shade-grown leaves (Terashima 1992).

These morphological and biochemical modifications are
associated with specific functions. Far-red light is absorbed
primarily by PSI, and altering the ratio of PSI to PSII or
changing the light-harvesting antennae associated with the
photosystems makes it possible to maintain a better bal-
ance of energy flow through the two photosystems (Melis
1996). These adaptations are found in nature; some shade
plants show a 3:1 ratio of photosystem II to photosystem
I reaction centers, compared with the 2:1 ratio found in sun
plants (Anderson 1986). Other shade plants, rather than
altering the ratio of PSI to PSII, add more antennae chloro-
phyll to PSII. These adaptations appear to enhance light
absorption and energy transfer in shady environments,
where far-red light is more abundant.

Sun and shade plants also differ in their respiration
rates, and these differences alter the relationship between
respiration and photosynthesis, as we’ll see a little later in
this chapter.

Plants Compete for Sunlight
Plants normally compete for sunlight. Held upright by stems
and trunks, leaves configure a canopy that absorbs light and
influences photosynthetic rates and growth beneath them.

Leaves that are shaded by other leaves have much lower
photosynthetic rates. Some plants have very thick leaves
that transmit little, if any, light. Other plants, such as those
of the dandelion (Taraxacum sp.), have a rosette growth
habit, in which leaves grow radially very close to each
other and to the stem, thus preventing the growth of any
leaves below them.

Trees represent an outstanding adaptation for light inter-
ception. The elaborate branching structure of trees vastly
increases the interception of sunlight. Very little PAR pen-

etrates the canopy of many forests; almost all of it is
absorbed by leaves (Figure 9.7).

Another feature of the shady habitat is sunflecks,
patches of sunlight that pass through small gaps in the leaf
canopy and move across shaded leaves as the sun moves.
In a dense forest, sunflecks can change the photon flux
impinging on a leaf in the forest floor more than tenfold
within seconds. For some of these leaves, a sunfleck con-
tains nearly 50% of the total light energy available during
the day, but this critical energy is available for only a few
minutes in a very high dose.

Sunflecks also play a role in the carbon metabolism of
lower leaves in dense crops that are shaded by the upper
leaves of the plant. Rapid responses of both the photosyn-
thetic apparatus and the stomata to sunflecks have been of
substantial interest to plant physiologists and ecologists
(Pearcy et al. 1997) because they represent unique physio-
logical responses specialized for capturing a short burst of
sunlight.

PHOTOSYNTHETIC RESPONSES TO LIGHT
BY THE INTACT LEAF
Light is a critical resource for plants that can often limit
growth and reproduction. The photosynthetic properties
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FIGURE 9.7 The spectral distribution of sunlight at the top of
a canopy and under the canopy. For unfiltered sunlight, the
total irradiance was 1900 µmol m–2 s–1; for shade, 17.7 µmol
m–2 s–1. Most of the photosynthetically active radiation was
absorbed by leaves in the canopy. (From Smith 1994.)



of the leaf provide valuable information about plant adap-
tations to their light environment.

In this section we describe typical photosynthetic
responses to light as measured in light-response curves. We
also consider how an important feature of light-response
curves, the light compensation point, explains contrasting
physiological properties of sun and shade plants. We then
describe quantum yields of photosynthesis in the intact
leaf, and the differences in quantum yields between C3 and
C4 plants. The section closes with descriptions of leaf adap-
tations to excess light, and the different pathways of heat
dissipation in the leaf.

Light-Response Curves Reveal Photosynthetic
Properties
Measuring CO2 fixation in intact leaves at increasing pho-
ton flux allows us to construct light-response curves (Fig-
ure 9.8) that provide useful information about the photo-
synthetic properties of leaves. In the dark there is no
photosynthetic carbon assimilation, and CO2 is given off
by the plant because of respiration (see Chapter 11). By con-

vention, CO2 assimilation is negative in this part of the
light-response curve. As the photon flux increases, photo-
synthetic CO2 assimilation increases until it equals CO2
release by mitochondrial respiration. The point at which
CO2 uptake exactly balances CO2 release is called the light
compensation point.

The photon flux at which different leaves reach the light
compensation point varies with species and developmen-
tal conditions. One of the more interesting differences is
found between plants grown in full sunlight and those
grown in the shade (Figure 9.9). Light compensation points
of sun plants range from 10 to 20 µmol m–2 s–1; corre-
sponding values for shade plants are 1 to 5 µmol m–2 s–1.

The values for shade plants are lower because respira-
tion rates in shade plants are very low, so little net photo-
synthesis suffices to bring the net rates of CO2 exchange to
zero. Low respiratory rates seem to represent a basic adap-
tation that allows shade plants to survive in light-limited
environments.

Increasing photon flux above the light compensation
point results in a proportional increase in photosynthetic
rate (see Figure 9.8), yielding a linear relationship between
photon flux and photosynthetic rate. Such a linear rela-

178 Chapter 9

–5

0

5

10

15

20

25

200 400

Absorbed light (µmol m–2 s–1)

Ph
o

to
sy

n
th

et
ic

 C
O

2 
as

si
m

ila
ti

o
n

 (
µm

o
l m

–2
 s

–1
) 

600 800 10000

CO2 limited
Light
limited

Light compensation point
(CO2 uptake = CO2 evolution)

Dark respiration rate

FIGURE 9.8 Response of photosynthesis to light in a C3
plant. In darkness, respiration causes a net efflux of CO2
from the plant. The light compensation point is reached
when photosynthetic CO2 assimilation equals the amount
of CO2 evolved by respiration. Increasing light above the
light compensation point proportionally increases photo-
synthesis indicating that photosynthesis is limited by the
rate of electron transport, which in turn is limited by the
amount of available light. This portion of the curve is
referred to as light-limited. Further increases in photosyn-
thesis are eventually limited by the carboxylation capacity
of rubisco or the metabolism of triose phosphates. This part
of the curve is referred to as CO2 limited.

0

–4

4

8

12

16

20

24

28

32

400 800

Irradiance (µmol m–2 s–1)

Photosynthetically active radiation

Ph
o

to
sy

n
th

et
ic

 C
O

2 
as

si
m

ila
ti

o
n

 (
µm

o
l m

–2
 s

–1
)

1200 1600 20000

Atriplex triangularis
(sun plant)

Asarum caudatum
(shade plant)

FIGURE 9.9 Light–response curves of photosynthetic car-
bon fixation in sun and shade plants. Atriplex triangularis
(triangle orache) is a sun plant, and Asarum caudatum (a
wild ginger) is a shade plant. Typically, shade plants have a
low light compensation point and have lower maximal
photosynthetic rates than sun plants. The dashed line has
been extrapolated from the measured part of the curve.
(From Harvey 1979.)



tionship comes about because photosynthesis is light lim-
ited at those levels of incident light, so more light stimulates
more photosynthesis.

In this linear portion of the curve, the slope of the line
reveals the maximum quantum yield of photosynthesis for
the leaf. Recall that quantum yield is the relation between a
given light-dependent product (in this case CO2 assimilation)
and the number of absorbed photons (see Equation 7.5).

Quantum yields vary from 0, where none of the light
energy is used in photosynthesis, to 1, where all the
absorbed light is used. Recall from Chapter 7 that the quan-
tum yield of photochemistry is about 0.95, and the quan-
tum yield of oxygen evolution by isolated chloroplasts is
about 0.1 (10 photons per molecule of O2).

In the intact leaf, measured quantum yields for CO2 fix-
ation vary between 0.04 and 0.06. Healthy leaves from
many species of C3 plants, kept under low O2 concentra-
tions that inhibit photorespiration, usually show a quan-
tum yield of 0.1. In normal air, the quantum yield of C3
plants is lower, typically 0.05.

Quantum yield varies with temperature and CO2 con-
centration because of their effect on the ratio of the carboxy-
lase and oxygenase reactions of rubisco (see Chapter 8).
Below 30°C, quantum yields of C3 plants are generally higher
than those of C4 plants; above 30°C, the situation is usually
reversed (see Figure 9.23). Despite their different growth
habitats, sun and shade plants show similar quantum yields.

At higher photon fluxes, the photosynthetic response to
light starts to level off (see Figure 9.8) and reaches saturation.
Once the saturation point is reached, further increases in
photon flux no longer affect photosynthetic rates, indicat-
ing that factors other than incident light, such as electron
transport rate, rubisco activity, or the metabolism of triose
phosphates, have become limiting to photosynthesis.

After the saturation point, photosynthesis is commonly
referred to as CO2 limited, reflecting the inability of the
Calvin cycle enzymes to keep pace with the absorbed light
energy. Light saturation levels for shade plants are sub-
stantially lower than those for sun plants (see Figure 9.9).
These levels usually reflect the maximal photon flux to
which the leaf was exposed during growth (Figure 9.10).

The light-response curve of most leaves saturates
between 500 and 1000 µmol m–2 s–1, photon fluxes well
below full sunlight (which is about 2000 µmol m–2 s–1).
Although individual leaves are rarely able to utilize full
sunlight, whole plants usually consist of many leaves that
shade each other. For example, only a small fraction of a
tree’s leaves are exposed to full sun at any given time of the
day. The rest of the leaves receive subsaturating photon
fluxes in the form of small patches of light that pass
through gaps in the leaf canopy or in the form of light
transmitted through other leaves. Because the photosyn-
thetic response of the intact plant is the sum of the photo-
synthetic activity of all the leaves, only rarely is photosyn-
thesis saturated at the level of the whole plant.

Light-response curves of individual trees and of the for-
est canopy show that photosynthetic rate increases with
photon flux and photosynthesis usually does not saturate,
even in full sunlight (Figure 9.11). Along these lines, crop
productivity is related to the total amount of light received
during the growing season, and given enough water and
nutrients, the more light a crop receives, the higher the bio-
mass (Ort and Baker 1988).

Leaves Must Dissipate Excess Light Energy
When exposed to excess light, leaves must dissipate the
surplus absorbed light energy so that it does not harm the
photosynthetic apparatus (Figure 9.12). There are several
routes for energy dissipation involving nonphotochemical
quenching (see Chapter 7), which is the quenching of chloro-
phyll fluorescence by mechanisms other than photochem-
istry. The most important example involves the transfer of
absorbed light energy away from electron transport toward
heat production. Although the molecular mechanisms are
not yet fully understood, the xanthophyll cycle appears to
be an important avenue for dissipation of excess light
energy (see Web Essay 9.1).
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FIGURE 9.10 Light–response of photosynthesis of a sun
plant gown under sun or shade conditions. The upper
curve represents an Atriplex triangularis leaf grown at an
irradiance ten times higher than that of the lower curve. In
the leaf grown at the lower light levels, photosynthesis sat-
urates at a substantially lower irradiance, indicating that
the photosynthetic properties of a leaf depend on its grow-
ing conditions. The dashed line has been extrapolated from
the measured part of the curve. (From Björkman 1981.)



The xanthophyll cycle. Recall from Chapter 7 that the
xanthophyll cycle, which comprises the three carotenoids
violaxanthin, antheraxanthin, and zeaxanthin, is involved
in the dissipation of excess light energy in the leaf (see Fig-
ure 7.36). Under high light, violaxanthin is converted to
antheraxanthin and then to zeaxanthin. Note that the two
aromatic rings of violaxanthin have a bound oxygen atom
in them, antheraxanthin has one, and zeaxanthin has none
(again, see Figure 7.36). Experiments have shown that zeax-
anthin is the most effective of the three xanthophylls in heat

dissipation, and antheraxanthin is only half as effective.
Whereas the levels of antheraxanthin remain relatively con-
stant throughout the day, the zeaxanthin content increases
at high irradiances and decreases at low irradiances.

In leaves growing under full sunlight, zeaxanthin and
antheraxanthin can make up 60% of the total xanthophyll
cycle pool at maximal irradiance levels attained at midday
(Figure 9.13). In these conditions a substantial amount of
excess light energy absorbed by the thylakoid membranes
can be dissipated as heat, thus preventing damage to the
photosynthetic machinery of the chloroplast (see Chapter 7).
The fraction of light energy that is dissipated depends on
irradiance, species, growth conditions, nutrient status, and
ambient temperature (Demmig-Adams and Adams 1996).

The xanthophyll cycle in sun and shade leaves. Leaves
that grow in full sunlight contain a substantially larger xan-
thophyll pool than shade leaves, so they can dissipate
higher amounts of excess light energy. Nevertheless, the
xanthophyll cycle also operates in plants that grow in the
low light of the forest understory, where they are only
occasionally exposed to high light when sunlight passes
through gaps in the overlying leaf canopy, forming sun-
flecks (which were described earlier in the chapter). Expo-
sure to one sunfleck results in the conversion of much of
the violaxanthin in the leaf to zeaxanthin. In contrast to
typical leaves, in which violaxanthin levels increase again
when irradiances drop, the zeaxanthin formed in shade
leaves of the forest understory is retained and protects the
leaf against exposure to subsequent sunflecks.

The xanthophyll cycle is also found in species such as
conifers, the leaves of which remain green during winter,
when photosynthetic rates are very low yet light absorp-
tion remains high. Contrary to the diurnal cycling of the
xanthophyll pool observed in the summer, zeaxanthin lev-
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FIGURE 9.11 Changes in photosynthesis (expressed on a
per-square-meter basis) in individual needles, a complex
shoot, and a forest canopy of Sitka spruce (Picea sitchensis)
as a function of irradiance. Complex shoots consist of
groupings of needles that often shade each other, similar to
the situation in a canopy where branches often shade other
branches. As a result of shading, much higher irradiance
levels are needed to saturate photosynthesis. The dashed
line has been extrapolated from the measured part of the
curve. (From Jarvis and Leverenz 1983.)

0

10

20

30

40

50

60

70

200 400 600

Absorbed light (µmol m–2 s–1)

Photosynthetic 
oxygen evolutionPh

o
to

sy
n

th
et

ic
 O

2 
ev

o
lu

ti
o

n
 (

µm
o

l m
–2

 s
–1

) 

Excess
light
energy

FIGURE 9.12 Excess light energy in relation to a
light–response curve of photosynthetic evolution. The bro-
ken line shows theoretical oxygen evolution in the absence of
any rate limitation to photosynthesis. At levels of photon
flux up to 150 µmol m–2 s–1, a shade plant is able to utilize
the absorbed light. Above 150 µmol m–2 s–1, however, photo-
synthesis saturates, and an increasingly larger amount of the
absorbed light energy must be dissipated. At higher irradi-
ances there is a large difference between the fraction of light
used by photosynthesis versus that which must be dissi-
pated (excess light energy). The differences are much higher
in a shade plant than in a sun plant. (After Osmond 1994.)



els remain high all day during the winter. Presumably this
mechanism maximizes dissipation of light energy, thereby
protecting the leaves against photooxidation during win-
ter (Adams et al. 2001).

In addition to protecting the photosynthetic system
against high light, the xanthophyll cycle may help protect
against high temperatures. Chloroplasts are more tolerant
of heat when they accumulate zeaxanthin (Havaux et al.
1996). Thus, plants may employ more than one biochemi-
cal mechanism to guard against the deleterious effect of
excess heat.

Leaves Must Dissipate Vast Quantities of Heat
The heat load on a leaf exposed to full sunlight is very high.
In fact, a leaf with an effective thickness of water of 300 µm
would warm up by 100°C every minute if all available solar
energy were absorbed and no heat were lost. However, this
enormous heat load is dissipated by the emission of long-
wave radiation, by sensible (i.e., perceptible) heat loss, and
by evaporative (or latent) heat loss (Figure 9.14):

• Air circulation around the leaf removes heat from the
leaf surfaces if the temperature of the leaf is higher
than that of the air; this phenomenon is called sensi-
ble heat loss.

• Evaporative heat loss occurs because the evaporation
of water requires energy. Thus as water evaporates

from a leaf, it withdraws heat from the leaf and cools
it. The human body is cooled by the same principle,
through perspiration.

Sensible heat loss and evaporative heat loss are the most
important processes in the regulation of leaf temperature,
and the ratio of the two is called the Bowen ratio (Camp-
bell 1977):

In well-watered crops, transpiration (see Chapter 4), and
hence water evaporation from the leaf, is high, so the
Bowen ratio is low (see Web Topic 9.2). On the other hand,
when evaporative cooling is limited, the Bowen ratio is
large. For example, in some cacti, stomata closure prevents
evaporative cooling; all the heat is dissipated by sensible
heat loss, and the Bowen ratio is infinite.

Plants with very high Bowen ratios conserve water but
have to endure very high leaf temperatures in order to
maintain a sufficient temperature gradient between the leaf
and the air. Slow growth is usually correlated with these
adaptations.

Isoprene Synthesis Helps Leaves Cope with Heat
We have seen how the xanthophyll cycle can protect
against high light, but how do chloroplasts cope with the

Bowen ratio Sensible heat loss
Evaporative heat loss=
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FIGURE 9.14 The absorption and dissipation of energy from
sunlight by the leaf. The imposed heat load must be dissi-
pated in order to avoid damage to the leaf. The heat load is
dissipated by emission of long-wavelength radiation, by
sensible heat loss to the air surrounding the leaf, and by the
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high leaf temperatures that usually accompany high light?
Isoprene synthesis appears to confer stability to photosyn-
thetic membranes at high light and temperatures. Many
plants, including American oak (Quercus sp.), aspen (Pop-
ulus sp.), and kudzu (Pueraria lobata) emit gaseous five-car-
bon molecules such as isoprene (2-methyl-1,3-butadiene;
see Chapter 13).

On a global scale, these emissions amount to 5 × 1014 g
released to the atmosphere each year. These gaseous hydro-
carbons are responsible for the pine scent (α- and β-pinene)
in coniferous forests and can form a blue haze above forests
on hot days. Because isoprene and related hydrocarbons
play an important role in atmospheric chemistry, they have
attracted much attention from atmospheric scientists.

Isoprene emission from leaves can constitute a signifi-
cant fraction of the carbon assimilated in photosynthesis.
For example, up to 2% of the carbon fixed by photosyn-
thesis in aspen and oak leaves at 30°C is released as iso-
prene (Sharkey 1996). Sun leaves synthesize more isoprene
than shade leaves, and synthesis is proportional to leaf
temperature and water stress.

Evidence that isoprene confers stability to photosyn-
thetic membranes under high temperatures comes from
three types of experimental results:

1. Whereas preventing isoprene emission with an
inhibitor increases susceptibility to damage by heat,
adding isoprene to plants that do not produce iso-
prene confers heat stability (Sharkey et al. 2001).

2. Mutant plants unable to emit isoprene are more eas-
ily damaged by high temperatures than are wild-type
plants (Sharkey and Singsaas 1995).

3. Isoprene is rapidly synthesized enzymatically in
response to elevated leaf temperatures.

Absorption of Too Much Light Can Lead to
Photoinhibition

Recall from Chapter 7 that when leaves are exposed to
more light than they can utilize (see Figure 9.12), the reac-
tion center of PSII is inactivated and damaged, in a phe-
nomenon called photoinhibition. The characteristics of
photoinhibition in the intact leaf depend on the amount of
light to which the plant is exposed (Figure 9.15), and two
types of photoinhibition are identified: dynamic photoin-
hibition and chronic photoinhibition (Osmond 1994).

Under moderate excess light, dynamic photoinhibition
is observed. Quantum efficiency decreases (contrast the
slopes of the curves in Figure 9.15), but the maximum pho-
tosynthetic rate remains unchanged. Dynamic photoinhi-
bition is caused by the diversion of absorbed light energy
toward heat dissipation—hence the decrease in quantum
efficiency. This decrease is often temporary, and quantum
efficiency can return to its initial higher value when pho-
ton flux decreases below saturation levels.

Chronic photoinhibition results from exposure to high
levels of excess light that damage the photosynthetic sys-
tem and decrease both quantum efficiency and maximum
photosynthetic rate (see Figure 9.15). Chronic photoinhibi-
tion is associated with damage and replacement of the D1
protein from the reaction center of PSII (see Chapter 7). In
contrast to dynamic photoinhibition, these effects are rela-
tively long-lasting, persisting for weeks or months.

Early researchers of photoinhibition interpreted all
decreases in quantum efficiency as damage to the photo-
synthetic apparatus. It is now recognized that short-term
decreases in quantum efficiency seem to reflect protective
mechanisms (see Chapter 7), whereas chronic photoinhibi-
tion represents actual damage to the chloroplast resulting
from excess light, or a failure of the protective mechanisms.

How significant is photoinhibition in nature? Dynamic
photoinhibition appears to occur normally at midday, when
leaves are exposed to maximum amounts of light and there
is a corresponding reduction in carbon fixation. Photoinhi-
bition is more pronounced at low temperatures, and it
becomes chronic under more extreme climatic conditions.
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Studies of natural willow populations, and crops of
Brassica napus (oilseed rape) and Zea mays (maize), have
shown that the cumulative effects of a daily depression in
photosynthetic rates caused by photoinhibition decrease
biomass by 10% at the end of the growing season (Long et
al. 1994). This may not seem a particularly large effect, but
it could be significant in natural plant populations com-
peting for limited resources—conditions under which any
reduction in carbon allocated to reproduction can adversely
affect reproductive success and survival.

PHOTOSYNTHETIC RESPONSES TO
CARBON DIOXIDE
We have discussed how plant growth and leaf anatomy are
influenced by light. Now we turn our attention to how CO2
concentration affects photosynthesis. CO2 diffuses from the
atmosphere into leaves—first through stomata, then
through the intercellular air spaces, and ultimately into
cells and chloroplasts. In the presence of adequate amounts
of light, higher CO2 concentrations support higher photo-
synthetic rates. The reverse is also true; that is, low CO2
concentration can limit the amount of photosynthesis.

In this section we will discuss the concentration of
atmospheric CO2 in recent history, and its availability for
carbon-fixing processes. Then we’ll consider the limitations
that CO2 places on photosynthesis and the impact of the
CO2-concentrating mechanisms of C4 plants.

Atmospheric CO2 Concentration Keeps Rising
Carbon dioxide is a trace gas in the atmosphere, presently
accounting for about 0.037%, or 370 parts per million
(ppm), of air. The partial pressure of ambient CO2 (Ca)
varies with atmospheric pressure and is approximately 36
pascals (Pa) at sea level (see Web Topic 9.3). Water vapor
usually accounts for up to 2% of the atmosphere and O2 for
about 20%. The bulk of the atmosphere, nearly 80%, is
nitrogen.

The current atmospheric concentration of CO2 is almost
twice the concentration that has prevailed during most of
the last 160,00 years, as measured from air bubbles trapped
in glacial ice in Antarctica (Figure 9.16A). Except for the last
200 years, CO2 concentrations during the recent geological
past have been low, fluctuating between 180 and 260 ppm.
These low concentrations were typical of times extending
back to the Cretaceous, when Earth was much warmer and
the CO2 concentration may have been as high as 1200 to
2800 ppm (Ehleringer et al. 1991).

The current CO2 concentration of the atmosphere is
increasing by about 1 ppm each year, primarily because of
the burning of fossil fuels (see Figure 9.16C). Since 1958,
when systematic measurements of CO2 began at Mauna Loa,
Hawaii, atmospheric CO2 concentrations have increased by
more than 17% (Keeling et al. 1995), and by 2020 the atmos-
pheric CO2 concentration could reach 600 ppm.
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FIGURE 9.16 Concentration of atmospheric CO2 from the
present to 160,000 years ago. (A) Past atmospheric CO2 con-
centrations, determined from bubbles trapped in glacial ice
in Antarctica, were much lower than current levels. (B) In
the last 1000 years, the rise in CO2 concentration coincides
with the Industrial Revolution and the increased burning of
fossil fuels. (C) Current atmospheric concentrations of CO2
measured at Mauna Loa, Hawaii, continue to rise. The wavy

nature of the trace is caused by change in atmospheric CO2
concentrations associated with the growth of agricultural
crops. Each year the highest CO2 concentration is observed
in May, just before the Northern Hemisphere growing sea-
son, and the lowest concentration is observed in October.
(After Barnola et al. 1994, Keeling and Whorf 1994, Neftel et
al. 1994, and Keeling et al. 1995.)



The greenhouse effect. The consequences of this increase
in atmospheric CO2 are under intense scrutiny by scientists
and government agencies, particularly because of predic-
tions that the greenhouse effect is altering the world’s cli-
mate. The term greenhouse effect refers to the resulting warm-
ing of Earth’s climate, which is caused by the trapping of
long-wavelength radiation by the atmosphere.

A greenhouse roof transmits visible light, which is
absorbed by plants and other surfaces inside the green-
house. The absorbed light energy is converted to heat, and
part of it is re-emitted as long-wavelength radiation.
Because glass transmits long-wavelength radiation very
poorly, this radiation cannot leave the greenhouse through
the glass roof, and the greenhouse heats up.

Certain gases in the atmosphere, particularly CO2 and
methane, play the same role as the glass roof in a greenhouse.
The increased CO2 concentration and temperature associated
with the greenhouse effect can influence photosynthesis. At
current atmospheric CO2 concentrations, photosynthesis in
C3 plants is CO2 limited (as we will discuss later in the chap-
ter), but this situation could change as atmospheric CO2 con-
centrations continue to rise. Under laboratory conditions,
most C3 plants grow 30 to 60% faster when CO2 concentra-
tion is doubled (to 600–700 ppm), and the growth rate
changes depend on nutrient status (Bowes 1993). In some
plants the enhanced growth is only temporary.

For many crops, such as tomatoes, lettuce, cucumbers,
and roses growing in greenhouses under optimal nutrition,
carbon dioxide enrichment in the greenhouse environment
results in increased productivity. The photosynthetic per-
formance of C3 plants under elevated CO2 is enhanced
because photorespiration decreases (see Chapter 8).

Diffusion of CO2 to the Chloroplast Is Essential to
Photosynthesis
For photosynthesis to occur, carbon dioxide must diffuse
from the atmosphere into the leaf and into the carboxyla-
tion site of rubisco. Because diffusion rates depend on con-
centration gradients (see Chapters 3 and 6), appropriate
gradients are needed to ensure adequate diffusion of CO2
from the leaf surface to the chloroplast.

The cuticle that covers the leaf is nearly impermeable to
CO2, so the main port of entry of CO2 into the leaf is the
stomatal pore. CO2 diffuses through the pore into the sub-
stomatal cavity and into the intercellular air spaces
between the mesophyll cells. This portion of the diffusion
path of CO2 into the chloroplast is a gaseous phase. The
remainder of the diffusion path to the chloroplast is a liq-
uid phase, which begins at the water layer that wets the
walls of the mesophyll cells and continues through the
plasma membrane, the cytosol, and the chloroplast. (For
the properties of CO2 in solution, see Web Topic 8.3.)

Each portion of this diffusion pathway imposes a resis-
tance to CO2 diffusion, so the supply of CO2 for photosyn-
thesis meets a series of different points of resistance (Fig-
ure 9.17). An evaluation of the magnitude of each point of

resistance is helpful for understanding CO2 limitations to
photosynthesis.

Carbon dioxide enters the intercellular air spaces of the
leaf through the stomatal pores. From the air spaces it dis-
solves in the water of wet cell walls and diffuses into the
cell and chloroplast. The same path is traveled in the
reverse direction by H2O.

The sharing of this pathway by CO2 and water presents
the plant with a functional dilemma. In air of high relative
humidity, the diffusion gradient that drives water loss is
about 50 times larger than the gradient that drives CO2
uptake. In drier air, this gradient can be even larger. There-
fore, a decrease in stomatal resistance through the opening
of stomata facilitates higher CO2 uptake but is unavoidably
accompanied by substantial water loss.

Recall from Chapter 4 that the gas phase of CO2 diffu-
sion into the leaf can be divided into three components—
the boundary layer, the stomata, and the intercellular
spaces of the leaf—each of which imposes a resistance to
CO2 diffusion (see Figure 9.17).

The boundary layer consists of relatively unstirred air at
the leaf surface, and its resistance to diffusion is called the
boundary layer resistance. The magnitude of the bound-
ary layer resistance decreases with leaf size and wind
speed. The boundary layer resistance to water and CO2 dif-
fusion is physically related to the boundary layer resistance
to sensible heat loss discussed earlier.

Smaller leaves have a lower boundary layer resistance to
CO2 and water diffusion, and to sensible heat loss. Leaves
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of desert plants are usually small, facilitating sensible heat
loss. The large leaves often found in the humid Tropics can
have large boundary layer resistances, but these leaves can
dissipate the radiation heat load by evaporative cooling
because of the high transpiration rates made possible by the
abundant water supply in these habitats.

After diffusing through the boundary layer, CO2 enters
the leaf through the stomatal pores, which impose the next
type of resistance in the diffusion pathway, the stomatal
resistance. Under most conditions in nature, in which the
air around a leaf is seldom completely still, the boundary
layer resistance is much smaller than the stomatal resis-
tance, and the main limitation to CO2 diffusion is imposed
by the stomatal resistance.

There is also a resistance to CO2 diffusion in the air
spaces that separate the substomatal cavity from the walls
of the mesophyll cells, called the intercellular air space
resistance. This resistance is also usually small—causing a
drop of 0.5 Pa or less in partial pressure of CO2, compared
with the 36 Pa outside the leaf.

The resistance to CO2 diffusion of the liquid phase—the
liquid phase resistance, also called mesophyll resistance—
encompasses diffusion from the intercellular leaf spaces to
the carboxylation sites in the chloroplast. This point of resis-
tance to CO2 diffusion has been calculated as approximately
one-tenth of the combined boundary layer resistance and
stomatal resistance when the stomata are fully open. This low
resistance value can be attributed in part to the large surface
area of mesophyll cells exposed to the intercellular air spaces,
which can be as much as 10 to 30 times the projected leaf area
(Syvertsen et al. 1995). In addition, the localization of chloro-
plasts near the cell periphery minimizes the distance that CO2
diffuses to carboxylation sites within the chloroplast.

The positioning of chloroplasts and the relatively large
percentage of intercellular air space (about 20–40%) are
special anatomic features that facilitate the internal diffu-
sion and uptake of CO2 by leaves (Evans 1999). Because the
stomatal pores usually impose the largest resistance to CO2
uptake and water loss in the diffusion pathway, this regu-
lation provides the plant with an effective way to control
gas exchange between the leaf and the atmosphere. In
experimental measurements of gas exchange from leaves,
the boundary layer resistance and the intercellular air space
resistance are usually ignored, and the stomatal resistance
is used as the single parameter describing the gas phase
resistance to CO2 (see Web Topic 9.4).

Patterns of Light Absorption Generate Gradients
of CO2 Fixation within the Leaf
We have discussed how leaf anatomy is specialized for cap-
turing light and how it also facilitates the internal diffusion
of CO2, but where in the leaf do maximum rates of photo-
synthesis occur? In most leaves, light is preferentially
absorbed at the upper surface, whereas CO2 enters through
the lower surface. Given that light and CO2 enter from
opposing sides of the leaf, does photosynthesis occur uni-

formly within the leaf tissues, or is there a gradient in pho-
tosynthesis across the leaf? The photosynthetic properties
of a leaf are determined by the following:

• Profiles of light absorption across the mesophyll

• Photosynthetic capacity of those tissues

• Internal CO2 supply

For most leaves, internal CO2 diffusion is rapid, so lim-
itations on photosynthetic performance within the leaf are
imposed by factors other than CO2 supply. When white
light enters the upper surface of a leaf, blue and red pho-
tons are preferentially absorbed by chloroplasts near the
irradiated surface (Figure 9.18), owing to the strong absorp-
tion bands of chlorophyll in the blue and red regions of the
spectrum (see Figure 7.5). Green light, on the other hand,
penetrates deeper into the leaf. Compared to blue and red,
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chlorophyll absorbs poorly in the green (again, see Figure
7.5), yet green light is very effective in supplying energy for
photosynthesis in the tissues within the leaf depleted from
blue and red photons.

The capacity of the leaf tissue for photosynthetic CO2
assimilation depends to a large extent on its rubisco con-
tent. In spinach and the faba bean (Vicia faba), rubisco con-
tent starts out low at the top of the leaf, increases toward
the middle, and then decreases again toward the bottom.
As a result, the distribution of carbon fixation within the
leaf is bell shaped (Figure 9.19). The spongy mesophyll (see
Figure 9.4) fixes about 40% of the total carbon in spinach.
The functional significance of the rubisco distribution and
the profiles of carbon assimilation within leaves is not yet
known, although it is likely that photosynthesis profiles
vary in leaves with different anatomy and in leaves
adapted to different environments.

CO2 Imposes Limitations on Photosynthesis
Expressing photosynthetic rate as a function of the partial
pressure of CO2 in the intercellular air space (Ci) within the
leaf (see Web Topic 9.4) makes it possible to evaluate limi-
tations to photosynthesis imposed by CO2 supply. At very
low intercellular CO2 concentrations, photosynthesis is
strongly limited by the low CO2, while respiratory rates are
unaffected. As a result, there is a negative balance between

CO2 fixed by photosynthesis and CO2 produced by respi-
ration, and a net efflux of CO2 from the plant.

Increasing intercellular CO2 to the concentration at
which these two processes balance each other defines the
CO2 compensation point, at which the net efflux of CO2
from the plant is zero (Figure 9.20A). This concept is anal-
ogous to that of the light compensation point discussed
earlier in the chapter: The CO2 compensation point reflects the
balance between photosynthesis and respiration as a function of
CO2 concentration, and the light compensation point reflects that
balance as a function of photon flux.

In C3 plants, increasing CO2 above the compensation
point stimulates photosynthesis over a wide concentration
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compensation point. (From Berry and Downton 1982.)



range (see Figure 9.20A). At low to intermediate CO2 con-
centrations, photosynthesis is limited by the carboxylation
capacity of rubisco. At high CO2 concentrations, photosyn-
thesis is limited by the capacity of Calvin cycle to regener-
ate the acceptor molecule ribulose-1,5-bisphosphate, which
depends on electron transport rates. By regulating stomatal
conductance, most leaves appear to regulate their Ci (inter-
nal partial pressure for CO2) such that it is intermediate
between limitations imposed by carboxylation capacity and
the capacity to regenerate ribulose-1,5-bisphosphate.

A plot of CO2 assimilation as a function intercellular
partial pressures of CO2 tells us how photosynthesis is reg-
ulated by CO2, independent of the functioning of stomata
(Figure 9.20B). Inspection of such a plot for C3 and C4
plants reveals interesting differences between the two types
of carbon metabolism:

• In C4 plants, photosynthetic rates saturate at Ci values
of about 15 Pa, reflecting the effective CO2-concentrat-
ing mechanisms operating in these plants (see
Chapter 8).

• In C3 plants, increasing Ci levels continue to stimulate
photosynthesis over a much broader range.

These results indicate that C3 plants may benefit more
from ongoing increases in atmospheric CO2 concentrations
(see Figure 9.16). In contrast, photosynthesis in C4 plants is
CO2 saturated at low concentrations, and as a result C4
plants do not benefit from increases in atmospheric CO2
concentrations. Figure 9.20 also shows that plants with C4
metabolism have a CO2 compensation point of zero or
nearly zero, reflecting their very low levels of photorespi-
ration (see Chapter 8). This difference between C3 and C4
plants is not seen when the experiments are conducted at
low oxygen concentrations because oxygenation is also
suppressed in C3 plants.

CO2-Concentrating Mechanisms Affect
Photosynthetic Responses of Leaves
Because of the operating CO2-concentrating mechanisms in
C4 plants, CO2 concentration at the carboxylation sites
within C4 chloroplasts is often saturating for rubisco activ-
ity. As a result, plants with C4 metabolism need less rubisco
than C3 plants need to achieve a given rate of photosynthe-
sis, and require less nitrogen to grow (von Caemmerer 2000).

In addition, the CO2-concentrating mechanism allows
the leaf to maintain high photosynthetic rates at lower Ci
values, which require lower rates of stomatal conductance
for a given rate of photosynthesis. Thus, C4 plants can use
water and nitrogen more efficiently than C3 plants can. On
the other hand, the additional energy cost of the concen-
trating mechanism (see Chapter 8) makes C4 plants less
efficient in their utilization of light. This is probably one of
the reasons that most shade-adapted plants are C3 plants.

Many cacti and other succulent plants with CAM
metabolism open their stomata at night and close them

during the day (Figure 9.21). The CO2 taken up during the
night is fixed into malate (see Chapter 8). Because air tem-
peratures are much lower at night than during the day,
water loss is low and a significant amount of water is saved
relative to the amount of CO2 fixed.

The main constraint on CAM metabolism is that the
capacity to store malic acid is limited, and this limitation
restricts the amount of CO2 uptake. However, many CAM
plants can fix CO2 via the Calvin cycle at the end of the day,
when temperature gradients are less extreme.

Cladodes (flattened stems) of cacti can survive after
detachment from the plant for several months without
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FIGURE 9.21 Photosynthetic carbon assimilation, evapora-
tion, and stomatal conductance of a CAM plant, the cactus
Opuntia ficus-indica, during a 24-hour period. The whole
plant was kept in a gas exchange chamber in the laboratory.
The dark period is indicated by shaded areas. In contrast to
plants with C3 or C4 metabolism, CAM plants open their
stomata and fix CO2 at night. (From Gibson and Nobel 1986.)



water. Their stomata are closed all the time, and the CO2
released by respiration is refixed into malate. This process,
which has been called CAM idling, allows the plant to sur-
vive for prolonged periods of time while losing remarkably
little water.

Discrimination of Carbon Isotopes Reveals
Different Photosynthetic Pathways
Atmospheric CO2 contains the naturally occurring carbon
isotopes 12C, 13C, and 14C in the proportions 98.9%, 1.1%,
and 10–10%, respectively. 14CO2 is present in such small
quantities that it has no physiological relevance, but 13CO2
is different. The chemical properties of 13CO2 are identical
to those of 12CO2, but because of the slight difference in
mass (2.3%), most plants assimilate less 13CO2 than 12CO2.
In other words, plants discriminate against the heavier iso-
tope of carbon, and they have smaller ratios of 13C to 12C
than are found in atmospheric CO2. How effective are
plants at distinguishing between the two carbon isotopes?
Although discrimination against 13C is subtle, the isotope
composition of plants reveals a wealth of information.

Carbon isotope composition is measured by use of a
mass spectrometer, which yields the following ratio:

(9.1)

The isotope composition of plants, δ13C, is quantified on a
per mil (–‰) basis:

(9.2)

where the standard represents the carbon isotopes con-
tained in a fossil belemnite from the Pee Dee limestone for-
mation of South Carolina. The δ13C of atmospheric CO2 has
a value of –8 ‰, meaning that there is less 13C in the atmos-
pheric CO2 than is found in the carbonate of the belemnite
standard. What are some typical values for carbon isotope
ratios of plants? C3 plants have a δ13C of about –28 ‰; C4
plants have an average value of –14 ‰ (Farquhar et al.
1989). Both C3 and C4 plants have less 13C than the isotope
standard, which means that there has been a discrimination
against 13C during the photosynthetic process. 

Because the per mil calculation involves multiplying by
1000, the actual isotope discrimination is small. Nonethe-
less, differences in carbon isotope discrimination are easily
detectable with mass spectrometers. For example, measur-
ing the δ13C of table sugar (sucrose) makes it possible to
determine if the sucrose came from sugar beet (a C3 plant)
or sugarcane (a C4 plant).

What is the physiological basis for 13C depletion in
plants? One reason in both C3 and C4 plants is diffusion.
CO2 diffuses from air outside of the leaf to the carboxyla-
tion sites within leaves. Because 12CO2 is lighter than 13CO2,
it diffuses slightly faster toward the carboxylation site, cre-
ating an effective diffusion discrimination of –4.4 ‰. How-

ever, the largest isotope discrimination step is the carboxy-
lation reaction catalyzed by rubisco (Farquhar et al. 1989).

Rubisco has an intrinsic discrimination value against 13C
of –30 ‰. By contrast, PEP carboxylase, the primary CO2
fixation enzyme of C4 plants, has a much smaller isotope
discrimination effect (about –2 to –6 ‰). Thus the inherent
difference between the discrimination effects of the two car-
boxylating enzymes causes the different isotope composi-
tions observed in C3 and C4 plants (Farquhar et al. 1989).

Other physiological characteristics of plants affect isotope
composition. One factor is the partial pressure of CO2 in the
intercellular air spaces of leaves (Ci). In C3 plants the poten-
tial discrimination by rubisco of –30 ‰ is not fully expressed
because the availability of CO2 at the carboxylation site
becomes a limiting factor restricting the discrimination by
rubisco. More discrimination occurs when Ci is high, as
when stomata are open. Open stomata also facilitate water
loss. Thus, lower water use efficiency is correlated with
greater discrimination against 13C (Farquhar et al. 1989).

Fossil fuels have a δ13C of about –26 ‰ because the car-
bon in these deposits came from organisms that had a C3
carbon fixation pathway. Furthermore, measuring δ13C in
fossil, carbonate-containing soils and fossil teeth makes it
possible to determine that C4 photosynthesis developed and
became prevalent relatively recently (see Web Topic 9.5).

CAM plants can have δ13C values that are intermediate
between those of C3 and C4 plants. In CAM plants that fix
CO2 at night via PEP carboxylase, δ13C is similar to that of
C4 plants. However, when some CAM plants are well
watered, they switch to C3 mode by opening their stomata
and fixing CO2 during the day via rubisco. Under these
conditions the isotope composition shifts more toward that
of C3 plants. Thus the 13C/12C values of CAM plants reflect
how much carbon is fixed via the C3 pathway versus the
C4 pathway (see Web Topic 9.5).

Plants also fractionate other isotopes, such as 18O/16O
and 15N/14N, and the various patterns of isotope enrich-
ment or depletion can be used as indicators of particular
metabolic pathways or features. 

PHOTOSYNTHETIC RESPONSES 
TO TEMPERATURE
When photosynthetic rate is plotted as a function of tem-
perature, the curve has a characteristic bell shape (Figure
9.22). The ascending arm of the curve represents a tempera-
ture-dependent stimulation of photosynthesis up to an opti-
mum; the descending arm is associated with deleterious
effects, some of which are reversible while others are not.

Temperature affects all biochemical reactions of photo-
synthesis, so it is not surprising that the responses to tem-
perature are complex. We can gain insight into the under-
lying mechanisms by comparing photosynthetic rates in air
at normal and at high CO2 concentrations. At high CO2 (see
Figure 9.22A), there is an ample supply of CO2 at the car-
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boxylation sites, and the rate of photosynthesis is limited
primarily by biochemical reactions connected with electron
transport (see Chapter 7). In these conditions, temperature
changes have large effects on fixation rates.

At ambient CO2 concentrations (see Figure 9.22B), pho-
tosynthesis is limited by the activity of rubisco, and the
response reflects two conflicting processes: an increase in
carboxylation rate with temperature and a decrease in the
affinity of rubisco for CO2 as the temperature rises (see
Chapter 8). These opposing effects dampen the temperature
response of photosynthesis at ambient CO2 concentrations.

Respiration rates also increase as a function of temper-
ature, and the interaction between photorespiration and
photosynthesis becomes apparent in temperature re-
sponses. Figure 9.23 shows changes in quantum yield as
a function of temperature in a C3 plant and in a C4 plant. In
the C4 plant the quantum yield remains constant with tem-
perature, reflecting typical low rates of photorespiration.
In the C3 plant the quantum yield decreases with temper-
ature, reflecting a stimulation of photorespiration by tem-
perature and an ensuing higher energy demand per net
CO2 fixed.

At low temperatures, photosynthesis is often limited by
phosphate availability at the chloroplast (Sage and Sharkey

1987). When triose phosphates are exported from the
chloroplast to the cytosol, an equimolar amount of inor-
ganic phosphate is taken up via translocators in the chloro-
plast membrane.

If the rate of triose phosphate utilization in the cytosol
decreases, phosphate uptake into the chloroplast is inhib-
ited and photosynthesis becomes phosphate limited
(Geiger and Servaites 1994). Starch synthesis and sucrose
synthesis decrease rapidly with temperature, reducing the
demand for triose phosphates and causing the phosphate
limitation observed at low temperatures.

The highest photosynthetic rates seen in temperature
responses represent the so-called optimal temperature
response. When these temperatures are exceeded, photo-
synthetic rates decrease again. It has been argued that this
optimal temperature is the point at which the capacities of
the various steps of photosynthesis are optimally balanced,
with some of the steps becoming limiting as the tempera-
ture decreases or increases.

Optimal temperatures have strong genetic and physio-
logical components. Plants of different species growing in
habitats with different temperatures have different optimal
temperatures for photosynthesis, and plants of the same
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temperature at CO2 concentrations that saturate photosyn-
thetic CO2 assimilation (A) and at normal atmospheric CO2
concentrations (B). Photosynthesis depends strongly on
temperature at saturating CO2 concentrations. Note the sig-
nificantly higher photosynthetic rates at saturating CO2
concentrations. (Redrawn from Berry and Björkman 1980.)

0.02

0.00

0.04

0.06

0.08

0.10

15 20 25 30 35

Leaf temperature (°C)

 Q
u

an
tu

m
 y

ie
ld

 (
m

o
l C

O
2 

p
er

 a
b

so
rb

ed
 q

u
an

tu
m

)

4010

Atriplex rosea (C4 plant)

Encelia californica (C3 plant)

FIGURE 9.23 The quantum yield of photosynthetic carbon
fixation in a C3 plant and in a C4 plant as a function of leaf
temperature. In normal air, photorespiration increases with
temperature in C3 plants, and the energy cost of net CO2
fixation increases accordingly. This higher energy cost is
expressed in lower quantum yields at higher temperatures.
Because of the CO2 concentrating mechanisms of C4 plants,
photorespiration is low in these plants, and the quantum
yield does not show a temperature dependence. Note that
at lower temperatures the quantum yield of C3 plants is
higher than that of C4 plants, indicating that photosynthesis
in C3 plants is more efficient at lower temperatures. (From
Ehleringer and Björkman 1977.)



species, grown at different temperatures and then tested
for their photosynthetic responses, show temperature
optima that correlate with the temperature at which they
were grown. Plants growing at low temperatures maintain
higher photosynthetic rates at low temperatures than
plants grown at high temperatures.

These changes in photosynthetic properties in response
to temperature play an important role in plant adaptations
to different environments. Plants are remarkably plastic in
their adaptations to temperature. In the lower temperature
range, plants growing in alpine areas are capable of net CO2
uptake at temperatures close to 0°C; at the other extreme,
plants living in Death Valley, California, have optimal rates
of photosynthesis at temperatures approaching 50°C.

SUMMARY
Photosynthetic activity in the intact leaf is an integral
process that depends on many biochemical reactions. Dif-
ferent environmental factors can limit photosynthetic rates.

Leaf anatomy is highly specialized for light absorption,
and the properties of palisade and mesophyll cells ensure
uniform light absorption throughout the leaf. In addition
to the anatomic features of the leaf, chloroplast movements
within cells and solar tracking by the leaf blade help max-
imize light absorption. Light transmitted through upper
leaves is absorbed by leaves growing beneath them.

Many properties of the photosynthetic apparatus
change as a function of the available light, including the
light compensation point, which is higher in sun leaves
than in shade leaves. The linear portion of the light-
response curve for photosynthesis provides a measure of
the quantum yield of photosynthesis in the intact leaf. In
temperate areas, quantum yields of C3 plants are generally
higher than those of C4 plants.

Sunlight imposes a substantial heat load on the leaf,
which is dissipated back into the air by long-wavelength
radiation, by sensible heat loss, or by evaporative heat loss.
Increasing CO2 concentrations in the atmosphere are increas-
ing the heat load on the biosphere. This process could cause
damaging changes in the world’s climate, but it could also
reduce the CO2 limitations on photosynthesis. At high pho-
ton flux, photosynthesis in most plants is CO2 limited, but
the limitation is substantially lower in C4 and CAM plants
because of their CO2-concentrating mechanisms.

Diffusion of CO2 into the leaf is constrained by a series
of different points of resistance. The largest resistance is
usually that imposed by the stomata, so modulation of
stomatal apertures provides the plant with an effective
means of controlling water loss and CO2 uptake. Both
stomatal and nonstomatal factors affect CO2 limitations on
photosynthesis.

Temperature responses of photosynthesis reflect the
temperature sensitivity of the biochemical reactions of pho-
tosynthesis and are most pronounced at high CO2 concen-

trations. Because of the role of photorespiration, the quan-
tum yield is strongly dependent on temperature in C3
plants but is nearly independent of temperature in C4
plants.

Leaves growing in cold climates can maintain higher
photosynthetic rates at low temperatures than leaves grow-
ing in warmer climates. Leaves grown at high tempera-
tures perform better at high temperatures than leaves
grown at low temperatures do. Functional changes in the
photosynthetic apparatus in response to prevailing tem-
peratures in their environment have an important effect on
the capacity of plants to live in diverse habitats.

Web Material

Web Topics
9.1 Working with Light

Amount, direction, and spectral quality are
important parameters for the measurement of
light.

9.2 Heat Dissipation from Leaves: The Bowen Ratio

Sensible heat loss and evaporative heat loss are
the most important processes in the regulation
of leaf temperature.

9.3 Working with Gases

This web topic explains how to work with mole
fractions and other physical parameters of gases.

9.4 Calculating Important Parameters in Leaf Gas
Exchange

Gas exchange methods allow us to measure pho-
tosynthesis and stomatal conductance in the
intact leaf.

9.5 Isotope Discrimination

The carbon isotope composition of plants
reveals a wealth of information.

Web Essay
9.1 The Xanthophyll Cycle

Molecular and biophysical studies are revealing
the role of the xanthophyll cycle on the photo-
protection of leaves.
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Translocation in the Phloem10
Chapter

SURVIVAL ON LAND POSES SOME SERIOUS CHALLENGES to ter-
restrial plants, foremost of which is the need to acquire and retain water.
In response to these environmental pressures, plants evolved roots and
leaves. Roots anchor the plant and absorb water and nutrients; leaves
absorb light and exchange gases. As plants increased in size, the roots
and leaves became increasingly separated from each other in space.
Thus, systems evolved for long-distance transport that allowed the
shoot and the root to efficiently exchange products of absorption and
assimilation.

You will recall from Chapters 4 and 6 that the xylem is the tissue that
transports water and minerals from the root system to the aerial portions
of the plant. The phloem is the tissue that translocates the products of
photosynthesis from mature leaves to areas of growth and storage,
including the roots. As we will see, the phloem also redistributes water
and various compounds throughout the plant body. These compounds,
some of which initially arrive in the mature leaves via the xylem, can be
either transferred out of the leaves without modification or metabolized
before redistribution.

The discussion that follows emphasizes translocation in the phloem
of angiosperms because most of the research has been conducted on that
group of plants. Gymnosperms will be compared briefly to angiosperms
in terms of the anatomy of their conducting cells and possible differences
in their mechanism of translocation. First we will examine some aspects
of translocation in the phloem that have been researched extensively and
are thought to be well understood. These include the pathway and pat-
terns of translocation, materials translocated in the phloem, and rates of
movement.

In the second part of the chapter we will explore aspects of transloca-
tion in the phloem that need further investigation. Some of these areas,
such as phloem loading and unloading and the allocation and partition-
ing of photosynthetic products, are being studied intensively at present.



PATHWAYS OF TRANSLOCATION
The two long-distance transport pathways—the phloem
and the xylem—extend throughout the plant body. The
phloem is generally found on the outer side of both pri-
mary and secondary vascular tissues (Figures 10.1 and
10.2). In plants with secondary growth the phloem consti-
tutes the inner bark.

The cells of the phloem that conduct sugars and other
organic materials throughout the plant are called sieve ele-
ments. Sieve element is a comprehensive term that includes
both the highly differentiated sieve tube elements typical
of the angiosperms and the relatively unspecialized sieve
cells of gymnosperms. In addition to sieve elements, the
phloem tissue contains companion cells (discussed below)
and parenchyma cells (which store and release food mole-
cules). In some cases the phloem tissue also includes fibers
and sclereids (for protection and strengthening of the tis-
sue) and laticifers (latex-containing cells). However, only
the sieve elements are directly involved in translocation.

The small veins of leaves and the primary vascular bun-
dles of stems are often surrounded by a bundle sheath (see
Figure 10.1), which consists of one or more layers of com-
pactly arranged cells. (You will recall the bundle sheath
cells involved in C4 metabolism discussed in Chapter 8.) In
the vascular tissue of leaves, the bundle sheath surrounds
the small veins all the way to their ends, isolating the veins
from the intercellular spaces of the leaf.

We will begin our discussion of translocation pathways
with the experimental evidence demonstrating that the
sieve elements are the conducting cells in the phloem. Then
we will examine the structure and physiology of these
unusual plant cells.

Sugar Is Translocated in Phloem Sieve Elements
Early experiments on phloem transport date back to the
nineteenth century, indicating the importance of long-dis-
tance transport in plants (see Web Topic 10.1). These clas-
sical experiments demonstrated that removal of a ring of
bark around the trunk of a tree, which removes the
phloem, effectively stops sugar transport from the leaves
to the roots without altering water transport through the
xylem. When radioactive compounds became available,
radiolabeled 14CO2 was used to show that sugars made in
the photosynthetic process are translocated through the
phloem sieve elements (see Web Topic 10.1).

Mature Sieve Elements Are Living Cells Highly
Specialized for Translocation
Detailed knowledge of the ultrastructure of sieve elements
is critical to any discussion of the mechanism of transloca-
tion in the phloem. Mature sieve elements are unique
among living plant cells (Figures 10.3 and 10.4). They lack
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FIGURE 10.1 Transverse section of a vascular bundle of
trefoil, a clover (Trifolium). (130×) The primary phloem is
toward the outside of the stem. Both the primary phloem
and the primary xylem are surrounded by a bundle
sheath of thick-walled sclerenchyma cells, which isolate
the vascular tissue from the ground tissue. (© J. N. A.
Lott/Biological Photo Service.)
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FIGURE 10.2 Transverse section of a 3-year-old stem of an
ash (Fraxinus excelsior) tree. (27×) The numbers 1, 2, and 3
indicate growth rings in the secondary xylem. The old sec-
ondary phloem has been crushed by expansion of the
xylem. Only the most recent (innermost) layer of secondary
phloem is functional. (© P. Gates/Biological Photo Service.)



many structures normally found in living cells, even the
undifferentiated cells from which mature sieve elements
are formed. For example, sieve elements lose their nuclei
and tonoplasts (vacuolar membrane) during development.
Microfilaments, microtubules, Golgi bodies, and ribosomes
are also absent from the mature cells. In addition to the
plasma membrane, organelles that are retained include
somewhat modified mitochondria, plastids, and smooth
endoplasmic reticulum. The walls are nonlignified, though
they are secondarily thickened in some cases.

Thus the sieve elements have a cellular structure differ-
ent from that of tracheary elements of the xylem (which are
dead at maturity), lack a plasma membrane, and have lig-
nified secondary walls. As we will see, living cells are crit-
ical to the mechanism of translocation in the phloem.
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FIGURE 10.3 Schematic drawings of mature sieve
elements (sieve tube elements). (A) External view,
showing sieve plates and lateral sieve areas. (B)
Longitudinal section, showing two sieve tube ele-
ments joined together to form a sieve tube. The
pores in the sieve plates between the sieve tube ele-
ments are open channels for transport through the
sieve tube. The plasma membrane of a sieve tube
element is continuous with that of its neighboring
sieve tube element. Each sieve tube element is asso-
ciated with one or more companion cells, which
take over some of the essential metabolic functions
that are reduced or lost during differentiation of the
sieve tube elements. Note that the companion cell
has many cytoplasmic organelles, whereas the sieve
tube element has relatively few organelles. An ordi-
nary companion cell is depicted here.
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FIGURE 10.4 Electron micrograph of a transverse section of
ordinary companion cells and mature sieve tube elements.
(3600×) The cellular components are distributed along the
walls of the sieve tube elements. (From Warmbrodt 1985.)



Sieve Areas Are the Prominent Feature of Sieve
Elements
Sieve elements (sieve cells and sieve tube elements) have
characteristic sieve areas in their cell walls, where pores
interconnect the conducting cells (see Figure 10.5). The
sieve area pores range in diameter from less than 1 µm to
approximately 15 µm. Unlike sieve areas of gymnosperms,
the sieve areas of angiosperms can differentiate into sieve
plates (see Figure 10.5 and Table 10.1).

Sieve plates have larger pores than the other sieve areas
in the cell and are generally found on the end walls of sieve
tube elements, where the individual cells are joined
together to form a longitudinal series called a sieve tube
(see Figure 10.3). Furthermore, the sieve plate pores of sieve
tube elements are open channels that allow transport
between cells (see Figure 10.5).

In contrast, all of the sieve areas are more or less the same
in gymnosperms such as conifers. The pores of gymnosperm
sieve areas meet in large median cavities in the middle of the
wall. Smooth endoplasmic reticulum (SER) covers the sieve areas (Figure 10.6) and is continuous through the sieve pores

and median cavity, as indicated by ER-specific staining.
Observation of living material with confocal laser scanning
microscopy confirms that the observed distribution of SER
is not an artifact of fixation (Schulz 1992).

Deposition of P-Protein and Callose Seals Off
Damaged Sieve Elements
The sieve tube elements of most angiosperms are rich in a
phloem protein called P-protein (see Figure 10.3B) (Clark
et al. 1997). (In classical literature, P-protein was called
slime.) P-protein is found in all dicots and in many mono-
cots, and it is absent in gymnosperms. It occurs in several
different forms (tubular, fibrillar, granular, and crystalline)
depending on the species and maturity of the cell.

In immature cells, P-protein is most evident as discrete
bodies in the cytosol known as P-protein bodies. P-protein
bodies may be spheroidal, spindle-shaped, or twisted and
coiled. They generally disperse into tubular or fibrillar
forms during cell maturation.

P-proteins have been characterized at the molecular
level. For example, P-proteins from the genus Cucurbita
consist of two major proteins: PP1, the phloem filament
protein, and PP2, the phloem lectin. The gene that encodes
PP1 in pumpkin (Cucurbita maxima) has sequence similar-
ity to genes encoding cysteine proteinase inhibitors, sug-
gesting a possible role in defense against phloem-feeding
insects. Both PP1 and PP2 are thought to be synthesized in
companion cells (discussed in the next section) and trans-
ported via the plasmodesmata to the sieve elements, where
they associate to form P-protein filaments and P-protein
bodies (Clark et al. 1997).

P-protein appears to function in sealing off damaged
sieve elements by plugging up the sieve plate pores. Sieve
tubes are under very high internal turgor pressure, and the
sieve elements in a sieve tube are connected through open
sieve plate pores. When a sieve tube is cut or punctured,
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FIGURE 10.5 Sieve elements and open sieve plate pores. (A)
Electron micrograph of a longitudinal section of two
mature sieve elements (sieve tube elements), showing the
wall between the sieve elements (called a sieve plate) in the
hypocotyl of winter squash (Cucurbita maxima). (3685×) (B)
The inset shows sieve plate pores in face view (4280×). In
both images A and B, the sieve plate pores are open—that
is, unobstructed by P-protein. (From Evert 1982.)

TABLE 10.1
Characteristics of the two types of sieve elements in 
seed plants

Sieve tube elements found in angiosperms

1. Some sieve areas are differentiated into sieve plates;
individual sieve tube elements are joined together into a
sieve tube.

2. Sieve plate pores are open channels.
3. P-protein is present in all dicots and many monocots.
4. Companion cells are sources of ATP and perhaps other

compounds and, in some species, are transfer cells or
intermediary cells.

Sieve cells found in gymnosperms

1. There are no sieve plates; all sieve areas are similar.
2. Pores in sieve areas appear blocked with membranes
3. There is no P-protein.
4. Albuminous cells sometimes function as companion cells.

Parenchyma 
cell

Sieve 
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(B) (A)



the release of pressure causes the contents of the sieve ele-
ments to surge toward the cut end, from which the plant
could lose much sugar-rich phloem sap if there were no
sealing mechanism. (Sap is a general term used to refer to
the fluid contents of plant cells.) When surging occurs,
however, P-protein and other cellular inclusions are
trapped on the sieve plate pores, helping to seal the sieve
element and to prevent further loss of sap.

A longer-term solution to sieve tube damage is the pro-
duction of callose in the sieve pores. Callose, a β-1,3-glu-
can, is synthesized by an enzyme in the plasma membrane
and is deposited between the plasma membrane and the
cell wall. Callose is synthesized in functioning sieve ele-
ments in response to damage and other stresses, such as
mechanical stimulation and high temperatures, or in prepa-
ration for normal developmental events, such as dormancy.
The deposition of wound callose in the sieve pores effi-
ciently seals off damaged sieve elements from surrounding
intact tissue. As the sieve elements recover from damage,
the callose disappears from these pores.

Companion Cells Aid the Highly Specialized 
Sieve Elements
Each sieve tube element is associated with one or more
companion cells (see Figures 10.3B, 10.4, and 10.5). The
division of a single mother cell forms the sieve tube ele-
ment and the companion cell. Numerous plasmodesmata
(see Chapter 1) penetrate the walls between sieve tube ele-
ments and their companion cells, suggesting a close func-

tional relationship and a ready exchange of solutes
between the two cells. The plasmodesmata are often com-
plex and branched on the companion cell side.

Companion cells play a role in the transport of photo-
synthetic products from producing cells in mature leaves
to the sieve elements in the minor (small) veins of the leaf.
They are also thought to take over some of the critical
metabolic functions, such as protein synthesis, that are
reduced or lost during differentiation of the sieve elements
(Bostwick et al. 1992). In addition, the numerous mito-
chondria in companion cells may supply energy as ATP to
the sieve elements.

There are at least three different types of companion
cells in the minor veins of mature, exporting leaves: “ordi-
nary” companion cells, transfer cells, and intermediary
cells. All three cell types have dense cytoplasm and abun-
dant mitochondria.

Ordinary companion cells (Figure 10.7A) have chloro-
plasts with well-developed thylakoids and a cell wall with
a smooth inner surface. Of most significance, relatively few
plasmodesmata connect this type of companion cell to any
of the surrounding cells except its own sieve element. As a
result, the symplast of the sieve element and its compan-
ion cell is relatively, if not entirely, symplastically isolated
from that of surrounding cells.

Transfer cells are similar to ordinary companion cells,
except for the development of fingerlike wall ingrowths,
particularly on the cell walls that face away from the sieve
element (Figure 10.7B). These wall ingrowths greatly
increase the surface area of the plasma membrane, thus
increasing the potential for solute transfer across the mem-
brane.

Because of the scarcity of cytoplasmic connections to
surrounding cells and the wall ingrowths in transfer cells,
the ordinary companion cell and the transfer cell are
thought to be specialized for taking up solutes from the
apoplast or cell wall space. Xylem parenchyma cells can
also be modified as transfer cells, probably serving to
retrieve and reroute solutes moving in the xylem, which is
also part of the apoplast.

Though ordinary companion cells and transfer cells are
relatively isolated symplastically from surrounding cells,
there are some plasmodesmata in the walls of these cells.
The function of these plasmodesmata is not known. The
fact that they are present indicates that they must have a
function, and an important one, since the cost of having
them is high: They are the avenues by which viruses
become systemic in the plant. They are, however, difficult
to study because they are so inaccessible.

Intermediary cells appear well suited for taking up
solutes via cytoplasmic connections (Figure 10.7C). Inter-
mediary cells have numerous plasmodesmata connecting
them to surrounding cells, particularly to the bundle sheath
cells. Although the presence of many plasmodesmatal con-
nections to surrounding cells is their most characteristic
feature, intermediary cells are also distinctive in having
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FIGURE 10.6 Electron micrograph showing a sieve area (sa)
linking two sieve cells of a conifer (Pinus resinosa). Smooth
endoplasmic reticulum (SER) covers the sieve area on both
sides and is also found within the pores and the extended
median cavity. Plastids (P) are enclosed by the SER. (From
Schulz 1990.)
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numerous small vacuoles, as well as poorly developed thy-
lakoids and a lack of starch grains in the chloroplasts.

In general, ordinary companion cells and transfer cells
are found in plants that feature an apoplastic step in the
transfer of sugars from mesophyll cells to sieve elements.
Companion cells and transfer cells transfer sugars from the
apoplast to the symplast of the sieve elements and com-
panion cells in the source. Intermediary cells, on the other
hand, function in symplastic transport of sugars from mes-
ophyll cells to sieve elements in plants where no apoplas-
tic step appears to occur in the source leaf.

PATTERNS OF TRANSLOCATION:
SOURCE TO SINK
Sap in the phloem is not translocated exclusively in either
an upward or a downward direction, and translocation in

the phloem is not defined with respect to gravity. Rather,
sap is translocated from areas of supply, called sources, to
areas of metabolism or storage, called sinks.

Sources include any exporting organs, typically mature
leaves, that are capable of producing photosynthate in
excess of their own needs. The term photosynthate refers to
products of photosynthesis. Another type of source is a
storage organ during the exporting phase of its develop-
ment. For example, the storage root of the biennial wild
beet (Beta maritima) is a sink during the growing season of
the first year, when it accumulates sugars received from the
source leaves. During the second growing season the same
root becomes a source; the sugars are remobilized and uti-
lized to produce a new shoot, which ultimately becomes
reproductive.

It is noteworthy that cultivated varieties of beets have
been selected for the capacity of their roots to act as sinks
during all phases of development. Thus, roots of the cul-
tivated sugar beet (Beta vulgaris) can increase in dry mass
during both the first and the second growing seasons, so
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FIGURE 10.7 Electron micrographs of companion cells in
minor veins of mature leaves. (A) Three sieve elements
abut two intermediary cells and a more lightly stained ordi-
nary companion cell in a minor vein from Mimulus cardi-
nalis. (6585×) (B) A sieve element adjacent to a transfer cell
with numerous wall ingrowths in pea (Pisum sativum).
(8020×) Such ingrowths greatly increase the surface area of
the transfer cell’s plasma membrane, thus increasing the
transfer of materials from the mesophyll to the sieve ele-
ments. (C) A typical intermediary cell with numerous fields
of plasmodesmata (arrows) connecting it to neighboring
bundle sheath cells. These plasmodesmata are branched on
both sides, but the branches are longer and narrower on the
intermediary cell side. Minor-vein phloem was taken from
heartleaf maskflower (Alonsoa warscewiczii). (4700×) (A and
C from Turgeon et al. 1993, courtesy of R. Turgeon; B from
Brentwood 1978.)



the leaves serve as sources during both flowering and fruit-
ing stages.

Sinks include any nonphotosynthetic organs of the
plant and organs that do not produce enough photosyn-
thetic products to support their own growth or storage
needs. Roots, tubers, developing fruits, and immature
leaves, which must import carbohydrate for normal devel-
opment, are all examples of sink tissues. Both girdling and
labeling studies support the source-to-sink pattern of
translocation in the phloem.

Source-to-Sink Pathways Follow Anatomic and
Developmental Patterns
Although the overall pattern of transport in the phloem can
be stated simply as source-to-sink movement, the specific
pathways involved are often more complex. Not all sources
supply all sinks on a plant; rather, certain sources prefer-
entially supply specific sinks. In the case of herbaceous
plants, such as sugar beet and soybean, the following gen-
eralizations can be made.

Proximity. The proximity of the source to the sink is a
significant factor. The upper mature leaves on a plant usu-
ally provide photosynthates to the growing shoot tip and

young, immature leaves; the lower leaves supply predom-
inantly the root system. Intermediate leaves export in both
directions, bypassing the intervening mature leaves.

Development. The importance of various sinks may shift
during plant development. Whereas the root and shoot
apices are usually the major sinks during vegetative
growth, fruits generally become the dominant sinks dur-
ing reproductive development, particularly for adjacent
and other nearby leaves.

Vascular connections. Source leaves preferentially sup-
ply sinks with which they have direct vascular connections.
In the shoot system, for example, a given leaf is generally
connected via the vascular system to other leaves directly
above or below it on the stem. Such a vertical row of leaves
is called an orthostichy. The number of internodes between
leaves on the same orthostichy varies with the species. Fig-
ure 10.8A shows the three-dimensional structure of the
phloem in an internode of dahlia (Dahlia pinnata).

Modification of translocation pathways. Interference
with a translocation pathway by wounding or pruning can
alter the patterns established by proximity and vascular
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FIGURE 10.8 (A) Longitudinal view of a typical three-
dimensional structure of the phloem in a thick section
(from an internode of dahlia [Dahlia pinnata]). View here
after clearing, staining with aniline blue, and observing
under an epifluorescent microscope; the sieve plates are
seen as numerous small dots because of the yellow staining
of callosa in the sieve areas. Two large longitudinal vascu-
lar bundles are prominent. This staining reveals the delicate
sieve tubes forming the phloem network; two phloem anas-
tomoses are marked by arrows. (B) Distribution of radioac-
tivity from a single labeled source leaf in an intact plant.
The distribution of radioactivity in leaves of a sugar beet
plant (Beta vulgaris) was determined 1 week after 14CO2

was supplied for 4 hours to a single source leaf (arrow). The
degree of radioactive labeling is indicated by the intensity of
shading of the leaves. Leaves are numbered according to
their age; the youngest, newly emerged leaf is designated 1.
The 14C label was translocated mainly to the sink leaves
directly above the source leaf (that is, sink leaves on the
same orthostichy as the source; for example, leaves 1 and 6
are sink leaves directly above source leaf 14). (C) Same as B,
except all source leaves on the side of the plant opposite the
labeled leaf were removed 24 hours before labeling. Sink
leaves on both sides of the plant now receive 14C-labeled
assimilates from the source. (A courtesy of R. Aloni; B and C
based on data from Joy 1964.)
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connections that have been outlined here. In the absence of
direct connections between source and sink, vascular inter-
connections, called anastomoses (singular anastomosis) (see
Figure 10.8A), can provide an alternative pathway. In sugar
beet, for example, removing source leaves from one side of
the plant can bring about cross-transfer of photosynthates
to young leaves (sink leaves) on the pruned side (Figure
10.8C). Removal of the lower source leaves on a plant can
force the upper source leaves to translocate materials to the
roots, and removal of the upper source leaves can force
lower source leaves to translocate materials to the upper
parts of the plant.

The plasticity of the translocation pathway depends on
the extent of the interconnections between vascular bun-
dles and thus on the species and organs studied. In some
species the leaves on a branch with no fruits cannot trans-
port photosynthate to the fruits on an adjacent defoliated
branch. But in other plants, such as soybean (Glycine max),
photosynthate is transferred readily from a partly defruited
side to a partly defoliated side.

MATERIALS TRANSLOCATED IN THE
PHLOEM: SUCROSE, AMINO ACIDS,
HORMONES, AND SOME INORGANIC IONS
Water is the most abundant substance transported in the
phloem. Dissolved in the water are the translocated solutes,
mainly carbohydrates (Table 10.2). Sucrose is the sugar
most commonly transported in sieve elements. There is
always some sucrose in sieve element sap, and it can reach
concentrations of 0.3 to 0.9 M.

Nitrogen is found in the phloem largely in amino acids
and amides, especially glutamate and aspartate and their
respective amides, glutamine and asparagine. Reported
levels of amino acids and organic acids vary widely, even
for the same species, but they are usually low compared
with carbohydrates.

Almost all the endogenous plant hormones, including
auxin, gibberellins, cytokinins, and abscisic acid (see Chap-
ters 19, 20, 21, and 23), have been found in sieve elements.
The long-distance transport of hormones is thought to
occur at least partly in the sieve elements. Nucleotide phos-
phates and proteins have also been found in phloem sap.

Proteins found in the phloem include filamentous P-
proteins (which are involved in the sealing of wounded
sieve elements), protein kinases (protein phosphorylation),
thioredoxin (disulfide reduction), ubiquitin (protein
turnover), chaperones (protein folding), and protease
inhibitors (protection of phloem proteins from degradation
and defense against phloem-feeding insects) (Schobert et
al. 1995; Yoo et al. 2000).

Inorganic solutes that move in the phloem include
potassium, magnesium, phosphate, and chloride (see Table
10.2). In contrast, nitrate, calcium, sulfur, and iron are rela-
tively immobile in the phloem.

We will begin the discussion of phloem content with a
look at the methods used to identify materials translocated
in the phloem. We will then examine the translocated sug-
ars and the complexities of nitrogen transport in the plant.

Phloem Sap Can Be Collected and Analyzed
The collection of phloem sap has been experimentally chal-
lenging (see Web Topic 10.2). A few species exude phloem
sap from wounds that sever sieve elements, making it pos-
sible to collect relatively pure samples of phloem sap.
Another approach is to use the stylet of an aphid as a “nat-
ural syringe.”

Aphids are small insects that feed by inserting their
mouthparts, consisting of four tubular stylets, into a single
sieve element of a leaf or stem. Sap can be collected from
aphid stylets cut from the body of the insect, usually with
a laser, after the aphid has been anesthetized with CO2. The
high turgor pressure in the sieve element forces the cell
contents through the stylet to the cut end, where they can
be collected. Exudate from severed stylets provides a fairly
accurate picture of the composition of phloem sap (see Web
Topic 10.2). Exudation from severed stylets can continue
for hours, suggesting that the aphid prevents the plant’s
normal sealing mechanisms from operating.

Sugars Are Translocated in Nonreducing Form
Results from analyses of collected sap indicate that the
translocated carbohydrates are all nonreducing sugars.
Reducing sugars, such as glucose and fructose, contain an
exposed aldehyde or ketone group (Figure 10.9A). In a
nonreducing sugar, such as sucrose, the ketone or aldehyde
group is reduced to an alcohol or combined with a simi-
lar group on another sugar (Figure 10.9B). Most researchers
believe that the nonreducing sugars are the major com-
pounds translocated in the phloem because they are less
reactive than their reducing counterparts.

Sucrose is the most commonly translocated sugar; many
of the other mobile carbohydrates contain sucrose bound to
varying numbers of galactose molecules. Raffinose consists
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TABLE 10.2
The composition of phloem sap from castor bean 
(Ricinus communis), collected as an exudate from 
cuts in the phloem

Component Concentration (mg mL–1)

Sugars 80.0–106.0
Amino acids 5.2
Organic acids 2.0–3.2
Protein 1.45–2.20
Potassium 2.3–4.4
Chloride 0.355–0.675
Phosphate 0.350–0.550
Magnesium 0.109–0.122

Source: Hall and Baker 1972.
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FIGURE 10.9 Structures of com-
pounds not normally translo-
cated in the phloem (A) and of
compounds commonly translo-
cated in the phloem (B).



of sucrose and one galactose molecule, stachyose consists of
sucrose and two galactose molecules, and verbascose consists
of sucrose and three galactose molecules (see Figure 10.9B).
Translocated sugar alcohols include mannitol and sorbitol.

Phloem and Xylem Interact to Transport
Nitrogenous Compounds
Nitrogen is transported throughout the plant in either
inorganic or organic form, with the predominant form
depending on several factors, including the transport path-
way. Whereas nitrogen is transported in the phloem almost
entirely in organic form, in the xylem it can be transported
either as nitrate or as part of an organic molecule. (see
Chapter 12). Usually the same group of organic molecules
carries nitrogen in both the xylem and the phloem.

The form in which nitrogen is transported in the xylem
depends on the species studied. Species that do not form a
symbiotic association with nitrogen-fixing microorganisms
depend on soil nitrate as their major nitrogen source (see
Chapter 12). In the xylem of these species, nitrogen is usu-
ally present in the form of both nitrate and nitrogen-rich
organic molecules, particularly the amides asparagine and
glutamine (see Figure 10.9B).

Species with nitrogen-fixing nodules on their roots (see
Chapter 12) depend on atmospheric nitrogen, rather than
on soil nitrate, as their major nitrogen source. After being
converted to an organic form, this nitrogen is transported
in the xylem to the shoot, usually in the form of amides or
ureides such as allantoin, allantoic acid, or citrulline (see
Figure 10.9B).

Whenever nitrogen is assimilated into organic com-
pounds in the roots, both the energy and the carbon skele-
tons required for assimilation are derived from photosyn-
thates transported to the roots via the phloem. Nitrogen
levels in mature leaves are quite stable, indicating that at
least some of the excess nitrogen continuously arriving via
the xylem is redistributed via the phloem to fruits or
younger leaves. (See Web Topic 10.3 for information on
nitrogen transport in the soybean.)

Finally, levels of nitrogenous compounds in the phloem
are quite high during leaf senescence. In woody species,
senescing leaves mobilize and export nitrogenous com-
pounds to the woody tissues for storage; in herbaceous
plants nitrogen is exported generally to the seeds. Other
solutes, such as mineral ions, are redistributed from senesc-
ing leaves in the same manner.

RATES OF MOVEMENT
The rate of movement of materials in the sieve elements can
be expressed in two ways: as velocity, the linear distance
traveled per unit time, or as mass transfer rate, the quantity
of material passing through a given cross section of phloem
or sieve elements per unit time. Mass transfer rates based
on the cross-sectional area of the sieve elements are pre-

ferred because the sieve elements are the conducting cells
of the phloem. Values for mass transfer rate range from 1 to
15 g h–1 cm–2 of sieve elements (see Web Topic 10.4).

In early publications reporting on rates of transport in
the phloem, the units of velocity were centimeters per hour
(cm h–1), and the units of mass transfer were grams per
hour per square centimeter (g h–1 cm–2) of phloem or sieve
elements. The currently preferred units (SI units) are meters
(m) or millimeters (mm) for length, seconds (s) for time,
and kilograms (kg) for mass.

Velocities of Phloem Transport Far Exceed the
Rate of Diffusion
Both velocities and mass transfer rates can be measured
with radioactive tracers. (Methods of measuring mass
transfer rates are described in Web Topic 10.4.) In the sim-
plest type of experiment for measuring velocity, 11C- or 14C-
labeled CO2 is applied for a brief period of time to a source
leaf (pulse labeling), and the arrival of label at a sink tissue
or at a particular point along the pathway is monitored
with an appropriate detector.

The length of the translocation pathway divided by the
time interval required for label to be first detected at the
sink yields a measure of velocity. A more accurate mea-
surement of velocity is obtained from monitoring the
arrival of label at two points along the pathway. This
method excludes from the measurement the time required
for fixation of labeled carbon by photosynthesis, for its
incorporation into transport sugar, and for accumulation
of sugar in the sieve elements of the source leaf.

In general, velocities measured by a variety of tech-
niques average about 1 m h–1 and range from 0.3 to 1.5 m
h–1 (30–150 cm h–1). Transport velocities in the phloem are
clearly quite high, well in excess of the rate of diffusion
over long distances. Any proposed mechanism of phloem
translocation must account for these high velocities.

THE MECHANISM OF TRANSLOCATION 
IN THE PHLOEM: THE PRESSURE-FLOW
MODEL
The mechanism of phloem translocation in angiosperms is
best explained by the pressure-flow model, which accounts
for most of the experimental and structural data currently
available. We will see in this discussion that the pressure-
flow model explains phloem translocation as a flow of solu-
tion (bulk flow) driven by an osmotically generated pres-
sure gradient between source and sink.

In early research on phloem translocation, both active and
passive mechanisms were considered. All theories, both
active and passive, assume an energy requirement in both
sources and sinks. In sources, energy is necessary to move
photosynthate from producing cells into the sieve elements.
This movement of photosynthate is called phloem loading, and
it is discussed in detail later in the chapter. In sinks, energy is
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essential for some aspects of movement from sieve elements
to sink cells, which store or metabolize the sugar. This move-
ment of photosynthate from sieve elements to sink cells is
called phloem unloading and will also be discussed later.

The passive mechanisms of phloem transport further
assume that energy is required in the sieve elements of the
path between sources and sinks simply to maintain struc-
tures such as the cell plasma membrane and to recover sug-
ars lost from the phloem by leakage. The pressure-flow
model is an example of a passive mechanism. The active
theories, on the other hand, postulate an additional expen-
diture of energy by path sieve elements in order to drive
translocation itself (Zimmermann and Milburn 1975).

A Pressure Gradient Drives Translocation
Diffusion is far too slow to account for the velocities of
solute movement observed in the phloem. Translocation
velocities average 1 m h–1; the rate of diffusion is 1 m per
32 years! (See Chapter 3 for a discussion of diffusion veloc-
ities and the distances over which diffusion is an effective
transport mechanism.)

The pressure-flow model, first proposed by Ernst
Münch in 1930, states that a flow of solution in the sieve
elements is driven by an osmotically generated pressure gra-
dient between source and sink (∆Yp). The pressure gradi-
ent is established as a consequence of phloem loading at
the source and phloem unloading at the sink.

Recall from Chapter 3 (Equation 3.6) that Yw = Ys + Yp;
that is, Yp = Yw − Ys. In source tissues, energy-driven
phloem loading leads to an accumulation of sugars in the
sieve elements, generating a low (negative) solute poten-
tial (∆Ys) and causing a steep drop in the water potential
(∆Yw). In response to the water potential gradient, water
enters the sieve elements and causes the turgor pressure
(Yp) to increase.

At the receiving end of the translocation pathway,
phloem unloading leads to a lower sugar concentration in
the sieve elements, generating a higher (more positive)
solute potential in the sieve elements of sink tissues. As the
water potential of the phloem rises above that of the xylem,
water tends to leave the phloem in response to the water
potential gradient, causing a decrease in turgor pressure in
the sieve elements of the sink. Figure 10.10 illustrates the
pressure-flow hypothesis.

If no cross-walls were present in the translocation path-
way—that is, if the entire pathway were a single mem-
brane-enclosed compartment—the different pressures at
the source and sink would rapidly equilibrate. The pres-
ence of sieve plates greatly increases the resistance along
the pathway and results in the generation and mainte-
nance of a substantial pressure gradient in the sieve ele-
ments between source and sink. The sieve element con-
tents are physically pushed along the translocation
pathway as a bulk flow, much like water flowing through
a garden hose.

Close inspection of the water potential values shown in
Figure 10.10 shows that water in the phloem is moving against
a water potential gradient from source to sink. Such water
movement does not violate the laws of thermodynamics
because the water is moving by bulk flow rather than by
osmosis. That is, no membranes are crossed during trans-
port from one sieve tube to another, and solutes are mov-
ing at the same rate as the water molecules.

Under these conditions, the solute potential, Ys, cannot
contribute to the driving force for water movement,
although it still influences the water potential. Water move-
ment in the translocation pathway is therefore driven by the
pressure gradient rather than by the water potential gradi-
ent. Of course, the passive, pressure-driven, long-distance
translocation in the sieve tubes ultimately depends on the
active, short-distance transport mechanisms involved in
phloem loading and unloading. These active mechanisms
are responsible for setting up the pressure gradient.

The Predictions of the Pressure-Flow Model Have
Been Confirmed
Some important predictions emerge from the pressure-flow
model:

• The sieve plate pores must be unobstructed. If P-pro-
tein or other materials blocked the pores, the resistance
to flow of the sieve element sap would be too great.

• True bidirectional transport (i.e., simultaneous transport
in both directions) in a single sieve element cannot
occur. A mass flow of solution precludes such bidirec-
tional movement because a solution can flow in only
one direction in a pipe at any one time. Solutes within
the phloem can move bidirectionally, but in different
vascular bundles or in different sieve elements.

• Great expenditures of energy are not required in
order to drive translocation in the tissues along the
path, although energy is required to maintain the
structure of the sieve elements and to reload any sug-
ars lost to the apoplast by leakage. Therefore, treat-
ments that restrict the supply of ATP in the path,
such as low temperature, anoxia, and metabolic
inhibitors, should not stop translocation.

• The pressure-flow hypothesis demands the presence
of a positive pressure gradient. Turgor pressure must
be higher in sieve elements of sources than in sieve
elements of sinks, and the pressure difference must be
large enough to overcome the resistance of the path-
way and to maintain flow at the observed velocities.

The available evidence testing these predictions supports
the pressure-flow hypothesis.

Sieve Plate Pores Are Open Channels
Ultrastructural studies of sieve elements are challenging
because of the high internal pressure in these cells. When
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the phloem is excised or killed slowly with chemical fixa-
tives, the turgor pressure in the sieve elements is released.
The contents of the cell, including P-protein, surge toward
the point of pressure release and, in the case of sieve tube
elements, accumulate on the sieve plates. This accumula-
tion is probably the reason that many earlier electron
micrographs show sieve plates that are obstructed.

Newer, rapid freezing and fixation techniques provide
reliable pictures of undisturbed sieve elements. Electron
micrographs of sieve tube elements prepared by such tech-
niques show that P-protein is usually found along the
periphery of the sieve tube elements (see Figures 10.3, 10.4,
and 10.5), or it is evenly distributed throughout the lumen
of the cell. Furthermore, the pores contain P-protein in sim-
ilar positions, lining the pore or in a loose network. The
open condition of the pores, seen in many species, such as

cucurbits, sugar beet, and bean (e.g., see Figure 10.5), sup-
ports the pressure-flow model.

In addition to obtaining the structural evidence provided
by electron microscopy, it is important to determine whether
the sieve plate pores are open in the intact tissue. The use of
confocal laser scanning microscopy, which allows for the
direct observation of translocation through living sieve ele-
ments, addresses this question (Knoblauch and van Bel
1998). Such experiments show that the sieve plate pores of
living, translocating sieve elements are open (Figure 10.11).

Bidirectional Transport Cannot Be Seen in Single
Sieve Elements
Researchers have investigated bidirectional transport by
applying two different radiotracers to two source leaves,
one above the other (Eschrich 1975). Each leaf receives one
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of the tracers, and a point between the two sources is mon-
itored for the presence of both tracers. 

Transport in two directions has often been detected in
sieve elements of different vascular bundles in stems.
Transport in two directions has also been seen in adjacent
sieve elements of the same bundle in petioles. Bidirectional
transport in adjacent sieve elements can occur in the peti-
ole of a leaf that is undergoing the transition from sink to
source and simultaneously importing and exporting pho-
tosynthates through its petiole. However, simultaneous
bidirectional transport in a single sieve element has never
been demonstrated.

Translocation Rate Is Typically Insensitive to the
Energy Supply of the Path Tissues
In plants that can survive periods of low temperature, such
as sugar beet, rapidly chilling a short segment of the peti-

ole of a source leaf to approximately 1°C does not cause
sustained inhibition of mass transport out of the leaf (Fig-
ure 10.12). Rather, there is a brief period of inhibition, after
which transport slowly returns to the control rate. Chilling
reduces respiration rate and both the synthesis and the con-
sumption of ATP in the petiole by about 90%, at a time
when translocation has recovered and is proceeding nor-
mally. These experiments show that the energy require-
ment for transport through the pathway of these plants is
small, consistent with the pressure-flow hypothesis.

Extreme treatments that inhibit all energy metabolism
do inhibit translocation. For example, in bean (Phaseolus
vulgaris), treating the petiole of a source leaf with a meta-
bolic inhibitor (cyanide) inhibited translocation out of the

FIGURE 10.11 Translocation in living, functional sieve ele-
ments of a leaf attached to an intact broad bean (Vicia faba)
plant. (A) Two windows were sliced parallel to the epider-
mis on the lower side of the main vein of a mature leaf,
exposing the phloem tissue. The objective of the laser con-
focal microscope was positioned over the basal window. A
phloem-mobile fluorescent dye was added at the apical
window. If translocation occurred, the dye would become
visible in the microscope at the basal window of the leaf. In
this way it could be demonstrated that the sieve elements
being observed were alive and functional. (B) Phloem tis-
sue of bean doubly stained with a locally applied fluores-
cent dye (red) that primarily stains membranes, and a
translocated fluorescent dye (green). Protein (arrows)
deposited against the plasma membrane and the sieve plate
does not impede translocation. A crystalline P-protein body
(asterisk) is stained by the green dye. Plastids (arrowheads)
are evenly distributed around the periphery of the sieve
element. CC = companion cell, SP = sieve plate. See also
Web Topic 10.8. (From Knoblauch and van Bel 1998; cour-
tesy of A. van Bel.)
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leaf. However, examination of the treated tissue by electron
microscopy revealed blockage of the sieve plate pores by
cellular debris (Giaquinta and Geiger 1977). Clearly, these
results do not bear on the question of whether energy is
required for translocation along the pathway.

Pressure Gradients Are Sufficient to Drive a Mass
Flow of Solution
Turgor pressure in sieve elements can be either calculated
from the water potential and solute potential (Yp = Yw −
Ys) or measured directly. The most effective technique uses
micromanometers or pressure transducers sealed over
exuding aphid stylets (see Figure 10.2.A in Web Topic 10.2)
(Wright and Fisher 1980). The data obtained are accurate
because aphids pierce only a single sieve element, and the
plasma membrane apparently seals well around the aphid
stylet. When the turgor pressure of sieve elements is mea-
sured by this technique, the pressure at the source is higher
than that at the sink.

In soybean, the observed pressure difference between
source and sink has been shown to be sufficient to drive a
mass flow of solution through the pathway, taking into
account the path resistance (caused mainly by the sieve plate
pores), the path length, and the velocity of translocation
(Fisher 1978). The actual pressure difference between source
and sink was calculated from the water potential and solute
potential to be 0.41 MPa, and the pressure difference required
for translocation by pressure flow was calculated to be 0.12
to 0.46 MPa. Thus the observed pressure difference appears
to be sufficient to drive mass flow through the phloem.

We can therefore conclude that all the experiments and
data described here support the operation of pressure flow
in angiosperm phloem. The lack of an energy requirement
in the pathway and the presence of open sieve plate pores
provide definitive evidence for a mechanism in which the
path phloem is relatively passive. The failure to detect bidi-
rectional transport or motility proteins, as well as the pos-
itive data on pressure gradients, is in accord with the pres-
sure-flow hypothesis.

The Mechanism of Phloem Transport in
Gymnosperms May Be Different
Although pressure flow explains translocation in angio-
sperms, it may not be sufficient for gymnosperms. Very lit-
tle physiological information on gymnosperm phloem is
available, and speculation about translocation in these
species is based almost entirely on interpretations of elec-
tron micrographs. As discussed previously, the sieve cells
of gymnosperms are similar in many respects to sieve tube
elements of angiosperms, but the sieve areas of sieve cells
are relatively unspecialized and do not appear to consist of
open pores (see Figure 10.6).

The pores in gymnosperms are filled with numerous
membranes that are continuous with the smooth endoplas-
mic reticulum adjacent to the sieve areas. Such pores are
clearly inconsistent with the requirements of the pressure-
flow hypothesis. Although these electron micrographs might
be artifactual and fail to show conditions in the intact tissue,
translocation in gymnosperms might involve a different
mechanism—a possibility that requires further investigation.

PHLOEM LOADING: FROM
CHLOROPLASTS TO SIEVE ELEMENTS
Several transport steps are involved in the movement of
photosynthate from the mesophyll chloroplasts to the sieve
elements of mature leaves, which is called phloem loading
(Oparka and van Bel 1992):

1. Triose phosphate formed by photosynthesis during
the day (see Chapter 8) is transported from the
chloroplast to the cytosol, where it is converted to
sucrose. During the night, carbon from stored starch
exits the chloroplast probably in the form of glucose
and is converted to sucrose. (Other transport sugars
are later synthesized from sucrose in some species.)

2. Sucrose moves from the mesophyll cell to the vicinity
of the sieve elements in the smallest veins of the leaf
(Figure 10.13). This short-distance transport pathway
usually covers a distance of only two or three cell
diameters.

3. In a process called sieve element loading, sugars are
transported into the sieve elements and companion
cells. In most of the species studied so far, sugars
become more concentrated in the sieve elements and
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FIGURE 10.12 Loss of metabolic energy resulting from the
chilling of the leaf petiole partially reduces the rate of
translocation in sugar beet (Beta vulgaris), although translo-
cation rates recover with time. The fact that translocation
recovers when ATP production and utilization are largely
inhibited by chilling indicates that the energy requirement
for translocation is small. 14CO2 was supplied to a source
leaf, and a 2 cm portion of its petiole was chilled to 1°C.
Translocation was monitored by the arrival of 14C at a sink
leaf. (dm [decimeter] = 0.1 meter) (Data from Geiger and
Sovonick 1975.) 



companion cells than in the mesophyll. Note that with
respect to loading, the sieve elements and companion
cells are often considered a functional unit, called the
sieve element–companion cell complex. Once inside the
sieve elements, sucrose and other solutes are translo-
cated away from the source, a process known as
export. Translocation through the vascular system to
the sink is referred to as long-distance transport.

As discussed earlier, the processes of loading at the
source and unloading at the sink provide the driving force
that generates the pressure gradient pushing phloem sap
in long-distance transport and are thus of considerable
basic, as well as agricultural, importance. A thorough
understanding of these mechanisms should provide the
basis of technology aimed at enhancing crop productivity
by increasing the accumulation of photosynthate by edible
sink tissues, such as cereal grains.

Photosynthate Can Move from Mesophyll Cells to
the Sieve Elements via the Apoplast or the
Symplast
We have seen that solutes (mainly sugars) in source leaves
must move from the photosynthesizing cells in the meso-
phyll to the veins. Sugars might move entirely through the

symplast (cytoplasm) via the plasmodesmata, or they might
enter the apoplast at some point en route to the phloem (Fig-
ure 10.14). (See Figure 4.3 for a general description of the
symplast and apoplast.) In the latter case, the sugars are
actively loaded from the apoplast into the sieve elements and
companion cells by an energy-driven, selective transporter
located in the plasma membranes of these cells. In fact, the
apoplastic and symplastic routes are used in different species.

Early research on phloem loading focused on the
apoplastic pathway. Apoplastic phloem loading leads to
three basic predictions (Grusak et al. 1996): (1) Transported
sugars should be found in the apoplast; (2) in experiments
in which sugars are supplied to the apoplast, the exoge-
nously supplied sugars should accumulate in sieve ele-
ments and companion cells; and (3) inhibition of sugar
uptake from the apoplast should result in inhibition of
export from the leaf. Many studies devoted to testing these
predictions have provided solid evidence for apoplastic
loading in several species (see Web Topic 10.5).

Sucrose Uptake in the Apoplastic Pathway
Requires Metabolic Energy
In source leaves, sugars become more concentrated in the
sieve elements and companion cells than in the mesophyll.
This difference in solute concentration, found in most of the
species studied, can be demonstrated through measure-
ment of the osmotic potential (Ys) of the various cell types
in the leaf (see Chapter 3).

In sugar beet, the osmotic potential of the mesophyll is
approximately –1.3 MPa, and the osmotic potential of the
sieve elements and companion cells is about –3.0 MPa
(Geiger et al. 1973). Most of this difference in osmotic
potential is thought to result from accumulated sugar,
specifically sucrose because sucrose is the major transport
sugar in this species. Experimental studies have also
demonstrated that both externally supplied sucrose and
sucrose made from photosynthetic products accumulate in
the sieve elements and companion cells of the minor veins
of sugar beet source leaves (Figure 10.15).

The fact that sucrose is at a higher concentration in the
sieve element–companion cell complex than in surround-
ing cells indicates that sucrose is actively transported
against its chemical-potential gradient. The dependence of
sucrose accumulation on active transport is supported by
the fact that treating source tissue with respiratory
inhibitors both decreases ATP concentration and inhibits
loading of exogenous sugar. On the other hand, other
metabolites, such as organic acids and hormones, may
enter sieve elements passively (see Web Topic 10.6).

In the Apoplastic Pathway, Sieve Element Loading
Involves a Sucrose–H+ Symporter
A sucrose–H+ symporter is thought to mediate the trans-
port of sucrose from the apoplast into the sieve
element–companion cell complex. Recall from Chapter 6
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FIGURE 10.13 Electron micrograph showing the relation-
ship between the various cell types of a small vein in a
source leaf of sugar beet (Beta vulgaris). Photosynthetic
cells (mesophyll cells) surround the compactly arranged
cells of the bundle sheath layer. Photosynthate from the
mesophyll must move a distance equivalent to several cell
diameters before being loaded into the sieve elements.
(From Evert and Mierzwa 1985, courtesy of R. Evert.)



that symport is a secondary transport process that uses the
energy generated by the proton pump (see Figure 6.10A).
The energy dissipated by protons moving back into the cell
is coupled to the uptake of a substrate, in this case sucrose
(Figure 10.16).

High pH (low H+ concentration) in the apoplast reduces
the uptake of exogenous sucrose into the sieve elements
and companion cells of broad bean. This effect occurs
because a low proton concentration in the apoplast reduces
the driving force for proton diffusion into the symplast and
for the sucrose–H+ symporter.

Data from molecular studies support the operation of a
sucrose–H+ symporter in sieve element loading. Proton-
pumping ATPases, localized by immunological techniques,
have been found in the plasma membranes of companion
cells of Arabidopsis and in transfer cells of broad bean. In
transfer cells, the H+-ATPase molecules are most concen-
trated in the plasma membrane infoldings that face the
bundle sheath and phloem parenchyma cells (for details,
see Web Topic 10.7).

Such localization suggests that the function of these H+-
ATPases is to energize the transport of photosynthate from
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FIGURE 10.15 This autoradiograph shows that labeled sugar
moves from the apoplast into sieve elements and compan-
ion cells against its concentration gradient. A solution of
14C-labeled sucrose was applied for 30 minutes to the upper
surface of a sugar beet (Beta vulgaris) leaf that had previ-
ously been kept in darkness for 3 hours. The leaf cuticle was
removed to allow penetration of the solution to the interior
of the leaf. Label accumulates in the small veins, sieve ele-
ments, and companion cells of the source leaf, indicating the
ability of these cells to transport sucrose against its concen-
tration gradient. (From Fondy 1975, courtesy of D. Geiger.)
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FIGURE 10.14 Schematic diagram of pathways of phloem
loading in source leaves. In the totally symplastic pathway,
sugars move from one cell to another in the plasmodes-
mata, all the way from the mesophyll to the sieve elements.
In the partly apoplastic pathway, sugars enter the apoplast
at some point. For simplicity, sugars are shown here enter-
ing the apoplast near the sieve element–companion cell

complex, but they could also enter the apoplast earlier in
the path and then move to the small veins. In any case, the
sugars are actively loaded into the companion cells and
sieve elements from the apoplast. Sugars loaded into the
companion cells are thought to move through plasmodes-
mata into the sieve elements.



the apoplast to the sieve elements (Bouche-Pillon et al.
1994). Furthermore, the distribution of the H+-ATPases in
companion cells of Arabidopsis appears to be correlated with
the distribution of a sucrose–H+ symporter called SUC2
(DeWitt and Sussman 1995; Truernit and Sauer 1995). The
SUC2 transporter has also been localized in companion cells
of broad-leaved plantain, Plantago major (see Web Topic
10.7). H+-ATPases and sucrose–H+ symporters are some-

times co-localized in the plasma membranes of sieve ele-
ments (Langhans et al. 2001) rather than companion cells.

SUC2 is one of several sucrose–H+ symporters that have
been cloned and localized in the phloem (Table 10.3). The
carriers are found in plasma membranes of either sieve ele-
ments (SUT1, SUT2, and SUT4) or companion cells (SUC2).
Work with SUT1 has shown that the messenger RNAs for
symporters found in the sieve element membrane are syn-
thesized in the companion cells (Kuhn et al. 1997). This
finding agrees with the fact that sieve elements lack nuclei.
The symporter protein is probably also synthesized in the
companion cells, since ribosomes do not appear to persist
in mature sieve elements.

The roles played by the various carriers listed in Table
10.3 are still being elucidated. Most of the transporters are
found in source, path, and sink tissues. SUT1, characterized
as a high-affinity/low-capacity transporter found in the
minor veins of source tissues, appears to be important in
phloem loading. Potato plants transformed with antisense
DNA to SUT1 showed reduced transporter activity, a
reduction in root and tuber growth, and accumulation of
starch and lipids in source leaves (Schulz et al. 1998).

SUT1 is also thought to play a role in the retrieval of
sucrose lost in transit. The important role of SUT1 in
phloem loading appears to be complemented by SUT4, a
low-affinity/high-capacity carrier (Weise et al. 2000). SUT2,
on the other hand, appears to function as a sucrose sensor.
This is indicated by findings showing that SUT2 is more
highly expressed in sink and path tissues than in source
leaves, and by the similarity between many structural fea-
tures of SUT2 and yeast sugar sensors (Lalonde et al. 1999;
Barker et al. 2000). Finally, uptake into companion cells
appears to be the function of SUC2.

Regulating sucrose loading. The mechanisms that reg-
ulate the loading of sucrose from the apoplast to the sieve
elements by the sucrose–H+ symporter await characteri-
zation. Possible regulatory factors include the following:

• The solute potential or, more likely, the turgor pressure of
the sieve elements. A decrease in sieve element turgor
below a certain threshold would lead to a compen-
satory increase in loading.
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FIGURE 10.16 ATP-dependent sucrose transport in sieve
element loading. In the cotransport model of sucrose load-
ing into the symplast of the sieve element–companion cell
complex, the plasma membrane ATPase pumps protons out
of the cell into the apoplast, establishing a high proton con-
centration there. The energy in this proton gradient is then
used to drive the transport of sucrose into the symplast of
the sieve element–companion cell complex through a
sucrose–H+ symporter.

TABLE 10.3
Sucrose–H+ symporters in the phloem

Carrier Location Species Affinity Source

SUT1 Sieve elements Tobacco, tomato, potato High Kuhn et al. 1997
SUT2 Sieve elements Tomato Sensor Barker et al. 2000
SUT4 Sieve elements Arabidopsis, tomato, potato Low Weise et al. 2000
SUC2 Companion cells Arabidopsis, plantain — Truernit and Sauer, 1995;

Stadler et al. 1995



• Sucrose concentration in the apoplast. High sucrose con-
centrations in the apoplast would increase phloem
loading.

• The available number of symporter protein molecules. The
levels of SUT1 transporter mRNA and protein have
been shown to be lower after 15 hours of darkness
than after a light treatment. These data suggest that
the concentration of SUT1 transporter molecules
could regulate loading.

Other studies have shown that sucrose efflux into the
apoplast is enhanced by potassium availability in the
apoplast, suggesting that a better nutrient supply increases
translocation to sinks and enhances sink growth.

Phloem Loading Appears to Be Symplastic in
Plants with Intermediary Cells
As discussed earlier, many results point to apoplastic
phloem loading in species that have ordinary companion
cells or transfer cells in the minor veins, and that transport
only sucrose. On the other hand, a symplastic pathway has
become evident in species that transport raffinose and
stachyose in the phloem, in addition to sucrose, and that
have intermediary cells in the minor veins. Some examples
of such species are common coleus (Coleus blumei), squash
(Cucurbita pepo), and melon (Cucumis melo) (see Web Topic
10.8).

The operation of a symplastic pathway requires the pres-
ence of open plasmodesmata between the different cells in

the pathway. Many species have numerous plasmodesmata
at the interface between the sieve element–companion cell
complex and the surrounding cells (see Figure 10.7C), and
experimental studies have demonstrated symplastic conti-
nuity in source leaves of some species (see Web Topic 10.8).

The Polymer-Trapping Model Explains Symplastic
Loading in Source Leaves
The composition of sieve element sap is generally different
from the solute composition in tissues surrounding the
phloem. This difference indicates that certain sugars are
specifically selected for transport in the source leaf. The
involvement of symporters in apoplastic phloem loading
provides a clear mechanism for selectivity because sym-
porters are specific for certain sugar molecules. Symplastic
loading, on the other hand, depends on the diffusion of
sugars from the mesophyll to the sieve elements via the
plasmodesmata. It is more difficult to envision how diffu-
sion through plasmodesmata during symplastic loading
could be selective for certain sugars.

Furthermore, data from several species showing sym-
plastic loading indicate that sieve elements and companion
cells have a higher osmotic content than the mesophyll.
How could diffusion-dependent symplastic loading
account for the observed selectivity for transported mole-
cules and the accumulation of sugars against a concentra-
tion gradient?

The polymer-trapping model (Figure 10.17) has been
developed to address these questions (Turgeon and Gowan
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1990). This model states that the sucrose synthesized in the
mesophyll diffuses from the bundle sheath cells into the
intermediary cells through the abundant plasmodesmata
that connect the two cell types. In the intermediary cells,
raffinose and stachyose (polymers made of three and four
hexose sugars, respectively; see Figure 10.9B) are synthe-
sized from the transported sucrose and from galactose.
Because of the anatomy of the tissue and the relatively
large size of raffinose and stachyose, the polymers cannot
diffuse back into the bundle sheath cells, but they can dif-
fuse into the sieve element. Sucrose can continue to diffuse
into the intermediary cells because its synthesis in the mes-
ophyll and its utilization in the intermediary cells maintain
the concentration gradient (see Figure 10.17).

The polymer-trapping model makes three predictions:

1. Sucrose should be more concentrated in the meso-
phyll than in the intermediary cells.

2. The enzymes for raffinose and stachyose synthesis
should be preferentially located in the intermediary
cells.

3. The plasmodesmata linking the bundle sheath cells
and the intermediary cells should exclude molecules
larger than sucrose.

Many studies support the polymer-trapping model. For
instance, all of the enzymes required to synthesize stachyose
from sucrose have been found in intermediary cells. In
melon, raffinose and stachyose are present in high concen-
trations in intermediary cells, but not in mesophyll cells.

The Type of Phloem Loading Is Correlated with
Plant Family and with Climate
As discussed earlier, the operation of apoplastic and sym-
plastic phloem-loading pathways is correlated with the
transport sugar, the type of companion cell in the minor
veins, and the number of plasmodesmata connecting the
sieve elements and companion cells to the surrounding
photosynthetic cells (Table 10.4) (van Bel et al. 1992):

• Species showing apoplastic phloem loading translo-
cate sucrose almost exclusively, have either ordinary
companion cells or transfer cells in the minor veins,
and possess few connections between the sieve ele-
ment–companion cell complex and the surrounding
cells.

• Species having symplastic phloem loading translo-
cate oligosaccharides such as raffinose in addition to
sucrose, have intermediary-type companion cells in
the minor veins, and possess abundant connections
between the sieve element–companion cell complex
and the surrounding cells.

Plants that have abundant plasmodesmata between the
phloem and surrounding cells are often trees, shrubs, or
vines. Plants with few plasmodesmata at this interface are
more typically herbaceous plants. In general, plants with
abundant plasmodesmata between the phloem and sur-
rounding cells tend to be found in tropical and subtropical
regions, and plants with few plasmodesmata at this inter-
face tend to be found in temperate and arid climates.
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TABLE 10.4
Patterns in apoplastic and symplastic loading 

Apoplastic loading Symplastic loading 

Transport sugar Sucrose Oligosaccharides in addition to sucrose

Type of companion Ordinary companion cells Intermediary cells
cell in the minor veins or transfer cells

Number of plasmodesmata Few Abundant
connecting the sieve elements
and companion cells to 
surrounding cells

Source: Drawings after van Bel et al. 1992.
Note: Some species may load both apoplastically and symplastically, since different types of companion cells can be found
within the veins of a single species.
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There are, of course, intermediate cases and exceptions
to these generalizations. Some species with apoplastic load-
ing have more plasmodesmata linking their companion
cells to surrounding cells than might be predicted from
known apoplastically loading species (Goggin et al. 2001).
A number of species have more than one type of compan-
ion cell in their minor veins. For example, coleus has both
intermediary cells and ordinary companion cells. It has been
suggested that the symplastic and apoplastic pathways may
coexist in some species, simultaneously or at different times,
in different sieve elements in the same vein or in sieve ele-
ments in veins of different sizes (Turgeon et al. 2001).

Future research may reveal new loading pathways or
combinations of pathways (Flora and Madore 1996). Cer-
tainly, the evolution of different loading types and how
these types adapt species to their environment will be
important research areas in the future, as loading pathways
are clarified in more species.

PHLOEM UNLOADING AND SINK-TO-
SOURCE TRANSITION
Now that we have learned about the events leading up to
the export of sugars from sources, let’s take a look at
phloem unloading. In many ways the events in sink tissues
are simply the reverse of the events in sources. Transport
into sink organs, such as developing roots, tubers, and
reproductive structures, is termed import. The following
steps are involved in the import of sugars into sink cells.

1. Sieve element unloading. This is the process by which
imported sugars leave the sieve elements of sink tis-
sues.

2. Short-distance transport. After sieve element unloading,
the sugars are transported to cells in the sink by means
of a short-distance transport pathway. This pathway
has also been called post–sieve element transport.

3. Storage and metabolism. In the final step, sugars are
stored or metabolized in sink cells.

These three transport steps together constitute phloem
unloading, the movement of photosynthates from the sieve
elements and their distribution to the sink cells that store
or metabolize them (Oparka and van Bel 1992).

In this section we will discuss the following questions:
Is phloem unloading symplastic or apoplastic? Is sucrose
hydrolyzed during the process? Does phloem unloading
require energy? Finally, we will examine the transition
process by which a young, importing leaf becomes an
exporting source leaf.

Phloem Unloading Can Occur via Symplastic or
Apoplastic Pathways
In sink organs, sugars move from the sieve elements to the
cells that store or metabolize them. Sinks vary widely from

growing vegetative organs (root tips and young leaves) to
storage tissues (roots and stems) to organs of reproduction
and dispersal (fruits and seeds). Because sinks vary so
greatly in structure and function, there is no single scheme
of phloem unloading. As in sources, the sugars may move
entirely through the symplast via the plasmodesmata, or
they may enter the apoplast at some point.

Figure 10.18 diagrams several possible phloem-unloading
pathways. The unloading pathway appears to be completely
symplastic in some young dicot leaves, such as sugar beet
and tobacco (Figure 10.18A). Evidence for the symplastic
pathway of unloading includes insensitivity to PCMBS (p-
chloromercuribenzenesulfonic acid), a reagent that inhibits
the transport of sucrose across plasma membranes but does
not permeate the symplastic pathway. Meristematic and elon-
gating regions of primary root tips also appear to unload
symplastically. Sufficient plasmodesmata exist in these path-
ways to support symplastic unloading.

In some sink organs, part of the phloem-unloading
pathway is apoplastic (Figure 10.18B). In principle, the
apoplastic step could be located at the site of the sieve ele-
ment–companion cell complex (type 1 in Figure 10.18B),
although this pattern has yet to receive experimental sup-
port. The apoplastic step could also be farther removed
from the sieve elements (type 2). This arrangement, typical
of developing seeds, appears to be the most common in
apoplastic phloem unloading.

An apoplastic step is required in developing seeds
because there are no symplastic connections between the
maternal tissues and the tissues of the embryo. Sugars exit
the sieve elements (sieve element unloading) via a sym-
plastic pathway and are transferred from the symplast to
the apoplast at some point removed from the sieve ele-
ment–companion cell complex (type 2 in Figure 10.18B).
The apoplastic step permits membrane control over the
substances that enter the embryo because two membranes
must be crossed in the process.

When phloem unloading is apoplastic, the transport
sugar can be partly metabolized in the apoplast, or it can
cross the apoplast unchanged (see Web Topic 10.9). For
example, sucrose can be hydrolyzed into glucose and fruc-
tose in the apoplast by invertase, a sucrose-splitting
enzyme, and glucose and/or fructose would then enter the
sink cells. As we will discuss later, such sucrose-cleaving
enzymes play a role in the control of phloem transport by
sink tissues.

Transport into Sink Tissues Requires 
Metabolic Energy
Inhibitor studies have shown that import into sink tissues is
energy dependent. Growing leaves, roots, and storage sinks
in which carbon is stored in starch or protein utilize sym-
plastic phloem unloading. Transport sugars are used as sub-
strate for respiration and are metabolized into storage poly-
mers and into compounds needed for growth. Sucrose
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metabolism results in a low sucrose concentration in the sink
cells, thus maintaining a concentration gradient for sugar
uptake. No membranes are crossed during sugar uptake into
the sink cells, and unloading through the plasmodesmata is
passive because transport sugars move from a high concen-
tration in the sieve elements to a low concentration in the sink
cells. Metabolic energy is thus required in these sink organs
for respiration and for biosynthesis reactions.

In apoplastic phloem unloading, sugars must cross at
least two membranes: the plasma membrane of the cell that
is exporting the sugar, and the plasma membrane of the
sink cell. When sugars are transported into the vacuole of
the sink cell, they must also traverse the tonoplast.

As discussed earlier, transport across membranes in an
apoplastic pathway may be energy dependent. Developing
seeds are valuable experimental systems for studying
unloading processes. In legumes such as soybean, the
embryo can be removed from the seed, and unloading
from the seed coat into the apoplast can be studied with-
out the influence of the embryo. Uptake into the embryo
can also be investigated separately. Such studies have
shown that energy-requiring transporters mediate both
unloading of sucrose into the apoplast and uptake of
sucrose into the embryo in soybean (see Web Topic 10.10).

The Transition of a Leaf from Sink to 
Source Is Gradual
Leaves of dicots such as tomato or bean begin their devel-
opment as sink organs. A transition from sink to source sta-
tus occurs later in development, when the leaf is approxi-
mately 25% expanded, and it is usually complete when the
leaf is 40 to 50% expanded.

Export from the leaf begins at the tip or apex of the
blade and progresses toward the base until the whole leaf
becomes a sugar exporter. During the transition period, the
tip exports sugar while the base imports it from the other
source leaves (Figure 10.19).

The maturation of leaves is accompanied by a large
number of functional and anatomic changes, many of
which are needed for the export of photosynthate. The
sink-to-source transition is quite different in species with
apoplastic versus symplastic loading. In leaves with
apoplastic phloem loading, a drastic switch from a sym-
plastic unloading pathway to an apoplastic loading path-
way must be made.

In the development of a leaf that will load apoplastically,
the cessation of import and the initiation of export are inde-
pendent events (Turgeon 1984). In albino leaves of tobacco,
which have no chlorophyll and therefore are incapable of
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FIGURE 10.18 Pathways for phloem unloading. The sieve element–companion cell
complex (CC/SE) is considered a single functional unit. The presence of plasmo-
desmata is assumed to provide functional symplastic continuity. An absence of
plasmodesmata between cells indicates an apoplastic transport step. (A) Symplastic
phloem unloading. (B) Three types of apoplastic phloem unloading. (After Oparka
and van Bel 1992.)



photosynthesis, import stops at the same developmental
stage as in green leaves, even though export is not possible.
Therefore some other change must occur in developing
leaves of tobacco that causes them to cease importing sugars.

Such a change could involve blockage of the unloading
pathway at some point in the development of mature
leaves. In dicot sink leaves with symplastic unloading, fac-
tors that could account for the cessation of unloading
include plasmodesmatal closure, a decrease in plasmodes-
matal frequency, or another change in symplastic continu-
ity. Experimental data have shown that the unloading path-
way is blocked in mature leaves of apoplastic loaders.

Export of sugars begins when phloem loading has accu-
mulated sufficient photosynthate in the sieve elements to
drive translocation out of the leaf. In normal leaves with
apoplastic loading, export is initiated when

• The symplastic unloading pathway is closed.

• The leaf is synthesizing photosynthate in sufficient
quantity that some is available for export.

• The sucrose-synthesizing genes are being expressed.

• The sucrose–H+ symporter is in place in the plasma-
lemma of the sieve element–companion cell complex.

In leaves of plants like sugar beet and tobacco, the abil-
ity to accumulate exogenous [14C]sucrose in the sieve ele-
ment–companion cell complex is acquired as the leaves
undergo the sink-to-source transition, suggesting that the
symporter required for loading has become functional. In
developing leaves of Arabidopsis, expression of the sym-
porter that is thought to transport sugars during loading
begins in the tip and proceeds to the base during a sink-to-
source transition. The same basipetal pattern is seen in the
development of export capacity.

In tobacco and other Nicotiana species, the minor veins
that are eventually responsible for most of the loading do
not mature until about the time import ceases. Thus, sug-
ars are unloaded and loaded almost entirely via different
veins (Roberts et al. 1997).

In leaves in which the symplastic route for unloading is
maintained for loading, the transition from import to
export is to some extent reversible. In variegated leaves of
coleus that have both green and albino regions, the albino
portions of mature leaves retain many sinklike character-
istics. The green regions of the leaves can export photo-
synthate to the albino regions; if the green regions are
removed, the albino regions can import and unload sugars
from other mature leaves. 

PHOTOSYNTHATE ALLOCATION AND
PARTITIONING
The photosynthetic rate determines the total amount of
fixed carbon available to the leaf. However, the amount of
fixed carbon available for translocation depends on subse-
quent metabolic events. The regulation of the diversion of
fixed carbon into the various metabolic pathways is termed
allocation.

The vascular bundles in a plant form a system of pipes
that can direct the flow of photosynthates to various sinks:
young leaves, stems, roots, fruits, or seeds. However, the vas-
cular system is often highly interconnected, forming an open
network that allows source leaves to communicate with mul-
tiple sinks. Under these conditions, what determines the vol-
ume of flow to any given sink? The differential distribution
of photosynthates within the plant is termed partitioning.

After giving an overview of allocation and partitioning,
we will examine the coordination of starch and sucrose
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FIGURE 10.19 Autoradiographs of a leaf of summer squash
(Cucurbita pepo), showing the transition of the leaf from sink
to source status. In each case, the leaf imported 14C from
the source leaf on the plant for 2 hours. Label is visible as
black accumulations. (A) The entire leaf is a sink, importing

sugar from the source leaf. (B–D) The base is still a sink. As
the tip of the leaf loses the ability to unload and stops
importing sugar (as shown by the loss of black accumula-
tions), it gains the ability to load and to export sugar. (From
Turgeon and Webb 1973.)



synthesis. We will conclude by discussing how sinks com-
pete, how sink demand might regulate photosynthetic rate
in the source leaf, and how sources and sinks communicate
with each other.

Allocation Includes the Storage, Utilization, and
Transport of Fixed Carbon
The carbon fixed in a source cell can be used for storage,
metabolism, and transport:

• Synthesis of storage compounds. Starch is synthesized
and stored within chloroplasts and, in most species, is
the primary storage form that is mobilized for translo-
cation during the night. Plants that store carbon pri-
marily as starch are called starch storers.

• Metabolic utilization. Fixed carbon can be utilized
within various compartments of the photosynthesiz-
ing cell to meet the energy needs of the cell or to pro-
vide carbon skeletons for the synthesis of other com-
pounds required by the cell.

• Synthesis of transport compounds. Fixed carbon can be
incorporated into transport sugars for export to vari-
ous sink tissues. A portion of the transport sugar can
also be stored temporarily in the vacuole (see Web
Topic 10.9).

Allocation is also a key process in sink tissues. Once the
transport sugars have been unloaded and enter the sink
cells, they can remain as such or can be transformed into
various other compounds. In storage sinks, fixed carbon
can be accumulated as sucrose or hexose in vacuoles or as
starch in amyloplasts. In growing sinks, sugars can be uti-
lized for respiration and for the synthesis of other mole-
cules required for growth.

Transport Sugars Are Partitioned among the
Various Sink Tissues
The greater the ability of a sink to store or metabolize
imported sugars (the process of allocation), the greater its
ability to compete for photosynthate being exported by the
sources. Such competition determines the distribution of
transport sugars among the various sink tissues of the
plant (photosynthate partitioning), at least in the short
term.

Of course, events in sources and sinks must be syn-
chronized. Partitioning determines the patterns of growth,
and such growth must be balanced between shoot growth
(photosynthetic productivity) and root growth (water and
mineral uptake). So an additional level of control lies in the
interaction between areas of supply and demand.

Turgor pressure in the sieve elements could be an
important means of communication between sources and
sinks, acting to coordinate rates of loading and unloading.
Chemical messengers are also important in signaling to one
organ the status of the other. Such chemical messengers

include plant hormones and nutrients, such as potassium
and phosphate and even the transport sugars themselves.

Attainment of higher yields of crop plants is one goal of
research on photosynthate allocation and partitioning.
Whereas grains and fruits are examples of edible yields, total
yield includes inedible portions of the shoot. An under-
standing of partitioning enables plant breeders to select and
develop varieties that have improved transport to edible por-
tions of the plant. Significant improvements have been made
in the ratio of commercial or edible yield to total shoot yield.

Allocation and partitioning in the whole plant must be
coordinated such that increased transport to edible tissues
does not occur at the expense of other essential processes and
structures. Crop yield will also be improved if photosyn-
thates that are normally “lost” by the plant are retained. For
example, losses due to nonessential respiration or exudation
from roots could be reduced. In the latter case, care must be
taken not to disrupt essential processes outside the plant,
such as growth of beneficial microbial species in the vicin-
ity of the root that obtain nutrients from the root exudate.

Allocation in Source Leaves Is Regulated
Increases in the rate of photosynthesis in a source leaf gen-
erally result in an increase in the rate of translocation from
the source. Control points for the allocation of photosyn-
thate (Figure 10.20) include the allocation of triose phos-
phates to the following processes:

• Regeneration of intermediates in the C3 photosyn-
thetic carbon reduction cycle (the Calvin cycle; see
Chapter 8)

• Starch synthesis

• Sucrose synthesis, as well as distribution of sucrose
between transport and temporary storage pools

Various enzymes operate in the pathways that process the
photosynthate, and the control of these steps is complex
(Geiger and Servaites 1994.)

During the day the rate of starch synthesis in the chloro-
plast must be coordinated with sucrose synthesis in the
cytosol. Triose phosphates (glyceraldehyde-3-phosphate
and dihydroxyacetone phosphate) produced in the chloro-
plast by the C3 Calvin cycle (see Chapter 8) can be used for
either starch or sucrose synthesis. Sucrose synthesis in the
cytoplasm diverts triose phosphate away from starch syn-
thesis and storage. For example, it has been shown that
when the demand for sucrose by other parts of a soybean
plant is high, less carbon is stored as starch by the source
leaves. The key enzymes involved in the regulation of
sucrose synthesis in the cytoplasm and of starch synthesis
in the chloroplast are sucrose phosphate synthase and fruc-
tose-1,6-bisphosphatase in the cytoplasm and ADP-glucose
pyrophosphorylase in the chloroplast (see Chapter 8, Fig-
ure 10.20, and Web Topic 10.9).
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However, there is a limit to the amount of carbon that
normally can be diverted from starch synthesis in species
that store carbon primarily as starch. Studies of allocation
between starch and sucrose under different conditions sug-
gest that a fairly steady rate of translocation throughout the
24-hour period is a priority for most plants.

The use of mutants and transgenic plants enables us to
ask a new set of questions about allocation. For example,
what happens when one of the competing processes, such
as starch synthesis, is inhibited or even eliminated? The
results have revealed the amazing flexibility of plants. For
example, starch-deficient tobacco mutants synthesize only
trace amounts of starch but are able to compensate for a lack
of stored carbon by doubling the rate of sucrose synthesis
and export during the day and by switching most of their
growth to the day (Geiger et al. 1995). On the other hand,
plants with enhanced starch synthesis during the day often
export more of their fixed carbon during the night.

Sink Tissues Compete for Available Translocated
Photosynthate
As discussed earlier, translocation to sink tissues depends
on the position of the sink in relation to the source and on
the vascular connections between source and sink. Another
factor determining the pattern of transport is competition
between sinks. For example, reproductive tissues (seeds)
might compete with growing vegetative tissues (young
leaves and roots) for photosynthates in the translocation
stream. Competition has been shown by numerous exper-
iments in which removal of a sink tissue from a plant gen-
erally results in increased translocation to alternative, and
hence competing, sinks.

In the reverse type of experiment, the source supply can
be altered while the sink tissues are left intact. When the
supply of photosynthates from sources to competing sinks
is suddenly and drastically reduced by shading of all the
source leaves but one, the sink tissues become dependent
on a single source. In sugar beet and bean plants, the rates
of photosynthesis and export from the single remaining
source leaf usually do not change over the short term
(approximately 8 hours; Fondy and Geiger 1980). However,
the roots receive less sugar from the single source, while
the young leaves receive relatively more. Thus the young
leaves are stronger sinks than the roots in these conditions.
A stronger sink can deplete the sugar content of the sieve
elements more readily and thus increase the pressure gra-
dient and the rate of translocation toward itself.

An effect on the pressure gradient is also indicated indi-
rectly by experiments in which investigators enhance trans-
port to a sink by making the sink water potential more neg-
ative. Treatment of the root tips of pea seedlings with 350
mM mannitol solutions increased the import of
[14C]sucrose by more than 300%, presumably because of a
turgor decrease in the sink cells (Schulz 1994).

Sink Strength Is a Function of Sink Size and Sink
Activity
Various experiments indicate that the ability of a sink to
mobilize photosynthate toward itself, the sink strength,
depends on two factors—sink size and sink activity—as
follows:

Sink strength = sink size × sink activity

Sink size is the total weight of the sink tissue, and sink
activity is the rate of uptake of photosynthates per unit
weight of sink tissue. Altering either the size or the activ-
ity of the sink results in changes in translocation patterns.
For example, the ability of a pea pod to import carbon
depends on the dry weight of that pod as a proportion of
the total number of pods (Jeuffroy and Warembourg 1991).

Changes in sink activity can be complex because vari-
ous activities in sink tissues can potentially limit the rate of
uptake by the sink. These activities include unloading from
the sieve elements, metabolism in the cell wall, uptake from
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the apoplast, and metabolic processes that use the photo-
synthate in either growth or storage.

Cooling a sink tissue inhibits activities that require
metabolic energy and results in a decrease in the speed of
transport toward the sink. In corn, a mutant that has a
defective enzyme for starch synthesis in the kernels trans-
ports less material to the kernels than does its normal coun-
terpart (Koch et al. 1982). In this mutant, a deficiency in
photosynthate storage leads to an inhibition of transport.

Sink activity and thus sink strength are also thought to be
related to the presence and activity of the sucrose-splitting
enzymes acid invertase and sucrose synthase because they
catalyze the first step in sucrose utilization. Whether these
enzymes control sink strength or are simply correlated with
sink metabolism and growth is currently an active topic of
research. Interestingly, the genes for sucrose synthase and
invertase are among those regulated by carbohydrate sup-
ply. In general, carbohydrate depletion enhances the expres-
sion of genes for photosynthesis, reserve mobilization, and
export processes, while abundant carbon resources favor
genes for storage and utilization (Koch 1996).

However, the finding that different isoforms of sucrose
synthase, encoded by different genes, respond in opposite
ways to carbohydrate supply, indicates that the overall pic-
ture is complex. For example, the mRNA for one gene for
sucrose synthase in corn roots is widely distributed in root
tissues and is maximally expressed when sugars are abun-
dant. The mRNA of a second sucrose synthase gene is
most abundant in the epidermis and outer tissues of the
root and is maximally expressed under conditions of sugar
depletion. Thus, utilization of imported sugars is broadly
maximized when sugars are abundant, but when sugar
supply is low, utilization is increasingly restricted to sites
that are crucial for uptake of water and minerals (Koch et
al. 1996).

In addition, genes for invertase and sucrose synthase are
often expressed at different times during sink develop-
ment. In bean pods and corn kernels, changes in invertase
activity are found to precede changes in photosynthate
import. These results point to a key role of invertase and
sucrose synthase in controlling import patterns, both dur-
ing the genetic program of sink development and during
responses to environmental stresses (see Web Topic 10.9).

Changes in the Source-to-Sink Ratio Cause Long-
Term Alterations in the Source
If all but one of the source leaves of a soybean plant are
shaded for an extended period (e.g., 8 days), many changes
occur in the single remaining source leaf. These changes
include a decrease in starch concentration and increases in
photosynthetic rate, rubisco activity, sucrose concentration,
transport from the source, and orthophosphate concentra-
tion (Thorne and Koller 1974). These data indicate that,
besides the observed short-term changes in the distribution
of photosynthate among different sinks, the metabolism of

the source adjusts to the altered conditions in long-term
experiments.

Photosynthetic rate (the net amount of carbon fixed per
unit leaf area per unit time) often increases over several
days when sink demand increases, and it decreases when
sink demand decreases. Photosynthesis is most strongly
inhibited under conditions of reduced sink demand in
plants that normally store starch, rather than sucrose, dur-
ing the day. Perhaps an accumulation of photosynthate
(starch, sucrose, or hexoses) in the source leaf could
account for the linkage between sink demand and photo-
synthetic rate in starch-storing plants (see Web Topic
10.11).

Long-Distance Signals May Coordinate the
Activities of Sources and Sinks
Besides having a major function in the long-distance trans-
port of photosynthate, the phloem is a conduit for the
transport of signal molecules from one part of the organ-
ism to another. Signals between sources and sinks might be
physical (such as turgor pressure) or chemical (such as
plant hormones and carbohydrates). Signals indicating tur-
gor change could be transmitted rapidly via the intercon-
necting system of sieve elements.

For example, if phloem unloading were rapid under
conditions of rapid sugar utilization at the sink tissue, tur-
gor pressures in the sieve elements of sinks would be
reduced, and this reduction would be transmitted to the
sources. If loading were controlled in part by turgor in the
sieve elements of the source, it would increase in response
to this signal from the sinks. The opposite response would
be seen when unloading was slow in the sinks. Some data
suggest that cell turgor can modify the activity of the pro-
ton-pumping ATPase at the plasma membrane and there-
fore alter transport rates.

Shoots produce growth regulators such as auxin (see
Chapter 19), which can be rapidly transported to the roots
via the phloem; and roots produce cytokinins (see Chapter
21), which move to the shoots through the xylem. Gib-
berellins (GA) and abscisic acid (ABA) (see Chapters 20
and 23) are also transported throughout the plant in the
vascular system. Plant hormones play a role in regulating
source–sink relationships. They affect photosynthate par-
titioning by controlling sink growth, leaf senescence, and
other developmental processes.

Loading of sucrose in castor bean is stimulated by
exogenous auxin but inhibited by ABA, while exogenous
ABA enhances, and auxin inhibits, sucrose uptake by sugar
beet taproot tissue. Active transporters in plasma mem-
branes are obvious targets for regulation of apoplastic load-
ing and unloading by hormones. Other potential sites of
hormone regulation of unloading include tonoplast trans-
porters, enzymes for metabolism of incoming sucrose, wall
extensibility, and plasmodesmatal permeability in the case
of symplastic unloading (see the next section).
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As indicated earlier, carbohydrate levels can influence
the expression of encoding photosynthesis component
genes, as well as genes involved in sucrose hydrolysis.
Many genes have been shown to be responsive to sugar
depletion and abundance (Koch 1996). Thus, not only is
sucrose transported in the phloem, but sucrose or its
metabolites can act as signals that modify the activities of
sources and sinks. In sugar beet, for example,
proton–sucrose symporter activity declines in plasma
membrane vesicles isolated from source leaves fed exoge-
nous sucrose through the xylem.

The loss of symporter activity is accompanied by a
decline in symporter mRNA, suggesting an effect on tran-
scription or mRNA stability. A working model includes the
following steps: (1) Decreased sink demand leads to high
sucrose levels in the vascular tissue; (2) high sucrose levels
lead to down-regulation of the symporter in the source; (3)
decreased loading results in increased sucrose concentra-
tions in the source (Chiou and Bush 1998). Increased
sucrose concentrations in the source can result in a lower
photosynthetic rate (see Web Topic 10.11). An increase of
starch accumulation in source leaves of plants transformed
with antisense DNA to the sucrose symporter SUT1 also
supports this model (Schulz et al. 1998).

In some source–sink systems, sugars and other metabo-
lites have been shown to interact with hormonal signals to
control gene expression (Thomas and Rodriguez 1994).

Long-Distance Signals May Also Regulate Plant
Growth and Development
It has long been known that viruses can move in the
phloem, traveling as complexes of proteins and nucleic
acids or as intact virus particles. More recently, endogenous
mRNA molecules and proteins have been found in phloem
sap, and at least some of these are thought to be signal
molecules.

The following pathway appears to be open to the move-
ment of macromolecules over long distances: from com-
panion cells of sources to source sieve elements, through
the path to sink sieve elements, to companion cells of the
sink, and finally to cells of the sink itself.

Proteins synthesized in companion cells can clearly
enter the sieve elements through the plasmodesmata that
connect the two cell types. As noted earlier, both the SUT1
transporter in the plasma membrane of the sieve element
and P-proteins in cucurbit sap (PP1 and PP2) appear to be
synthesized in companion cells. The plasmodesmata con-
necting the companion cells and sieve elements must thus
allow these macromolecules to move across them. Viral
particles have been observed in the plasmodesmata.

Some of the proteins that enter sieve elements may sim-
ply diffuse through the plasmodesmata into the sieve ele-
ments, others may mediate their own cell-to-cell transport,
and yet others may be aided by specific control proteins
(Mezitt and Lucas 1996). Passive movement of proteins

from companion cells to sieve elements has been demon-
strated in Arabidopsis and tobacco plants, transformed with
the gene for a green fluorescent protein (GFP) from jellyfish,
under the control of the SUC2 promoter from Arabidopsis.

The SUC2 sucrose–H+ symporter is synthesized within
the companion cells, so proteins expressed under the con-
trol of its promoter are also synthesized in the companion
cells. GFP, which is localized by its fluorescence after exci-
tation with blue light, moves through plasmodesmata from
companion cells into sieve elements and migrates within
the phloem to sink tissues. Because jellyfish GFP is unlikely
to possess specific sequences for interaction with plas-
modesmatal structures, its movement into sieve elements
is likely to occur by passive diffusion (Imlau et al. 1999).

Once in the sieve elements, some proteins (e.g., SUT1)
are targeted to the plasma membrane or other cellular loca-
tions, while other proteins move with the translocation
stream to sink tissues. Proteins moving to sinks in the
phloem include the P-proteins PP1 and PP2. Subunits of P-
proteins from cucumber (Cucumis sativus) can move across
graft unions from the cucumber stock (basal graft partner)
to a pumpkin (Cucurbita maxima) scion (upper graft part-
ner). One experiment showed that the smaller PP2 protein
is able to move from the sieve elements to companion cells
of the scion stem; the larger PP1 was not detected in the
companion cells. Neither protein was able to move beyond
the sieve element–companion cell complex (Golecki et al.
1999). These proteins may be too large to pass through the
plasmodesmata that surround the sieve element–compan-
ion cell complex, or they may lack recognition factors allow-
ing interaction with the plasmodesmata (Oparka and Santa
Cruz 2000). In contrast, the jellyfish green fluorescent pro-
tein is unloaded symplastically through the plasmodesmata
into sink tissues, such as seed coats, anthers, root tips, and
mesophyll cells in importing leaves (Imlau et al. 1999).

Clearly, proteins can be transported from the compan-
ion cells in the source through the intervening sieve ele-
ments to sink companion cells. However, little evidence
exists for a similar movement of proteins synthesized out-
side the companion cells. Other signals from outside the
sieve element–companion cell complex may give rise to the
production of mobile proteins in the companion cells. Evi-
dence also exists for the translocation via the phloem of
mRNA molecules that are involved in sink tissue develop-
ment (Oparka and Santa Cruz 2000). To be assigned a sig-
naling role in plants, a macromolecule must be able to
leave the sieve element–companion cell complex in sink tis-
sues, and perhaps most importantly, it must be able to
modify the functions of specific cells in the sink (Oparka
and Santa Cruz 2000). Such demonstrations await the
results of future experimentation.

Plasmodesmata can exercise dynamic control of the
intercellular diffusion of small molecules (Lucas et al. 1993;
Baluska et al. 2001). RNA and protein also move from cell
to cell in plants via plasmodesmata. Virally encoded
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“movement proteins” interact directly with plasmodes-
mata to allow the passage of viral nucleic acids. Potato
plants transformed with the tobacco mosaic virus move-
ment protein show altered allocation patterns in source
leaves (Olesinski et al. 1996) and modified whole-plant par-
titioning patterns (Almon et al. 1997). The modification of
source leaf allocation depends on whether the movement
protein is expressed in mesophyll and bundle sheath cells
or in phloem parenchyma and companion cells.

Plasmodesmata have been implicated in nearly every
aspect of phloem translocation, from loading to long-dis-
tance transport (remember that pores in sieve areas and
sieve plates are modified plasmodesmata) to allocation and
partitioning. Future research on phloem translocation and
on the roles of plasmodesmata in plant growth and devel-
opment will surely go hand in hand.

SUMMARY
Translocation in the phloem is the movement of the prod-
ucts of photosynthesis from mature leaves to areas of
growth and storage. The phloem also redistributes water
and various compounds throughout the plant body.

Some aspects of phloem translocation have been well
established by extensive research over many years. These
include the following:

• The pathway of translocation. Sugars and other organic
materials are conducted throughout the plant in the
phloem, specifically in cells called sieve elements.
Sieve elements display a variety of structural adapta-
tions that make them well suited for transport.

• Patterns of translocation. Materials are translocated in
the phloem from sources (areas of photosynthate
supply) to sinks (areas of metabolism or storage of
photosynthate). Sources are usually mature leaves.
Sinks include organs such as roots and immature
leaves and fruits.

• Materials translocated in the phloem. The translocated
solutes are mainly carbohydrates, and sucrose is the
most commonly translocated sugar. Phloem sap also
contains other organic molecules, such as amino
acids, proteins, and plant hormones, as well as inor-
ganic ions.

• Rates of movement. Rates of movement in the phloem
are quite rapid, well in excess of rates of diffusion.
Velocities average 1 m h–1, and mass transfer rates
range from 1 to 15 g h–1 cm–2 of sieve elements.

Other aspects of phloem translocation require further
investigation, and most of these are being studied intensively
at the present time. These aspects include the following:

• Phloem loading and unloading. Transport of sugars into
and out of the sieve elements is called sieve element

loading and unloading, respectively. In some species,
sugars must enter the apoplast of the source leaf
before loading. In these plants, loading into the sieve
elements requires metabolic energy, provided in the
form of a proton gradient. In other species, the whole
pathway from the photosynthesizing cells to the sieve
elements occurs in the symplast of the source leaf. In
either case, phloem loading is specific for the trans-
ported sugar. Phloem unloading requires metabolic
energy, but the transport pathway, the site of metabo-
lism of transport sugars, and the site where energy is
expended vary with the organ and species.

• Mechanism of translocation. Pressure flow is well
accepted as the most probable mechanism of phloem
translocation. In this model the bulk flow of phloem
sap occurs in response to an osmotically generated
pressure gradient. A variety of structural and physio-
logical data indicate that materials are translocated in
the phloem of angiosperms by pressure flow. The
mechanism of translocation in gymnosperms requires
further investigation.

• Photosynthate allocation and partitioning. Allocation is
the regulation of the quantities of fixed carbon that are
channeled into various metabolic pathways. In
sources, the regulatory mechanisms of allocation
determine the quantities of fixed carbon that will be
stored (usually as starch), metabolized within the cells
of the source, or immediately transported to sink tis-
sues. In sinks, transport sugars are allocated to growth
processes or to storage. Partitioning is the differential
distribution of photosynthates within the whole plant.
Partitioning mechanisms determine the quantities of
fixed carbon delivered to specific sink tissues. Phloem
loading and unloading, and photosynthate allocation
and partitioning, are of great research interest because
of their roles in crop productivity.

Web Material

Web Topics
10.1 Classical Studies on Phloem Transport

Classical experiments illustrate some basic
properties of phloem transport.

10.2 Sampling Phloem Sap

Aphid stylets are optimally suited to sample
phloem sap.

10.3 Nitrogen Transport in Soybean

Nitrogen compounds synthesized in the roots
are transferred from the xylem to the phloem.

10.4 Monitoring Traffic on the Sugar Freeway

Sugar transport rates in the phloem are mea-
sured with radioactive tracers.
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10.5 Evidence for Apoplastic Loading of Sieve
Elements

Transgenic plants have provided experimental
support for apoplastic loading.

10.6 Some Substances Enter the Phloem by
Diffusion

Substances such as plant hormones might
enter the phloem by diffusion.

10.7 Localization of the Sucrose–H+ Symporter in
the Phloem of Apoplastic Loaders

The sucrose H+ symporter of companion cells
has been localized using fluorescent dyes.

10.8 Physiological Evidence for Symplastic
Continuity in Source Leaves

Fluorescent dyes have also been used to show
symplastic continuity in source leaves.

10.9 Sugars in the Phloem

The transport, allocation, and metabolism of
phloem sugars are tightly regulated.

10.10 Energy Requirements for Unloading in
Developing Seeds and Storage Organs

Unloading of seed storage sugars into the
embryo is mediated by active transporters.

10.11 Possible Mechanisms Linking Sink Demand
and Photosynthetic Rate in Starch Storers

Photosynthate accumulation increases sink
demand.
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